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Abstract

Both in physiological and pathological scenarios the physical properties of the
extracellular matrix have shown to play a crucial role in many cellular processes. Among
others, modifications in matrix rigidity and ligand density and expression have been
extensively reported in the literature to regulate cell response. Many efforts have been
devoted to unveil how cells sense and respond to matrix rigidity and ligand density but
the precise mechanisms of cell sensing remains elusive. The objective of this thesis has
been to explore the mechanisms that cells employ to sense matrix rigidity and ligand
spatial cues.
This thesis is organized in five chapters. The first chapter introduces the reader on the
different physical properties coming from the extracellular matrix, the involved molecular
players and the proposed mechanisms of cellular sensing. In the last section of the first
chapter, the most used techniques for mimicking matrix rigidity stimuli and the different
methods for protein functionalization of these fashions are discussed. In the second
chapter, a point-by-point list containing the aims of this thesis is found.
The third chapter includes the main published papers derived of this thesis. The first and
the second papers are collaborative works with the former post-doc of the laboratory, Dr.
Alberto Elosegui-Artola. In the first paper, (A. Elosegui-Artola, et al., Rigidity sensing
and adaptation through regulation of integrin types. Nature Materials. 13, pp.: 631-637,
2014) my contribution was to give technical assistance, mainly focused on plasmid
amplification and purification of the pentameric fibronectin used in the magnetic tweezers
experiments. In the second paper, (A. Elosegui-Artola, et al., Mechanical regulation of a
molecular clutch defines force transmission and transduction in response to matrix
rigidity. Nature Cell Biology. 18, pp.: 540-548, 2016) I improved the former protocol of
hydrogels preparation and protein conjugation. I characterized the new protocol by
quantifying the protein adsorption on the hydrogels and I also measured the stiffness of
the used hydrogels by means of atomic force microscopy. Finally, I prepared and
quantified the immunostaining of phospho-FAK. In both papers, I was also involved in
the corresponding scientific discussions, which set the foundation for the main work of
my thesis.

The third paper, (R. Oria et al., Force loading explains cell spatial sensing of ligand.
Nature. 552, pp.: 219–224. 2017) is my main work which has been conducted during
the entire period of this thesis. I developed a novel technique to precisely control matrix
rigidity and ligand density and distribution, and I designed and performed all experiments
(except for Cryo-SEM and AFM characterization of the substrates, and STORM
imaging). I contributed to expand the theoretical model to consider ligand spatial cues
and finally, together with my supervisor I wrote and discussed the published manuscript.
The fourth chapter includes a discussion of the presented results in the papers. Finally, in
the fifth chapter a list containing the main conclusions of the three works is presented.

Chapter 1: Introduction

1. Physicals signals of the cellular environment
The cellular environment, known as the extracellular matrix (ECM) is a polymeric
meshwork made of fibrous and proteoglycans, sequestered growth factors and a high
content of water which regulates cell fate in scenarios such as development, wound
healing or cancer [1-3]. The extracellular matrix apart from structural support also
provides physical and biochemical cues. These physical and biochemical cues are
intrinsically associated to the architecture and composition of the ECM. Although very
dynamic due to a constant remodeling, it presents organization and tissue-specificity,
resulting in well-defined mechanical properties, ligand density and distribution and
specific ECM molecules.
Changes on these mechano-chemical features, either in physiological or pathological
situations, play a crucial role in keeping or disrupting tissue homeostasis which eventually
dictates in a coordinate manner cell adhesion, migration and proliferation. For instance,
a common hallmark in cancer disease is an increase of the stroma matrix rigidity which
promotes tumor progression by means of enhancing mechanosignaling events.
Additionally, it has also been reported in the literature that aberrant expression of the
ECM molecules which are responsible for cellular attachment and spatial arrangement of
the ECM, impacts in many diseases [4, 5].
Taking that into account, the study of how the physical signals coming from the ECM
modulate cell response has gained interest in the last years. The most studied features are
the matrix rigidity and the ligand density and distribution, although other features such as
ECM porosity and/or topography are also recognized to influence cell behavior.
1.1 Matrix Rigidity
All human tissues have a unique signature in terms of rigidity, which ranges from tens of
Pa in the brain to GPa in the bone tissue (Fig.1a) [6]. This mechanical signal activates
intracellular signals, while still unclear, drives cell migration, proliferation, morphology,
and survival in developmental, wound healing and cancer situations. For instance, it has
been shown that matrix rigidity per se, influences the formation and commitment of
human embryonic stem cells on the germ layer into different cell lineages [7]. In this
study, they showed that different stiffness threshold promoted differentiation on each
germ layer. Similarly, naïve mesenchymal stem cells seeded on matrices of varied

rigidity, committed to the precise lineage of its physiological substrate rigidity [8]. Cells
showed specific neurogenic or osteogenic markers on brain and bone-mimicking
substrates, respectively (Fig.1b).

Figure 1: Tissue matrix rigidity impacts many cellular processes. (a) Drawing
showing the specific rigidities of different tissues in the human body. (b) Stem cells
seeded on substrates with different rigidities committed to specific lineages showing
neurogenic, myogenic and osteogenic markers (shown in green, nuclei in blue) Scale bar:
5µm. (c) Left: Histograms showing breast stroma rigidity in the central and the periphery
of the tumor in mouse tissue. Periphery regions are stiffer and more heterogeneous. Right:
Histological sections showing the difference in the deposition of collagen I in the central
and the periphery of the tumor. Periphery of the stroma shows a greater and heterogeneous
deposition of collagen I (in blue) compared to the core. Scale bar: 50µm Adapted and
extracted from [5, 6, 8]
In wound healing, fibroblast deposit ECM molecules such as fibrin or collagen [2]. Thus,
remodeling the ECM, this turns into precise chemical and mechanical properties of the
wound matrix. These mechanical properties contribute to guiding cells towards the wound
and also to promote their curing functions and differentiation [9]. Along this line,

gradients of matrix rigidity promote directed cell migration moving from soft to stiffer
matrices in a mechanism called durotaxis, both at the single and the collective cell level
[10, 11].
Importantly, in pancreatic cancer, desmoplastic stroma suffer changes in rigidity [12],
similarly in malignant gliomas [13] or in breast cancer [3, 5, 14], matrix rigidity increases
up to two orders of magnitude, in a very heterogeneous way though (Fig.1c). That
increase in matrix rigidity may stimulate mechano-sensitive pathways which are normally
associated with a vigorous tumor progression and poor prognosis. For instance, activation
of Hippo pathway due to matrix rigidity have shown to activate the transcriptional
regulator YAP, which implies its translocation from the cytosol to the nucleus (Fig. 2a).
Once there, binds and activates TEAD which has been shown to stimulate cell
proliferation or apoptotic resistance in cancers [15]. Another example is the Wnt pathway
with its key regulator β-catenin (Fig. 2b), which translocate to the nucleus upon both
increased matrix rigidity and compressive and exogenous mechanical forces [16, 17].

Figure 2: Hippo or Wnt pathways are sensitive to mechanical cues. (a)
Immunostaining of YAP in human mesenchymal stem cells plated on soft or stiff
substrates. YAP translocates to the nucleus in stiff substrates. Conversely, in soft
substrates it remained cytosolic. Nuclear YAP activates further cellular signaling and
reduction of YAP activation in cancer has shown to efficiently increase sensitivity of
chemotherapy and radiotherapy treatments. Scale bar: 15µm (b) Left images:
Compressive forces during epiboly movements in zebrafish induces in control embryos

(upper panel) nuclear β-catenin (in green, lower panel). Reduction of these forces using
blebbistatin blocks embryos at sphere, (right images, upper panel) releasing β-catenin into
the cytosol (lower panel). Scale bar: 20µm Extracted from [18, 19]
Additionally, it has also been shown that increase rigidity supports epithelial-tomesenchymal transition (EMT) response [20] . Moreover, recent studies have shown
that matrix rigidity also affected circadian rhythms in mammary gland, disrupting the
oscillatory 24 hours cycle of circadian clocks as rigidity increased [21]. Overall, matrix
rigidity and mechanical forces are major regulators of many cell processes.
1.2 ECM ligand composition, density and distribution
Within a tissue, ECM, presents a hierarchical structure, composed of a broad number of
ECM molecules, acting as a structural support and defining the spatial distribution and
biochemical cues. The most abundant are: fibrous proteins such as collagens or elastin,
and glycoproteins which includes laminin and fibronectin.
In pathological situations, overexpression of ECM proteins such as collagen, elastin or
fibronectin introduces changes in both ligand density and the spatial distribution, in
addition of different biochemical cues. Up to date, 28 types of collagens have been
discovered, being the most commons the type I, II and III [22]. Collagens are first
synthetized as microfibrils, for a subsequent fuse or grow into larger, longitudinal and
axially oriented fibrils. For instance, Atomic Force Microscopy (AFM) images of high
dense mammary breast, which is associated with higher risk of breast cancer, showed a
different spatial distribution of collagen fibers, with more aligned fibers in high than in
low dense breast (Fig. 3a-b). These alterations facilitate local invasion of tumor cells
through directing cell migration [23]. Analogously to the durotaxis mechanism, cells also
respond to gradients of ECM proteins such as laminin or fibronectin, moving from the
lower density to higher densities of ECM proteins, in a mechanism known as haptotaxis
[24, 25].

Figure 3: Importance of ligand composition and distribution. (a) Second harmonic
generation images, showing (x) axially oriented collagen fibers in invasive regions and
random oriented fibers in non-invasive areas (*). Scale bar: 25µm (b) Aberrant expression
of laminin and collagen in healthy and breast cancer tissue in mice models. In normal
tissue laminin-1 demarcates ducts, while collagen I localizes to the stroma. In invasive
ductal carcinoma, collagen I deposition dramatically increases and presents an irregular
assembly. Scale bar: 50µm (c) Immunostaining showing laminin deposition. ECM
molecules deposited by gastric adenocarcinoma and, keratinocytes cells show different
spatial distributions. Extracted from [5, 23, 26]
Additionally, while cells migrate, also rearrange and deposit ECM molecules that favored
changes in ECM distribution. For instance, it has been shown that collagen I assembly
requires active fibronectin fibrillogenesis by cells, and that fibronectin actuates as
scaffold for collagen assembly [27]. Once assembled, collagen prevents fibronectin to be
stretched.
This is important because fibronectin, which is a large glycoprotein that presents subunits
with several motifs for collagen, gelatin, fibrin and tenascin binding, when crosslink with
overexpressed tenascins C and W in the stroma of some altered tissues, inhibits the
interaction between syndecan4 and FN to endorse tumor growth and metastasis [28].
Importantly, fibronectin contains the RGD (Arginine-Glycine-Asparagine) motif [29]
which plays a crucial role for cell attachment by means of cell surface receptors such as
integrins. Bound integrins to fibronectin contribute in a force-dependent manner to
modify the conformation of fibronectin. When stretched, the so-called synergy site

(PHSRN) is exposed and accessible for integrin binding. The exposure of this binding
site, promotes mechanotransduction events via α5β1 integrins due to a higher binding
affinity compared with the integrin αvβ3 [29]. That, leads to an increase in bound α5β1
integrins, suggesting that may increase mechanical integrity in attached cells [30]. For
instance, that could be important in non-small lung carcinoma where fibronectin
overexpression stimulates cell proliferation through α5β1 integrins [31].
Laminin is mainly found in the basal lamina. Laminin interacts with other ECM proteins
and serves as binding sites for integrins and dystroglycan, among others. For instance, in
the basement membrane, self-assembly of collagen type IV (no fibrillary [32]) and
laminin, individually assembled into supramolecular structures [33]. It has been proved
that laminins contribute to more efficient migration in tumor cells in melanoma and
glioma. Recent studies showed that healthy cells deposit laminin in cloudy or rosette-like
patterns (Fig. 3c), in contrast to adenocarcinoma cells which showed more homogeneous
and fibrous structures [26]. Interestingly, embryonic hemocytes in Drosophila produce
laminins in a streak-like structure reinforcing directional migration in the embryo [34],
showing the importance of spatial arrangement of the ECM molecules. Additional
proteins in the ECM may include glycoproteins such as vitronectin, fibrillin or nidogens
[35, 36]
1.3 Additional physical signals
Topographic cues such as roughness or porosity have also shown to impact on cell fate.
While these features of the ECM are still unclear how affect cellular response in vivo, it
has gained interest in the field of regenerative medicine and tissue engineering. For
instance, osteoblast showed more adhesion, growth and proliferation as the surface
roughness increased, therefore being a key feature for integration of bone implants [37].
Additionally, coated surfaces with different densities of fibronectin have shown to
increase the roughness of the environment that cells feel which induced an increase in
membrane roughness and focal adhesion area [38]. Additionally, conformational changes
in ECM proteins due to different chemically functionalized surfaces also showed changes
in roughness, therefore impacting in cell behavior [39].
In terms of porosity, it has been shown that there is an optimal pore size for different
cellular activities such as neovascularization, fibroblast ingrowth or regeneration of bone
among others [40]. The pore size of this sort of substrates ranges from few to hundreds

of microns. On 2D planar matrices, several studies have reported controversial results on
how the porosity influences ligand distribution and consequently cell response. For
instance, polydimethylsiloxane (PDMS) and polyacrylamide substrates showed diverse
degrees of porosity. Polyacrylamide substrates showed an increase in porosity compared
to PDMS, leading to a less tethering of collagen fibers. That led to unstable focal adhesion
and a lesser amount of differentiation compared to more tether proteins in PDMS. That
was unaffected by substrate rigidity when using PDMS but not polyacrylamide hydrogels,
supporting that protein tethering could have a stronger effect compare to substrate rigidity
[41]. On the other hand, later study showed that changing the degree of porosity in
polyacrylamide hydrogels, therefore the protein tethering, did not affect cellular
differentiation confirming previous findings that rigidity itself can promote
differentiation [42]. Importantly, these studies also highlight the importance and the
difficulty to decouple combined effects of physical cues in the used setup.

2. Mechano-sensing through integrin-ECM adhesions
Adherent cells respond and adapt to the myriad of biochemical and mechanical stimulus
that the ECM provides through adherent structures. In this regard, mechanical cues have
been mainly associated with matrix rigidity and ligand composition. It is currently
accepted that the transformation of mechanical signals to biochemical signals should
involve proteins sensitive to force, termed as mechanosensors. These mechanosensors act
as potential readers of force applications coming from the ECM, which in turn, may
trigger further biochemical signals in a process called mechanotransduction [43, 44], to
eventually drive cell response. It is acknowledged that different structures such as
cadherins may act as mechanosensors [45], however in this chapter I will talk about
integrin-ECM mediated which has been the focus of study of this thesis.
2.1 Integrin-ECM mediated adhesions
The

most

studied

and

promising

candidates

for

mechanosensation

and

mechanotransduction are the integrin-ECM mediated adhesions. Integrin-ECM mediated
adhesions are proteins hubs between 0.1um to 10um length showing a hierarchical
arrangement and, a dynamic behavior which is modulated by association and
disassociation of more than 100 adhesions proteins [46]. They provide a mechanical
linkage between the ECM ligand and the actin cytoskeleton through the transmembrane
proteins integrins and adaptor proteins. Integrin-ECM mediated adhesions were first
observed in the beginning of 70’s using Electron Microscopy techniques [47]. At the very
first moment, these adhesions were associated to regions where the plasma membrane
became in contact with the underlying substrate, suggesting that they could be sites for
cellular attachment (Fig. 4a). For almost the next two decades, integrin-ECM mediated
adhesions were termed adhesion plaques, focal contacts or focal adhesions. Meanwhile
several adaptors proteins of these adhesions plaques were identified such as α-actinin,
vinculin and talin [48]. It was not until the late 80’s when integrins were identified as the
main players involved in cellular attachment [49]. Since then, extensive work has been
devoted to characterize how integrin-ECM mediated adhesions are organized and the
involved proteins. Recent studies employing super-resolution microscopy techniques
have provided a valuable data of the protein organization and interactions between these
proteins (Fig. 4b) [50, 51]. That has allowed defining three layers according to the
functionality of the located proteins along the z-axis. Integrins occupied the first 20nm

between the ECM and the plasma membrane. Above integrins, the first compartment
extends up to 55-60nm along the z-axis and is termed integrin signaling layer. It contains
adaptor proteins such as paxilin and FAK. The second layer, called force transduction
layer ranges between 60 and 85nm approximately and is basically composed of talin in
its unfolded state and vinculin, which binds talin to prevent its refolding and keep it
vertically. The third layer, moves from 80-85 to 150nm and is known as the actin
regulatory layer, basically contains VASP, zyxin and and α-actinin molecules [51]. While
the absolute height of these adhesions sites may change depending on cell type, provides
an interesting picture of the integrin-ECM adhesion hierarchy.

Figure 4: Integrin-ECM mediated adhesions and its organization. (a) First
observation of integrin-ECM mediated adhesions (arrow) chick heart fibroblasts using
electron microscopy technique. Scale bar: 0.2µm (b) Schematics showing the structure
and organization of some of the proteins located within integrin-ECM adhesions. Superresolution techniques have enable to accurately investigate at the nanometric level the
location and association of several adhesive proteins. Extracted from [47, 51]
According to its nature, integrin-ECM mediated adhesions can be classified as nascent
adhesions or focal complexes, focal adhesions and fibrillar adhesions, which differ in
composition and dynamics formation and stabilization [52].

Nascent adhesions or focal complexes are the most premature adhesions, which are
normally found at the very earlier stage of cell attachment at the cell periphery (Fig. 5).
Nascent adhesions are very dot-like structures made of clusters of 100nm with
approximately 50 activate integrins. The formation of these adhesions required the
presence of the head or the rod domain of talin and actin polymerization [53]. These
adhesions can increase up to 1µm length approximately, in the so-called focal complexes
[54]. Additional proteins such as α-actinin, paxillin and vinculin have also been found to
play a crucial role. Nascent adhesions form independently of the extracellular matrix
ligand and rigidity. Additionally, they do not precise actomyosin contractility, which
demonstrates that nascent adhesions are not driven by mechanical forces [53].
Nonetheless, their role in force transmission is still controversial. Some studies have
shown that small nascent adhesions can exert higher forces than stable and larger
adhesions while others have reported opposite findings [55-57]. Still, the involved
molecular players can be submitted to mechanical forces, for instance, FRET
measurements using a vinculin probe have shown that vinculin can be under high tension
in these adhesions [58]. On top of that, mechanical forces are responsible for the transition
between nascent adhesions to focal and fibrillar adhesions [59].

Figure 5: Morphological and compositional maturation of integrin-ECM mediated
adhesions. Upper panel: temporal dynamics and approximate size of adhesions as they
move from nascent to fibrillar adhesions. Size and stability increases from nascent to
fibrillar adhesions. The transition between nascent and fibrillar adhesions requires
contractile forces exerted by myosin. Low panel: some of the molecules involved in the
different adhesive-stages. Extracted from [52]

Focal adhesions while still dynamic can last for 10-20 min. They are more stable than
nascent adhesions [46, 54]. They present a flat and elongated structure that is several
microns in length (2-5µm), providing therefore a stronger adhesion to the substrate. A
broad number of adhesion proteins such as α-actinin, paxillin, FAK, vinculin and talin
among others have been reported on this sort of adhesion [52]. The formation of this kind
of focal adhesions is attributed to a mechanotransduction event, which eventually leads
to a strengthening of the adhesion site. This mechanotransduction event involves
conformational changes in force-sensitive proteins, such as talin and requires actomyosin
contractile forces.
Focal adhesions evolve to fibrillar adhesions, that require the presence of integrins α5β1
and cytoplasmic protein tensin [60], which may be 10µm in length. Fibrillar adhesions
are rarely observed both in migrating cells and in physiological scenarios however it has
shown to be fundamental in remodel the ECM and induce fibrillogenesis in in vitro
studies [61]
Along this line, several studies using 3D environments have shown that integrin-ECM
mediated adhesions differ in composition, size and length compare to 2D substrates (Fig.
6) [62]. On a very pioneer work, using 3D substrates authors proved that either β3 or
phosphorylated FAK were down-regulated compare to 2D matrices, supporting the idea
that the molecular players involved in 2D and 3D mechanosensing may change [63].
More recent study showed that length of β1-adhesions was significantly greater in 3D
than in 2D substrates [64]. On the other hand, a broad number of studies have revealed
that focal adhesion formation and growth is not promoted in 3D substrates. That has been
attributed to lower contractile forces and the fact of using non-fibrillar matrices. In this
respect, a recent study has shown that both fibrillar structures and substrate viscoelasticity
are required for focal adhesion formation. Authors claimed that forces through integrins
promote ECM remodeling, increasing fiber alignment. This fiber alignment promoted
integrin clustering and focal adhesion formation in 3D environments [65].

Figure 6: Composition and shape of 2D versus 3D adhesions. (a) Immunostaining
images of human fibroblasts on 3D and 2D substrates. In 3D substrates they show more
elongated and thinner adhesions, enriched in α5 integrins compared to 2D substrates
(upper panel) and down-regulation of β3 (low panel). (b) Immunofluorescence image on
mouse embryonic fibroblast showing changes in cell shape and adhesions in 2D versus
3D substrates. Cells in 2D substrates present more stress fibers (actin, showed in red) and
paxillin-enriched adhesions (showed in green) compared to 3D substrates. In 3D
substrates, cells present a filopodia-like structure with smaller adhesions (fibronectin
shown in blue). Scale bar: 20µm Extracted from [63, 66]
It should be mentioned that there are also additional structures such as invadopodia or
podosomes [67]. These are actin-rich structures that contain canonical proteins of
integrin-ECM mediated adhesions such as integrins, α-actinin and, paxillin. Compare
with focal adhesion, these types of adhesions have a crucial role in matrix degradation
and remodeling, therefore they will not be discussed.
2.2 Molecular players responsible for ECM sensing
In this section, the molecular players involved in integrin-ECM mediated adhesions and
their roles in sensing the physical features of the ECM will be discussed.
2.2.1 Connecting the ECM to cell surface receptors
Integrins
The first players involved in cellular sensing are surface receptors. Integrins are the most
studied and well-characterized proteins of cell-matrix adhesions. Integrins are

heterodimeric transmembrane proteins of non-covalently associated α and β subunits.
Until date there are 18 α and 8 β known subunits, which formed 24 different αβ
combinations. These combinations provide specificity for different ECM ligands (Fig.
7a) [68].
Crystallographic or Electron microscopy measurements have shown that integrins consist
of a large ectodomain, membrane spanning helices, and a short cytoplasmic tail [69].
Integrins bind to the ECM ligands via the ectodomain. The cytoplasmic tails allow further
interactions with adaptor proteins that cooperate in integrin activation such as talin [70]
and kindlin [71] or inhibition with filamin [72] to induce further mechano-signaling.
Integrins in a close bent conformation show a height of 11nm while they measure 20nm
in an extended conformation [69]. These conformational changes have some functional
meaning (Fig. 7b). In the bent conformation, integrins are in inactive state and exhibit a
low affinity for its ligand, whereas the extended-open conformation, active state, shows
a high affinity for its ligand. Between these two states, there is an intermediate
confirmation termed extended-closed headpiece conformation which shows mild affinity
for its ligand. [73].
The process is as follows: Once engaged to its ligand, the headpiece opens, followed by
the integrin activation and the leg separation. Then its β-cytoplasmic tail interacts with
adaptors proteins such as talin, which separates more the integrins legs and propagates
the conformational change to the headpiece. Therefore, thanks to its precise location and
nature, integrins allows integrating bidirectional signals in processes from outside-in
(ECM-cell) and inside-out (cell-ECM) [74].

Figure 7: Integrin family and integrin activation. (a) Integrins are heterodimeric
proteins which contained α and β subunits. The combinations of these subunits provide
molecular specificity for different ECM ligands. (b) Integrin activation and modifications
in binding affinities require conformational changes in integrins. In bent conformation,
integrins show low-affinity for the ECM ligand. In the extended conformation, integrins
present intermediate and high affinity. High affinity is ultimately achieved by the legs
separation in combination with adaptors proteins (shown in green and magenta) such as
talin or kindlin. Extracted [68, 75]
It is worth to mention that integrins are sensitive to force. Single Molecule experiments
have revealed that several integrins behave as a catch bond [76]. Catch bond is
characterized by a biphasic relationship between force and bond times, in which forces
prolong bond lifetimes up to a certain threshold. However, not all integrins may have the
same role. For instance, clusters of α5β1 allowed cells to support high matrix forces
whereas αvβ3 induce mechanotransuction by means of cytoskeleton-talin bonds [77]. A
recent study showed distinct dynamics of β1 and β3 integrins, while β3 integrins were
enriched and stationary in focal adhesions, β1 were less enriched and exhibit retrograde
movement [78]. In addition, diverse integrins can show different affinities for adaptor
proteins such as talin [79] .
Different studies have analyzed the role of integrin expression in different scenarios. For
instance, when mammary epithelial cells were seeded on gels of varied rigidity, integrin
clustering increased with rigidity, leading to more activated integrins and focal adhesion
formation. In a similar way, in some tumors overexpression of integrins is modified,
which changes the way that cells interact with the ECM [80]
2.2.2 Connecting integrins to actin cytoskeleton
Integrins do not bind directly to actin. To link the integrin-ECM adhesions to the actin
cytoskeleton, the presence of additional adaptor proteins is required. In the next part of
this section a few of these adaptor proteins and their role in integrin-ECM adhesions will
be explained.
Template for actin assembly: α-actinin
α-actinin presents 4 different isoforms, which shows specificity for tissue and species.
For instance, mutations in α-actinin 2 or 4 are associated with myopathies or kidney

diseases, respectively [81]. α-actinin is an antiparallel dimer which possesses a rod
domain of α-actinin consisting of four spectrin-like repeats which bind to the β-integrin
cytoplasmic tails; while the N-terminal globular domain binds to actin thus, allowing a
mechanical link between integrins and actin cytoskeleton [82]. α-actinin is an actin
crosslinker and has a pivotal role in the assembly of an actin-based template for
transitioning from nascent to mature adhesions. Good evidence is that, inhibition of αactinin in CHO.K1 cells showed small and more random-oriented actin filaments, which
correlated with no maturation of adhesions. Focal adhesions maturation was rescued
either by overexpressing α-actinin or a myosin mutant which binds actin but do not
present contractile activity. These results indicated that α-actinin and myosin promote the
formation of thick actin filaments required for adhesion maturation [83]. Additional
studies have shown that forces exerted by cells are transmitted via α-actinin through the
link of integrins to actin, resulting in focal adhesion maturation [57].
Talin: Activating integrins
Talin is one most studied protein for its role as a mechanosensor. Talin is a protein that
consists of a N-terminal globular head region and a large flexible C-terminal rod domain.
In its inactive form, talin is conformational autoinhibited by intramolecular head-to-rod
binding [84]. For instance, in prostate cancer there is an overexpression of talin [85], and
disorder in talin expression is involved in hematologic diseases [86].
Vertebrates encode two different isoforms, 1 and 2 and both show a slip-bond behavior
[84] thus, decreasing bond lifetimes as force increases. Talin allows the binding between
β-integrin tails with actin filaments. Talin is recruited in nascent adhesions, and recent
works has speculated that can act as a modular unit in conjunction with integrins to sense
ECM at very initial stages [53]. Additionally, talin is part of the machinery required for
integrin activation by disruption of the α and β integrin tails. When talin is not active,
several cryptic binding sites for actin, vinculin and integrins are found. Several studies
using force measurements have shown that talin unfold under force, exposing cryptic
binding sites for vinculin [87]. When unfolded, vinculin binds talin and prevent its
refolding [88, 89] therefore, promoting adhesion reinforcement and growth. A broad
number of studies have shown that mechanotransduction therefore, rigidity sensing, is
impaired when talin is depleted [77, 90]. In a recent study, authors created a FRET-based
sensor for measuring forces across talin [91]. First, they showed that talin was able to
withstand forces between 7 and 10pN. Second, deleting all the known binding sites for

vinculin led to a decrease in forces across talin, therefore proving that vinculin is
dispensable for talin mechanotransduction. Third, mutation of talin which prevented actin
interaction led to a drop in cellular forces and impairment of focal adhesion growth
although integrin activation was not affected.
Although is accepted that talin is necessary for adhesions growth and reinforcement, the
precise molecular mechanism of how and why adhesions grow when a talin-mediated
mechanotransduction events occur remained unknown.
2.2.3 Additional adaptor proteins
Helping integrin activation: Kindlins
Three different isoforms of kindlins are present in mammals with kindlin 1 and 2 found
in focal adhesions [92] and kindlin 3 in podosomes [93]. The precise structure of kindlin
is still elusive, but it has been shown to share many similarities with talin. In this regard,
kindlin as talin is an adaptor protein that directly binds the cytoplasmic integrin tails. The
connection between kindlin and actin is mediated via integrin-linked kinase and the
filamin binding protein migfilin [94], although one recent study has shown that at least
kindlin 2 binds directly to actin [95]. Regarding to its functionality in integrin-mediated
ECM adhesions, kindlin per se does not promote integrin activation and several
hypotheses have been proposed in that sense, but it is well-accepted that talin head,
kindlin and β-integrins tails form a synergistic module unit to work together in integrin
activation [71]. Additionally, β-integrin tails contain binding sites for integrin inhibitors
such as filamin that are shared with kindlin binding sites. Thus, kindlin can compete with
integrin inhibitors to coordinate integrin activation [94].
A recent study showed that depletion of talin or kindlin in fibroblast impaired integrin
activation. Additionally, they showed that kindlin binds and recruit paxillin to nascent
adhesions, this in turn activated FAK which induced cell spreading and activation of
kinases that promotes cell proliferation and survival [71]. Additionally, it has been also
showed that overexpression of kindlin correlate with an increase in elasticity in malignant
breast nodules, which may contribute to lymph node metastasis [96].
Vinculin: Reinforcing integrin-ECM mediated adhesions
Vinculin is an adaptor protein which consists of an N-terminal globular head and a Cterminal rod tail and a short proline-rich linker between them. Vinculin has a multiple

binding sites for talin, α and β-catenin, α-actinin in the head domain, and for actin, paxillin
and PIP2 in the vinculin tail. In a physiological context, vinculin presents a more-like
globular confirmation state in which is autoinhibited. When located in the adhesion,
vinculin becomes activated, at this point the interaction between the vinculin head and
tail is disrupted. This, induces further conformational changes that lead to an opened
conformational state which allows exposing actin and talin sites [97]. In this state,
vinculin which promotes adhesion reinforcement [87, 88] can bind to talin if talin is
unfolded (as discussed previously). For instance, using vinculin-null cells expressing
mutants with the head domain, led to an increase in a 25% the adhesion strength
(measured as the force/area needed to detach cells from the ECM), authors claimed that
interaction of talin or α-actinin with the vinculin head domain was sufficient to reinforce
the adhesion. Unexpected, the same behavior was observed when expressing only the
vinculin tail which prevents binding with the talin-integrin module or α-actinin. A
plausible explanation is that induces an increase in the cortical cytoskeleton tension that
can cooperatively be held by integrin-ECM bonds. Additionally, expressing a vinculinactivated mutant in all the cases confirmed that an opened activated state of vinculin is
required for an increment of the adhesion strength, which correlated with an increase in
integrin-ECM contacts [98].
Paxillin
Paxillin is an adaptor protein which presents 4 different splicing variants [99]. Paxillin is
overexpressed in many types of malignant tumor, including renal and lung carcinomas
and breast tumors. Paxillin contains multiple sites for protein-protein interactions such as
FAK, Src and Abl. Additionally, paxillin co-immunoprecipitates with β-integrin tails
[100] but the precise interaction has yet not been identified, on the other hand it interacts
with α4-integrin [101], but due to the expression of this integrin it is far believe from
being a general mechanism. In integrin-ECM mediated adhesions, FAK in conjunction
with Src via myosin contractility phosphorylates paxillin at two different sites [102]. This
phosphorylation allows further interactions with pCas130 or Crk which are involved in
integrin-mediated cell motility [103]. Phosphorylation of paxillin is not needed for
paxillin recruitment and vinculin activation at focal adhesion sites, but promotes vinculin
localization at focal adhesions [50].
Focal adhesion kinase (FAK)

FAK is cytoplasmic protein-tyrosine kinase which consists of a terminal FERM domain,
a central kinase domain and three proline-rich regions. FAK have a multiple tyrosine
phosphorylation sites that act as substrates for SH2 domain-containing proteins, serine
phosphorylation sites that can induce conformational changes and a C-terminal FAT
domain that indirectly binds FAK to integrins [104]. Some studies have shown that
monomers of FAK can be in autoinhibited conformation before location at the adhesion
sites. That prevents FAK auto-phosphorylation, which is required for Src recruitment.
Transient dimerization of FAK leads to the creation of FAK-Src complexes, which further
induces Src-mediated phosphorylation promoting the full activation of FAK. The FAKSrc complex is upregulated in many tumors [105]. Mechanical forces due to increase
matrix rigidity have shown to promote FAK activation which is accompanied by paxillin
phosphorylation, vinculin recruitment and reinforcement of focal adhesions sites [106,
107].
Filamin: Keeping integrins in low-affinity state
Filamin consists of an N-terminus actin binding domain and C-terminus dimerization
domain, contiguous of 24 repeats of immunoglobulin-like domains which allow multiple
protein interactions. Three different isoforms are found, filamin A, B and C. Filamin
directly binds to β-integrins tails, crosslinking integrins with actin cytoskeleton [108].
Filamin is an actin crosslinker. Moreover, filamin plays a fundamental role in keeping
integrins in a low-affinity state, therefore showing antagonist behaviors compared to talin
or kindlin [109]. It is not surprising then, that in breast cancer there is a down-regulation
of filamin, which can lead to increase in mechanosignalling due to more integrin
activation [110].

For instance, filamin-depleted cells showed higher levels of β3

activation. A recent study has shown that reducing the interaction of the α-integrin subunit
with filamin can have similar effects of β3-filamin interaction [109]. Indeed, these results
suggest that this type of integrin-inactivation can be dependent of specific αβ
heterodimeric interactions. Additionally, filamin regulates focal adhesion disassembly
via calpain-dependent mechanism [110].
2.2.4 Myosin: Molecular motors generating contractile forces
Several classes of myosin proteins are found in nature. In this section the functions of
myosin II will be discussed because of its responsibility in force generation in non-muscle
cells compared with other myosins such as V or VI, which are involved in trafficking

processes [111]. Three different isoforms of myosin II; MIIA, MIIB and MIIC, are found
in mammals and the main difference is in the heavy chain. Myosin II is a protein
consisting of two heavy chains, two essential light chains and two regulatory light chains.
The heavy chains contain a helical tail domain and a globular head that binds to actin
filament and ATP [112].
Myosin units can arrange in bipolar filaments, which generates contraction by sliding the
actin filaments relative to one another. To contract the filament, ATP is hydrolyzed to
create a rotational movement of the myosin head toward the barber-end of actin which
induces the antiparallel organization of actin filaments [113]. This contraction, tense the
formed stress fibers, resulting in changes in force transmission to the substrate via
integrin-ECM mediated adhesions. Several studies have shown that myosin contractility
increases as matrix rigidity increases, while others not. Nonetheless, it is well accepted
that contractile forces of myosin are responsible and required for the transition from
nascent adhesions to mature adhesions. For instance, in a migrating or polarized cell,
MIIA expression is required for efficient migration and adhesion maturation [114].
Interestingly, MIIA has a higher turnover rate than MIIB, which promotes enrichment in
MIIB [115]. Additionally, MIIB is more located at the rear of the cells and as it stays
more time bound to actin, can subsequently generate more force [116]. That, can
contribute to generate high tractions forces which helps disassembling focal adhesions at
the rear of the cells [117].
2.2.5 Actin: Structural template for cell shape and focal adhesions
Actin is a globular protein that consists of tight binding sites that mediate head to tail
interactions with two additional monomers. These actin mononers self-assemble resulting
in the formation of actin filaments. The early stage of actin self-assemble is called
nucleation, and in principle is unfavorable because it requires energy and a critical
concentration of monomers for filament formation [118]. Therefore, it is not surprising
that nucleation is highly regulated by nucleation factors. After nucleation, actin filaments
have an intrinsic polarity, each having a barbed-end and pointed-end. Three different
nucleation factors are known up to date, which are Arp2/3, formins and tandem monomer
binding proteins, which indeed promote different nucleated structures [119].
Arp2/3 do not affect the rate of assembly at the barber end, instead remains associated at
the pointed-end. Tandem monomer binding proteins stabilize the formation of actin

filaments with free barber-end and, formins remain bound to the growing barbed-end. For
instance, Arp2/3 is the main responsible for the formation of the lamellipodium, together
with cofilin and profilin. Lamellipodium is a thin actin-region that protrudes and retracts
in the leading edge of migrating cells thanks to the guided actin polymerization (Fig. 8).
In low tension membrane state, actin polymerization induces the membrane forward to
protrude, when tension is high, polymerization dictates retrograde flow which is coupled
to integrin-ECM mediated adhesions to transmit cells tractions to the substrate.

Figure 8: Drawing showing different actin structures which differ in actin
organization and density. Lamellipodium forms a dense and branched meshwork of
actin. Filopodium presents finger-like structure with aligned and parallel filaments of
actin. Ruffles are more dense and packed bundles than lamellipodium and do not attach
to the substrate. Extracted from [120]

Ruffles are like lamellipodium but do not attach to the substrate. They require the
participation of formins, mDia1 and mDia2 and Arp2/3. Additionally, filopodia which
are finger-like actin structures that cells utilize in cell spreading for sensing the
extracellular matrix requires several formin-family nucleation factors [118].
On top of that, bundles of actin filaments arrange in stress fibers with multiple crosslink
proteins such as α-actinin and zyxin [51, 121]. A broad number of studies have shown
that substrate stiffness impacts the actin stress fibers formation and its organization within
the actin cytoskeleton [115, 122]. Regarding to its location, connectivity with focal
adhesions and the assembly mechanism, stress fibers can be classified as dorsal and
ventral stress fibers, and transverse arcs (Fig. 9) [123].
Dorsal stress fibers are uniformly polarized bundles, going perpendicular to the leading
edge to finish with their barber-ends at focal adhesion. Forces transmitted through dorsal
stress fibers are involved in the elongation and maturation of focal adhesions.
Additionally, dorsal stress fibers are mechanical linked with transverse arc. It is important
to mention that dorsal stress fibers are assembled into a myosin-independent manner.

Figure
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Immunofluorescence image of U20S human osteosarcoma cells, F-actin (shown in green)
and the focal adhesion protein vinculin (shown in red). Insets show the structural and
compositional differences in dorsal and ventral fiber, and transverse arcs. Extracted from
[123]

Ventral stress fibers and transverse arcs are nonuniform polarized. Transverse arcs are
curved stress fibers that assemble and flow rearward from the leading edge. Transverse
arcs go parallel to the cell edge and do not bind to focal adhesions. Transverse arcs are
substrates for myosin II. Myosin in transverse arc can induce shortening from side to side
and contracting them rearward. Both, ventral stress fibers and transverse arcs induce
mechanical forces in dorsal stress fibers which flatten the lamella to eventually drive
elongation of focal adhesions.
Ventral stress fibers are myosin-rich actin bundles that start and finish at focal adhesions.
It has been shown that ventral stress fibers are responsible for the generation of strong
tractions forces at the cell base. Indeed, these high forces are required for disassembly the
rear in migrating cells and contribute to maintain front-rear cellular polarization.

3. Cell sensing of physical cues from the ECM
3.1 Rigidity sensing
There are strong evidences that cells probe, sense and respond to physical cues by
applying forces. These forces are generated by the actomyosin machinery and are
transmitted to the substrate via focal adhesions. Focal adhesions are the mechanosensors
par excellence. Thus, elucidating how focal adhesion formation and growth changes as
cells are exposed to physical cues have provided a valuable knowledge of how cells sense
the extracellular environment. Despite the extensive studies, the precise mechanisms for
switching from nascent adhesions to more mature adhesions and how is affected by matrix
rigidity and ligand sensing remains elusive.
Rigidity sensing through local contractions
Using micropillars system, it has been established a working model for rigidity sensing
based on the existence of a contractile unit which pinches the matrices and measure
forces. Basically, contractile units that are mainly composed of sarcomere-like proteins
such as α-actinin, myosin IIA and tropomyosin 2.1 produce local contractions of
approximately 100nm during 30s and, if the contractile force surpasses a threshold of
20pN nascent adhesions go for further mature adhesions (Fig. 10).
The first evidence was proposed in [124]. Cells were seeded on micropillars with different
diameters (2 and 0.5μm). Deflections of micropillars toward each other were observed in
0.5μm and not in 2μm. Changing the length of the pillars the authors proved that these
local contractions were independent of the substrate stiffness. When using mutants that
fail to sense rigidity, local contractions were abrogated. Contractions correlated with
myosin localization, therefore concluding that the local contractions can be caused by
means of these molecular motors.

Figure 10: Schematics showing the mechanism of rigidity sensing through local
contractions. (a) If the distance between pillars is less than 0.5µm, myosin bridges
between micropillars connecting the integrin-actin cytoskeleton link (shown in grey and
green, respectively). That allows to produce contractions of the micropillars (represented
with dashed lines). If the force surpasses a threshold, nascent adhesions shift to mature
adhesions. (b) Mouse embryonic fibroblast seeded on 0.5µm pillars. Paxillin staining
revealed mature adhesions. (c) If the distance between micropillars is higher than 0.5µm,
local contractions do not occur because myosin cannot connect actin, and therefore
micropillars. Thus focal adhesions do not mature. (d) Mouse embryonic fibroblasts
seeded on 2µm do not form adhesions as shown by paxillin staining. Scale bar: 10 µm.
Adapted from [124]
In a subsequent study [125] using the same technique they explored the role of different
sarcomere-like proteins such as α-actinin, tropomyosin 2.1b and myosin IIA. They
showed that phospho-myosin light chain localized with α-actinin at the cell edge, however

predominantly pMLC bridged between pillars and α-actinin was around the micropillars.
Additionally, tropomyosin colocalized with α-actinin at the edges and with pMLC
between pillars. To rule out the possibility that these results were micropillar dependent
they seeded cells on fibronectin coated cover glasses and found the same results. They
concluded that tropomyosin could also be involved in this contractile unit, which was
confirmed after depletion of tropomyosin 2.1. When depleted, local contractions
disappeared, and cells were not able to proper sense rigidity, showing similar spread area
for both soft and stiff substrates, as well as elevated cell forces. Additionally, they
established that focal adhesion maturation occurred after exceeding a force threshold of
20pN, which was regulated by the rate of the contractions steps.
Recent studies have also addressed the role of receptor tyrosine kinase [126], which play
a crucial role in many defects of rigidity sensing. Knocking down AXL and ROR2
induced similar cell morphologies, aspect ratio and focal adhesion size in soft (5kPa) and
stiff (100kPa) substrates, therefore showing abnormal rigidity sensing. Using
coimmunoprecipitation experiments, they found that AXL binds to myosin II and
tropomyosin 2.1, additionally filamin A binds to ROR2 which contributes to rigidity
sensing although is unnecessary. In a recent study [127], the role of EGF was also studied.
EGF interacts with integrins, and stimulation of cells with EGF has a profound effect on
the spatial distribution of focal adhesions and expression of putative proteins such as
integrins, zyxin and FAK. Authors found that EGF activity was indispensable for rigidity
sensing in stiff substrates, but not in soft substrates. That led to a recover of the periodic
contractions of micropillars required for rigidity sensing, which could be abrogated by
inhibiting myosin contractility. Confirming previous findings that myosin contractile
forces were required for focal adhesion maturation.
With all this knowledge, the fundamental components of the contractile units have been
defined as follows:

Figure 11: Molecular players known to participate in the proposed contractile units.
Extracted from [126]
Rigidity sensing through a molecular clutch
Another plausible mechanism for sensing and probing the ECM can be the molecular
clutch model. This model relies on fact that the actomyosin-driven forces are transmitted
to the substrate through a weakest link which can either be an adaptor protein or the
integrin-ECM ligand link. The molecular components involved in the engagement
between the actin cytoskeleton and the ECM ligands act as molecular clutches to transmit
forces as an equivalent way that a transmission of a car works by connecting a driving
and a driven part to produce power and torque.
The first evidence of this mechanism was shown in [128], although some studies had
already proposed the clutch hypothesis as a mechanism for linking filopodia protrusion
to actin dynamics [129, 130] . In this study, they developed a stochastic model which
assumed myosin motors pulling on a freely moving actin filament creating a rearward
flow of actin towards the center of the cell. Then, they defined molecular clutches that
engaged actin to the substrate. When engaged, force from substrate elasticity slowed
down the actin movement. The tension in the bound clutches was balanced by tension and
deformation on the substrate, therefore enabling force transmission to the substrate.
Within the model, substrate and molecular clutches were treated as Hookean springs.
Molecular clutches could engage and disengage by a given binding and unbinding rate
(Fig. 12a). Once the clutches were engaged, tension was built up as they were stretched
by retrograde motion of the actin filament. Unbinding rate followed a Bell’s Law
relationship with tension, while binding rate was independent of tension. The sum of the

force on the clutches was opposed to the rearward flow of the actin therefore slowing
down the speed of the actin flow, which turned into a negative correlation between cell
tractions and actin flow speed.
This model predicted a biphasic relationship in cell tractions and retrograde actin flow in
response to substrate rigidity. On low substrate stiffness, force loading rate was very slow,
leading to a situation where low cell tractions were transmitted to the substrate. As myosin
motors pulled on the actin filament, force was built up, increasing force transmission. As
force loading increased there was an optimal rigidity for force transmission. This regime
was denoted as “load and fail”. After the optimal rigidity for force transmission,
unbinding rates increased and dominated over binding rates, yielding to fewer engaged
clutches engaged and a decrease in force transmission. This was denoted as a transition
zone and authors claimed to be the region of greatest sensitivity to substrate stiffness. In
even stiffer substrates, clutches engaged but remained bound for a very short time due to
very high unbinding rates caused by high force loading leading. This led to a situation of
continuous slippage. This yielded to a regime where actin flow was freely moving
because of the low resistance forces due to the lack of clutches engagement, and cell
tractions were not transmitted to the substrate. That regime was defined as “frictional
slippage” (Fig. 12b-c).

Figure 12: Schematics of the molecular clutch model. (a) Theoretical model containing
the basic components of the clutch model. Myosin (shown in black) pulls on the actin
filament (grey). Springs represent molecular clutches (representing the ECM-actin link)
that bind and unbind the substrate by a given binding and unbinding rate. The substrate
was modelled as a spring (b) Upper panel: In soft substrates, molecular clutches bind and

unbind spontaneously in the so-called load and fail regime while force is built up. Low
panel: Representation of the frictional slippage regime, due to extreme high forces bound
molecular clutches remained lower time (shown as grey-broke springs). (c) Prediction of
the model for the two mentioned regimes. The blue area represents the transition zone
between the two regimes. Adapted from [128]
To test the model predictions, the authors placed GFP-actin transfected embryonic chick
forebrain neurons on polyacrylamide hydrogels of different rigidities and carefully
analyzed F-actin dynamics and traction force transmission dynamics. Tracking embedded
beads on soft PAA hydrogels, they confirmed the load and fail regime, characterized by
an inward and backward movement of the beads. Additionally, failure events attributable
to clutch disengagement were observed. Furthermore, on stiff substrates the frequency of
the failure events increased, confirming the frictional slippage regime. Authors also
assessed actin dynamics confirming that retrograde flow increased with substrate
stiffness.
In a later study [131], authors dissected the computational model by systematically
changing the parameters such as binding affinities, number of available clutches or the
number of myosin motors. For instance, increasing the binding affinity or the number of
clutches shifted the optimal rigidity for force transmission to higher rigidities. On the
other hand, when myosin motors were reduced, the optimal force transmission moved to
lower rigidities. That indicates that intrinsic cellular features such as contractility or
binding affinities may lead to a different rigidity sensing. In a recent work, this model
was updated considering also the viscoelastic properties of the substrate [132].
Of note, in this model the fact that the adhesion can grow, therefore the effect of focal
adhesion strengthening due to mechanotransduction was not considered.

Rigidity sensing through actin remodeling
A broad number of studies have shown that substrate stiffness impacts the organization
of the actin cytoskeleton [115, 122, 133]. Additionally, in migrating cells actin stress
fibers protrude at the leading edge allowing the assembly of nascent adhesions which may
undergo further maturation. Contrary, at the rear stress fibers contribute disassembling

focal adhesions. That indicates that actin has a direct relationship with focal adhesion
formation and growth. Because of that, experimental and theoretical studies have
analyzed the role of actin as mechanosensor in rigidity sensing.
A recent study found that rigidity sensing can be explained by rheological changes in the
actin cytoskeleton organization which transitions from fluid to a solid phase as rigidity
increases [134]. Authors placed rat embryonic fibroblast on 2μm micropillars with
different lengths to mimic a range of rigidities. In soft substrates, cells were circular
which was accompanied of orthoradial actin filaments. Accordingly, focal adhesions were
found to be less than 1µm, which was associated with high unbinding rates of integrins
under low tension. As rigidity increased cells presented a more polarized and elongated
morphology and an increase in the spread area. Inspection of the actin cytoskeleton
showed aligned stress fibers with rich areas of locally ordered actin stress fibers (Fig. 13ab). Cells were also seeded on polyacrylamide hydrogels confirming the previous findings,
therefore both discrete and continuous substrates showed the same features. Additionally,
actin dynamics showed a high motile actin structures in soft substrates, in contrast of a
much-stabilized actin stress fibers with no motion in stiff substrates going together with
larger focal adhesions.
A theoretical model on active theory validated the experimental observations. The model
incorporated a relaxation time, which relied in a typical lifetime of actin structures in the
cytoskeleton. In soft substrates, relaxation times were below a given lifetime, while in
stiff substrates was higher. This characteristic lifetime was strongly influenced by
substrate stiffness.

Figure 13: Principles of the actin remodeling mechanism. (a) Representative image of
rat embryonic fibroblast (REF-52) cells showing actin organization as rigidity increases.
In soft substrates actin structure presents a fluid-like organization. Conversely, in stiff
substrates actin organization shows more organized structure resembling a solid-like
structure. (b) Characteristics of actin and focal adhesions on soft and stiff substrates. In
soft substrates, actin cables are circular and focal adhesions are less than 1µm. Contrary,
in stiff substrates there is an increase in density and alignment of actin filaments which is
accompanied with mature focal adhesions (actin, focal adhesions and nucleus are shown
in red, green and blue, respectively). Adapted from [135]
With these observations, authors concluded that below a threshold stiffness actin
cytoskeleton would be disorganized and isotropic showing a fluid-like behavior. This
regime is characterized by low relaxation times and by short lived focal adhesions which
in turn, provides low resistance force, allowing actin to flow. In stiffer substrates the
relaxation time is high enough, to favor focal adhesion assembly and the stabilization of
actin cytoskeleton, leading to a solid-like behavior. Authors speculate that actin
remodeling and focal adhesion assembly can be regulated by a feedback loop driving
rigidity sensing. In the study [136], authors showed at the experimental and theoretical
level that actin cytoskeleton in stem cells increasingly aligned as substrate rigidity
increases, although in non-monotonic way, which resulted in an optimal rigidity for stress
fiber alignment. Although almost all studies showed a monotonic increase in stress fiber

alignment, authors argued that stress fibers in stem cells are not as thick as other cell lines,
leading to a collapse due to extremely higher stresses in stiff substrates.
Rigidity sensing through fluctuating forces within focal adhesions
Focal adhesions transmit forces to the extracellular matrix. In this context, several studies
have wondered if either distribution or the dynamics of tractions forces within the focal
adhesion at the local level rather than a global cellular scale process can explain
mechanosensing events.
A robust evidence of the proposed local sensing mechanism at the focal adhesion scale
was shown in [137]. In that study, authors combined high-resolution traction force
microscopy to inspect how forces were distributed within the focal adhesions of mouse
embryonic fibroblast. Cells were seeded on polyacrylamide gels with different rigidities
Within this framework, authors found that traction forces in focal adhesions presented a
heterogeneous profile of tractions forces, with a maximum peak located on the distal part
of the focal adhesion (toward the leading edge) which did not correlate with the maximum
recruitment of paxillin, which appeared at the center of the focal adhesion.
Additional dynamic traction forces experiments revealed the existence of two regimes in
forces distribution within the focal adhesion. In the first, the force peak was stable and
centered, whereas the second showed abrupt changes in the peak position to the distal tip
followed by restoration to the center, therefore fluctuating between the distal tip and the
center position. Centering of the peak tractions was correlated with an increased in matrix
rigidity, showing fewer fluctuations between the distal and the center tip. Moreover,
downregulation of contractility provided equivalent results. Perturbation on FAK,
paxillin and vinculin proteins did not disrupt the existence of the stable and fluctuating
focal adhesion, although the mean tractions decreased, and the position of the peak moved
toward the distal tip. Therefore, authors claimed that FAK/paxillin/vinculin
mechanosignaling promotes fluctuating tractions within the focal adhesion and that when
was perturbed, the rigidity threshold for fluctuating adhesions shifted to softer rigidities
as indicated by the shift in the peak traction to the distal part of the focal adhesion.
Moreover, additional experiments perturbing contractility showed that contractility per se
did not influence these results, instead the release of tension on focal adhesions was
responsible for promoting tractions fluctuations. These findings present a picture were
rigidity sensing can be explained as:

Figure 14: Tugging focal adhesion mechanism. (a) Representation of a focal adhesion
in a cell. The maximum recruitment of paxillin is located at the center of the focal
adhesion. The orange spot represents the main identified players responsible for tugging
focal adhesion, the FAK/Paxillin/vinculin complex. (b) Schematics of force distribution
within focal adhesions as rigidity increases. As rigidity increases, less focal adhesions
show fluctuating forces from the distal to the proximal tip. Adapted from [137]
Additionally, the implications of this mechanism were explored in scenarios such as
haptotaxis, chemotaxis and durotaxis. A set of experiments, showed that fluctuating focal
adhesions promoted durotaxis but were not needed for FA maturation, chemotaxis and
haptotaxis suggesting that biochemical cues has no impact for this mechanism. In
additional study [138], authors conducted further experiments and developed a
computational model validating that sensing of matrix rigidity required fluctuating forces
between the distal and the central part of the focal adhesion. It is worth to mention that,
due to the experimental complexity, these studies were focused on focal adhesions with
a minimum length of 1-1.5µm and therefore if this mechanism plays a role in the
transition of nascent to mature adhesions is not clear.
3.2 Ligand Sensing
As previously stated, cells also sense and respond to differences in ECM composition,
ligand density and distribution. Some of the proposed mechanisms are discussed below:
Ligand sensing through a molecular ruler mechanism
Seminal work hypothesized that cells might respond to ligand density and distribution to
form mature adhesions because of the existence of a putative adaptor protein which
crosslinks integrins to the actin cytoskeleton (Fig. 15) [139].

Figure 15: Schematics showing the molecular ruler mechanism for ligand sensing.
(a) An adaptor protein (shown in brown), which crosslinks integrins to each other (shown
in purple) and the actin cytoskeleton (shown in blue) promotes focal adhesion maturation
when integrins are separated less than 60-70nm. (b) When the spacing is bigger, the
adaptor protein cannot act as molecular ruler preventing focal adhesion formation and
maturation. Adapted from [139]
Authors developed a block copolymer micelle nanolithography technique to create a welldefined and precise quasi-hexagonal pattern of array of nanodots on glass surfaces. The
distance between of the nanodots was varied by changing the polymer concentration or
the spin coater velocity, which turned into separated nanodots of tens to hundreds of
nanometers. Nanodots were functionalized with an RGD peptide to provide biochemical
cues for cellular attachment. The size of the nanodots was enough small (8-10nm) to allow
single integrin binding due to steric hindrance. Authors seeded different cells lines such
as fibroblast, melanocytes or osteoblast in these surfaces and found that focal adhesion
formation was disrupted after a threshold distance of 70nm, approximately. Below this
threshold, integrin clustering was favored, and focal adhesions presented an elongated
form typical of fibrillar adhesions. On the other hand, above this threshold integrin
clustering was disrupted and focal adhesion did not form. However, when the distance
between nanodots was changed, the density of the available nanodots for cell attachment
changed, therefore it did not rule out the possibility that those findings could be due to
have a small number of ligands instead of the ligand-to-ligand distance per se. To answer
that, authors created small clusters of different distances but similar density of nanodots

and, indeed the same results were observed. With all these experimental observations,
authors conclude that either α-actinin or talin, which reasonable fit into the length of 50
and 100nm, could act as a molecular ruler, crosslinking integrins to the actin cytoskeleton
and therefore promoting focal adhesion formation and maturation.
An extensive number of studies using the same fashion have shown equivalent results, or
at least have shown that there is a critical distance between ligands for focal adhesion
formation. In the study [140], using different patterned array of clusters of 2-7 nanodots,
authors showed that four ligand binding units separated less than 60nm were required to
increase cell spreading and adhesion contacts. As talin presents 4 binding sites for
integrins in its dimeric form, they speculated that talin could play a crucial role. Moreover,
in a recent work using distances of 30, 50 and, 100nm it was shown that both spread area
and focal adhesion formation followed a biphasic relationship with the distance, showing
an optimal distance of 60nm for focal adhesion formation and growth [141]. Authors
speculated that when using lower spacing, integrins are more packed and may jeopardize
the functionality of the “molecular ruler”. Interestingly, the role of ordering and
disordering the quasi-hexagonal pattern of nanodots, and therefore ligand-integrin
distribution, has also been addressed. In that study they showed that due to local changes
in the disorder pattern, cells were able to form adhesions above 70nm spacing substrates
[142]. Additionally, using different peptides with mechanical-tuned linkers showed that
the dynamics of focal adhesion formation and size can be modulated independently of the
spacing between ligands [143]. Recent studies [144] have showed that higher spacing
promotes differentiation into adipocytes and osteoblast as nanodots spacing increases in
PEG hydrogels, however the role of the focal adhesions have been not addressed.
Nonetheless, using glass substrates do not resemble physiological environments
therefore, it is not known if the same distance mechanism applies when using compliant
substrates.
Ligand sensing through conformational changes in ECM ligands
Many proteins are generally composed of several domains which may show buried sites.
Upon force or chemical stimuli, ECM proteins may change their conformation, which
may turn in a diverse cell behavior due to the exposure of the cryptic domains. For
instance, AFM techniques or tweezers have been used to experimentally address the role
of mechanical forces in unfolding proteins such as titin, tenascin, talin or fibronectin

[145]. Additional studies have shown conformational switches using molecular dynamics
simulations in laminin, which promote or inhibit cell migration when interacting with
human laminin receptor [146].
In this regard, the most well characterized ECM protein is fibronectin. From the 3
repeating units of fibronectin -FNI, FNII and FNIII- FNIII presents the ubiquitous RGD
loop which provides cellular attachment. FNIII domain is not stabilized by disulfide
bonds contrary to what happens with FNI and FNII. Therefore, FNIII domain presents
some flexibility and has been shown to be sensitive to mechanical loads. On top of that,
in the same domain the synergistic site PHSRN is found. Under tension, the PHSRN is
exposed leading to changes in integrin binding affinities [29].
These mechanical loads are basically attributed to integrin-ligand binding. Using Förster
Resonance Energy Transfer (FRET) probes, different studies have shown a wide range of
integrin-ligand forces, which varies between 1pN to 50pN [147-149]. If this is the case,
a subset of integrins (high forces) would promote fibronectin stretching, facilitating
different integrin activation. For instance, when PHSRN is exposed unbinding rates are
not modified for α5β1 and αvβ3, but α5β1 displaces αvβ3 due to an increase in binding
affinity [30]. Both α5β1 and αvβ3 have been proved to have distinct roles in focal
adhesion maturation [77].
Importantly, mixing purified RGD and PHSRN do not modify integrin affinity [150],
showing the importance of orientation and spacing between RGD and PHSRN. Along
this line, diverse structural conformations RGD present different affinities for integrinbinding as well [151], changing the dynamics and size of focal adhesions. That has also
been shown using molecular force sensors decorated with liner and cyclic RGD with
tunable mechanical linkers [152]. Integrins showed more affinity for cRGD. Interestingly,
increasing the mechanical properties of the linker in the cRGD probe, integrins at the
distal part of the focal adhesion bound to the more stable mechanical linker, which
suggests a plausible mechanism of ligand and rigidity sensing mechanism based on
integrin mechanical preference.
While conformational state and changes in ECM proteins are recognized as a fundamental
process in driving cellular response, more understanding is required. For instance, little
is known about other ECM proteins such as collagen and laminin, in this respect steered
molecular dynamics (SMD)-based predictions can help to shed light.

4. Biomimetic systems for studying cell sensing
With the advent of technology, a broad number of techniques have fruitfully been applied
for mimicking unique features of the extracellular matrix. The extracellular environment
is complex, and these systems are normally simplifications of what a cell can experience,
however they are powerful fashions which provide a better understanding of how cells
sense and probe the extracellular matrix.
4.1 Matrix Rigidity: Hydrogels and micropillars
Nowadays, hydrogels are recognized as one of the gold-standard techniques to simulate
mechanical forces coming from the ECM. Hydrogels are normally formed by a polymeric
mesh and can retain a high-content of water. Depending on the used source for creating
them, hydrogels are divided into natural or synthetic.
Natural hydrogels are usually fabricated with reconstituted basement membrane (rBM),
for instance in very pioneer work [153] they coated bacteriological petri dishes for
studying the growth and differentiation of melanoma cells showing that BM was
biologically active and promoted cellular response. In the same way, hydrogels formed
by collagen I or fibrin (fibrinogen + thrombin) have extensively used for angiogenesis
and extravasation studies [154, 155]. These hydrogels are especially appropriate for 3D
scenarios because it is very easy to encapsulate cells into them.
In this regard, natural hydrogels have the advantage to recapitulate very well the
composition and the complex signaling cues of the ECM; however its mechanical
properties are difficult to control and tailor. On top of that, several studies have claimed
variability due to batch-to-batch [156]. In addition, mechanical properties are tuned by
changing the concentration of the, which inexorably leads to changes in ligand density
[157]. Because of that, severe efforts have been employed to modulate the mechanical
properties without affecting ligand composition. This has been achieved via combination
of natural matrices with structural ECM molecules such as alginate or hyaluronic acid
[65, 158]. In a very elegant work [158] they mixed alginate and rBM to develop
interpenetrating networks, which allowed modifying ECM stiffness independent of the
ligand density and polymer concentration.
In contrast, synthetic hydrogels are very suitable for mimicking a broad spectrum of
rigidities. Polyacrylamide and PEG hydrogels are the most employed for 2D and 3D

substrates, respectively [157, 159, 160]. Polyacrylamide is a mesh of acrylamide and bisacrylamide which can be polymerized both chemically and physically. A range between
hundreds of Pascals to kilo-Pascals is obtained just by changing the amount of the
polymer and the crosslinker [159]. Hydrogels are polymerized either chemically or with
photo-induced initiators such as ammonium persulfate or Irgacure, respectively. These
initiators in combination with a catalyst like TEMED, which increases the polymerization
rate, trigger a free-radical dependent polymerization, creating acrylamide chains statically
crosslink with bis-acrylamide (Fig. 16) [161]. The polymerization of these hydrogels is
very affected by oxygen, the volume of initiators and catalyst, and the environmental
conditions. Thus, it is necessary to carefully control these parameters to avoid alterations
in the nano-micro structure of the mesh. Interestingly, synthetic hydrogels are inert, and
therefore do not promote cell attachment. To facilitate so, hydrogels are functionalized
with crosslinks that allow ligand adsorption. (Discussed in section 4.3)

Figure 16: Principles of polyacrylamide polymerization. A mix containing
acrylamide, bis-acrylamide, initiators such as ammonium persulfate and a catalyst such
as TEMED is used to create a polyacrylamide mesh which consists of acrylamide chains
statically crosslink with bis-acrylamide. Substrate stiffness is tuned by changing the
amount of acrylamide and bis-acrylamide. Extracted from [161]

With the advent of the micro-fabrication processes, micropillars have gained interest for
simulating external forces. Basically, micropillars are typically produced of PDMS and
are inert therefore, requiring further functionalization for cell attachment. Like hydrogels,
these micropillars can be conjugated via crosslinks or microprinting contact techniques.
Once the pillars are functionalized, their surface serves as a hub for cellular attachment.
The cellular attachment, and therefore the focal adhesion patch is constrained by the pillar
area. [162]. These fashions have been used to mimic matrix rigidity. The matrix rigidity
that cells sense is given by the dimensions of the micropillars [163], defined with the
following equation
3 Eπr 4
k= × 3
4
L
Where E is the Young modulus of the material, r is the radius of the micropillar and L is
the length. Therefore, varying its dimensions allows changes in substrate stiffness. This
fashion has been combined with microfluidic devices, stretch systems and others to study
the combined effects of different mechanical signals.
4.1.1 Measuring Cellular forces
Traction force microscopy
Hydrogels have extensively used for computing cellular forces at the subcellular level. In
a very pioneer work [164], they used polyacrylamide gels with nanospheres embedded
on it to compute cell tractions exerted by cells on the substrate. Briefly, cells were seeded
on collagen coated polyacrylamide gels. Nanospheres movements were imaged for a
period, afterwards cells were trypsinized leading to a relaxed state of the hydrogel. Since
the substrate showed a linear response, the displacement of the beads was related to the
gel displacement. By comparing the bead positions with and without cells, a map of gel
deformations caused by cells was obtained (Fig. 17a). The displacements can be either
tracked individually or calculated by particle image velocimetry. These displacements
provide cell tractions by solving an inverse problem of linear continuum mechanics. This
method, eventually called Traction Force Microscopy, has been used to measure cell
tractions in 2D substrates, and have become a standard technique to understand cell-tosubstrate forces. A part of computing mechanical forces, polyacrylamide hydrogels with
varied rigidity have also been used to study cellular features such as cell area, migration
speed and directed migration and focal adhesion size among others (Fig. 17b).

Figure 17: Emulating matrix rigidity with polyacrylamide gels. (a) Measuring cellular
forces by means of Tractions Force Microscopy in keratinocytes. Left image: bead
displacement extracted from images with and without cell (big arrow indicates the
direction of migration). Middle: Traction vectors derived from the bead displacements.
Right: Representative traction map. (b) Stained U87-MG cells seeded on polyacrylamide
gels with different rigidities (F-actin, vinculin and nuclear DNA are shown in green, red
and blue, respectively). Cell spreading (upper panel), and the size and the number of focal
adhesions observed by the vinculin staining (lower panel) increase with rigidity.
Extracted and adapted from [165, 166]
Regarding 3D environment for measuring cells forces, although in progress, is still far
from the computational and technical implementation as in the 2D substrates [167]. In a
3D environment cells continuously remodel, degrade and deposit ECM molecules;
therefore, it is difficult to distinguish if cells tractions are due to local changes of the ECM
produced by cells and if so, what are the mechanical properties. Despite that, several
works have addressed mechanical forces via implementation of finite element models. In
[168], they encapsulated enhanced GFP fibroblast in PEG hydrogels and computed cell
tractions via discretizing the hydrogel as a mesh by means of confocal images of the

hydrogel. They constructed a discretize Green’s functions defining tractions units in each
face of the surface of the cell mesh and computing the finite element equations to calculate
beads displacements. The technical complexity of preparing these substrates and to infer
clear findings limit its usage.
Micropillars
Cells

deform

the

micropillars

producing

small

deflections.

These

deformations/displacements are easily tracked by conventional microscopy techniques
(Fig. 18a-b). For small deformations, the force F is assumed to be proportional to the
deformation δ as follows F=k⋅δ. (Hooke’s law).

Figure 18: Measuring cellular forces in micropillars. (a) SEM image of REF52
fibroblast seeded on micropillars illustrating the corresponding deformations of the
micropillars. Scale bar: 15µm (b) HPAEC cells seeded on micropillars and the
corresponding force vectors (arrows). Actin, nuclear DNA and micropillars are shown in
green, blue and red, respectively. Extracted from [133, 169]
Therefore, the amount of bending is proportional to the force applied by a straightforward
relationship. Using this fashion, several studies have analyzed cell forces at the
subcellular level [124, 170, 171]. In [169] using several cells lines was shown that focal
adhesions correlates with spread area, substrate stiffness and micropillars density in a
close relationship with cell tractions. A recent study using micropillars have shown that
changes in tension along the focal adhesion drives focal adhesion dynamics [172].
4.2 Surface patterning: Geometrical cell constraints and ligand presentation
To understand how cells sense different physical features of the ECM such as ligand
density and distribution or geometrical constraints, a broad number of patterning-based

techniques have emerged as a powerful technique. These techniques allow a very precise
control -at the micro and nanometer scale- of ECM deposition in combination with
chemically modified proteins or biomimetic peptides which permit to study the effects of
cell adhesion, cell spreading and focal adhesion formation.
For instance, microcontact printing soft lithography-based techniques rely on the
utilization of an elastomeric PDMS stamp which is inked with a biomolecule. The PDMS
stamp is then printed in the desired surface. Microprinting requires first the creation of a
master, basically an organic polymer sensitive to UV light, which is spin on a substrate
and then exposed to UV through a photomask. The photomask provides expose and nonexpose areas which will define the template for subsequent PDMS stamp creation. Once
created, the stamp is incubated with the desired biomolecule and ultimately transferred to
a surface. Originally, this technique was used to print thiols in metal surfaces. A clear
example can be found in a very pioneer work [173] , in which well-defined gold surfaces
consisting of isolated islands with different shapes, sizes and similar ligand density (Fig
19a). Since then, a wide number of studies have used microprinting techniques in metal
surfaces and glass surfaces.
Combining microcontact printing with soft substrates allows also measuring cellular
forces in geometrical constrained cells (Fig. 19b). One of the first examples [174],
nanopatterned Bovine capillary endothelial cells and mouse 3T3 fibroblast in squared and
rounded islands were seeded on polyacrylamide hydrogels. Nanopatterned cells showed
significant lamellipodia on the corners of the patterns, which coincided with high
concentrations of cells tractions, indicating that cytoskeleton and ECM interaction
through and integrin-mediated adhesions may promote cell movement.

Figure 19: Spatially constrained cells using micropatterning techniques. (a)
Nomarski images of bovine adrenal capillary endothelial cells on patterns with variable
size. (b) Combination of patterning techniques with elastic substrates allows studying
both cellular confinement and matrix rigidity. Left: Fibronectin pattern observed with
fluorescence microscopy. Scale bar: 10μm. Middle: Actin organization of Hela cells
seeded on this type of pattern. Right: Averaged cellular tractions over 35 experiments in
MCF10A cells on the corresponding pattern in a 7kPa hydrogel. Extracted from [175,
176]
More recent studies have used more sophisticated shapes, taking benefit of the
combination of polyacrylamide hydrogels chemistry and deep UV [177]. Basically,
polyacrylamide hydrogel is polymerized between a chrome photomask and a silanized
coverslip. Shapes such disc, Pacman or crossbow were used to study actin organization
and cell tractions. In a more recent study, nanopatterned of cells with different shapes and
spreading areas in combination with polyacrylamide substrates were used to decouple the
impact of substrate stiffness, focal adhesion density and cell morphology [178].
According to this study, the work that cells do against the substrate was just regulated by
cell area, instead of focal adhesion density and substrate stiffness. Indeed, local curvature

along the cell edge, regulated the distribution and magnitude of cell tractions to maintain
a constant strain energy.
At the nanometric level and subsequent molecular level, several techniques have been
applied to produce nanometric structures with nanometric resolution. In this regard, a
powerful technique is block copolymer nanolithography [179]. Briefly, amphiphilic block
copolymers of polystyrene cluster, forming micelles in toluene. The diameter of the
micelles can be tuned by changing the molecular weight of the block copolymers, and the
size is controlled by the amount of the metal precursor added to the micellar solution.

Figure 20: Block copolymer nanolithography. (a) Precursor micelles in toluene are spin
coated on a glass surface. Patterns of nanodots are obtained after plasma treatment. (b)
Electron microscopy images showing quasi-hexagonal patterns with 50 and 100nm
distance between nanodots. Adapted from [139, 179]
After the plasma treatment, an array of nanodots with sizes between 8-10nm and different
patterns is obtained (Fig. 20a). Additionally, the distance between nanodots can be easily
controlled (Fig. 20b). Nanodots are usually coated with ECM-ligand, allowing integrin
binding. As the nanodots are extremely small, only one integrin binds to the nanodots,
therefore controlling integrin distance [139]. Recent studies have shown the combination
of block copolymer nanolithography with PEG hydrogels [144]. Basically, gold patterns
are functionalized with bifunctional linkers, which bind to gold and the hydrogel mesh,
allowing transferring the nanodots pattern into a soft substrate. With this fashion, the
impact of rigidity and ligand density on cell differentiation has been study.
More complex shapes have been nanopatterned when combining block copolymer
nanolithography with photolithography or e-beam lithography [180]. Additionally, dip-

pen nanolithography, which employs an ink coated AFM tip to pattern a surface allowed
to create nanopatterns of DNA, proteins and peptides [181]. However, these techniques
are very difficult to implement, and its usage is limited.
Topographical ECM cues also drive cellular response as previously discussed. To mimic
these ECM signals, capillary force lithography has extensively used [182]. Briefly, a
polymer is spin coated on a substrate and a PDMS mold is used to create topographic
features. Depending on the thickness of the polymer layer, different structures are
obtained. More recently, combination with UV light, pressure controlled environments or
vacuum chambers have shown a better performance. In the study [183], nanogrooves with
different aspect ratios (groove distance/ridge distance) were used to study morphological
changes in human mesenchymal stem cells. In a more recent study, array of nanoscale
posts with graded texture was used to show that cancer cell migration is directed by the
gradient of the nano-topographic features in a mechanism termed topotaxis [184].
4.3 Ligand functionalization
Normally, the used fashions for studying cellular functions required functionalization
with ECM proteins for cellular attachment. The most used methods are based on
crosslinking reagents which allow to covalently binding the desired protein [185]. These
methods are very easy to implement tough, present several drawbacks. First, the life-span
of the crosslinkers are usually short, second, as rigidity of the hydrogels changes the
polymer mesh exhibits different compaction leading to dissimilar amount of protein
adsorption and third, while the matrix coating is apparently homogenous does not
necessarily mean that all binding sites for cell attachment are equally exposed. Therefore,
it is complicated to decouple contributions of ligand presentation and density, and matrix
rigidity [161].
In polyacrylamide hydrogels the gold-standard crosslinkers are NHS and Sulfo-Sanpah.
For instance, acrylic-NHS can be incorporated into the mix of a polyacrylamide gel. That
leads to have NHS in the entire gel. This has the drawback that when NHS hydrolyzes
makes the hydrogel very sensitive to changes in pH and temperature which can favor gel
swelling [161]. Several protocols for incorporating the NHS only in the very top surface
of gel have been developed [186]. These protocols rely on the use of photo-light initiators
such as Irgacure. Briefly, once the hydrogel is polymerized, a new mix containing acrylicacid NHS and bis-acrylamide and light-induced initiator is placed on the surface of the

hydrogel and expose to UV light. Thanks to the UV light, unsaturation sites on the mesh
are occupied by the acrylic acid with the NHS, which acts as an acrylamide, and the bisacrylamide crosslink on the surface of the gel. The ECM proteins are bound based on
amine-reactive chemistry. This protocol has been used for collagen, Matrigel, laminin
and fibronectin functionalization. This protocol has been recently improved by using
methacrylates, providing a more protein adsorption and more homogeneous coating
[187].
Nonetheless, NHS is not always coupled with acrylic acid. In this regard, when using
NHS without acrylic acid, the acrylic acid should be incorporated in advance into the
polymerization phase. Acrylic acid acts as an acrylamide by copolymerizing with
acrylamide and bis-acrylamide. Afterwards, the NHS is coupled to the acrylic acid by
using an EDC-NHS reaction. EDC promotes binding of NHS on acrylic acid. NHS
displaces EDC to eventually bind carboxylic groups of acrylic acid [188]. EDC-NHS is
bound to the mesh using specific buffers such as MES with a very controlled pH. While
this method gives equivalent results like the already conjugated Acrylic-acid NHS, the
protocol is more time-consuming, and requires more control over the pH conditions [161].
Additionally, after protein conjugation, EDC reaction needs to be stopped with primary
amines otherwise it can induce unspecific cellular attachment.
Nevertheless, the most used crosslinker is Sulfo-Sanpah. Sulfo-Sanpah is composed of a
photo-reactive group. Sulfo-Sanpah is used for PDMS and polyacrylamide
functionalization. When expose to UV light, this group interacts with polyacrylamide
hydrogels in a non-specific way. The other end of the Sulfo-SANPAH reacts with primary
amine. Sulfo-SANPAH can be easily implemented, however it is very expensive, and the
adsorption of ECM proteins is limited compared with EDC-NHS or acrylic-acid NHS
methods. Importajntly, Sulfo-Sanpah contains a spacer arm of 1.82nm compared to NHS.
As previously mentioned, using RGD peptides with different flexibility and length of the
spacer arm may impact in cellular response. While is not clear if this spacer arm compared
to NHS coated surfaces may introduce changes in cellular behavior, it is something that
it has to be kept in mind.
Additional methods are exposing polyacrylamide and PEG hydrogels to deep UV. The
exposure of UV is carried out through a chrome photomask, the exposed zones produce
ozone that lead to the polyacrylamide activation or destroy the PEG chains for further
protein functionalization. Activated patterns can be incubated with a mixture of EDC-

NHS in polyacrylamide or direct-adsorption in PEG. PEG macromeres are also
commonly functionalized with ECM molecules at the very end-arm with cysteinecontaining peptides Basically, “free” cysteines, for example the ones not involved in
disulfide bonds bind sequences of the peptide on thiol chemistry based manner [189].
Gold nanoparticles produced by means of block copolymer nanolitography are
functionalized taking benefit of the sulfur-gold interface in the particles [190]. For that,
as previously described for PEG, the presence of thiols in the protein is needed, which
are mainly found in cysteine residues. This chemistry provides a very versatile method
for protein coating. Indeed, that has led to creation of a broad number of modified proteins
or biomimetic peptides to study cellular response. The most used are RGD and RGDderived peptides, which regulated integrin-ECM attachment.
Overall, many methods for surface functionalization are described in the literature. It is
important to choose the proper one according to the used setup and cellular application.

Chapter 2: Aim of the thesis

The main aim of this thesis has been to explore the mechanisms that cells employ to sense
matrix rigidity and ligand spatial cues.
1. To study how cells lines with different integrin expression sense matrix rigidity
1.1.To measure cellular forces on the used cell lines in response to rigidity
1.2. To measure integrin binding properties of the different integrins for
fibronectin
1.3. To develop a predictive theoretical model which considers different integrin
binding properties
2. To study how mechanotransduction events are regulated in response to matrix
rigidity
2.1 To measure cellular forces in talin and talin-depleted cells in response to
rigidity
2.2

To

expand

the

previous

model

to

consider

talin-mediated

mechanotransduction events
3. To study how cells sense spatial cues
3.1 To develop a setup to control substrate rigidity and ligand density and
distribution
3.2 To study focal adhesion formation and growth in response to substrate rigidity
and ligand density and distribution
3.2 To measure cellular forces and speed of the actin flow in in response to
substrate rigidity and ligand density and distribution
3.4 To expand the previous model to consider spatial ligand distribution

Chapter 3: Papers

Pere Roca- Cusachs Soulere, director of this thesis certifies that none of the presented
three papers herein have been used in another submitted thesis.
The two first papers are part of collaborative works with the former post-doctoral
researcher of the laboratory Dr. Alberto Elósegui-Artola. The first paper was published
in Nature Materials which has a 2-year impact factor of 39.737, (A. Elosegui-Artola, et
al., Rigidity sensing and adaptation through regulation of integrin types. Nature
Materials. 13, pp.: 631-637, 2014). The contribution of Roger Oria Fernández was to
give technical assistance, mainly focused on plasmid amplification and purification of the
pentameric fibronectin used in the magnetic tweezers experiments. The second paper was
published in Nature Cell Biology which has a 2-year impact factor of 20.060, (A.
Elosegui-Artola, et al., Mechanical regulation of a molecular clutch defines force
transmission and transduction in response to matrix rigidity. Nature Cell Biology. 18,
pp.: 540-548, 2016). Roger Oria Fernández improved the former protocol of hydrogels
preparation and protein conjugation. He characterized the new protocol by quantifying
the protein adsorption on the hydrogels and measured the stiffness of the used hydrogels
by means of atomic force microscopy. He prepared and quantified the immunostaining of
phospho-FAK. In both papers, Roger was also involved in the corresponding scientific
discussions, which set the foundation for the main work of his thesis.
The third paper was published in Nature, which has a 2-year impact factor of 40.137, (R.
Oria et al., Force loading explains cell spatial sensing of ligand. Nature. 552, pp.: 219–
224. 2017). This is the main work of Roger Oria Fernández, which has been conducted
during the entire period of this thesis. He developed a novel technique to precisely control
matrix rigidity and ligand density and distribution, he designed and performed all
experiments (except for Cryo-SEM and AFM characterization of the substrates, and
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Rigidity sensing and adaptation through
regulation of integrin types
Alberto Elosegui-Artola1,2, Elsa Bazellières2, Michael D. Allen1, Ion Andreu3, Roger Oria2,
Raimon Sunyer2, Jennifer J. Gomm1, John F. Marshall1, J. Louise Jones1, Xavier Trepat2,4,5*
and Pere Roca-Cusachs2,4*
Tissue rigidity regulates processes in development, cancer and wound healing. However, how cells detect rigidity, and
thereby modulate their behaviour, remains unknown. Here, we show that sensing and adaptation to matrix rigidity in breast
myoepithelial cells is determined by the bond dynamics of different integrin types. Cell binding to fibronectin through either
α5 β1 integrins (constitutively expressed) or αv β6 integrins (selectively expressed in cancer and development) adapts force
generation, actin flow and integrin recruitment to rigidities associated with healthy or malignant tissue, respectively. In vitro
experiments and theoretical modelling further demonstrate that this behaviour is explained by the different binding and
unbinding rates of both integrin types to fibronectin. Moreover, rigidity sensing through differences in integrin bond dynamics
applies both when integrins bind separately and when they compete for binding to fibronectin.

T

he rigidity of the extracellular matrix (ECM) determines cell
proliferation1 , drives differentiation into different lineages2 ,
and can induce malignant phenotypes if increased above a
certain threshold3 . To detect rigidity, cells must first mechanically
probe the ECM. Different contractile structures that apply forces
to the ECM have been proposed to serve that purpose4–7 and
to mediate the complex signalling pathways that depend on
substrate rigidity6,8 . However, the molecular mechanism by which
cell–substrate forces detect rigidity and trigger any downstream
signalling remains unknown. An appealing hypothesis is that this
mechanism could be mediated by the unbinding rates of molecular
bonds, which have long been described to be determined by force9 .
Such an effect has indeed been proposed to directly mediate rigidity
sensing7 , but the hypothesis remains unproven as the relevant
molecular bonds have not been identified. Among the different
bonds involved in cell–substrate adhesion, those between integrins
and the ECM are particularly promising candidates. Indeed, they
provide the main molecular mechanical link between cells and their
substrate, and they are affected by substrate rigidity10 . We thus
conjectured that integrins provide a rigidity sensing mechanism
through their binding and unbinding rates. Further, given the
variety of integrin types and their redundancy in binding partners11 ,
regulation of integrin types with different binding rates to the
same ECM component could provide a simple mechanism of
rigidity adaptation.
To test this hypothesis, we focused on two receptors to the
ECM protein fibronectin (FN): α5 β1 integrin, the main FN receptor,
with a very well-characterized interaction12 , and αv β6 , expressed
selectively in developmental, cancer and wound-healing processes
and thus potentially providing an adaptation mechanism13 . As
a cell model we used two immortalized lines of human breast
myoepithelial cells14 : myo β6 cells, overexpressing β6 integrins (as
occurs in ductal carcinoma in situ), and control cells without β6
overexpression (myo ctrl). Both lines constitutively express α5 β1 .

Those lines were ideally suited to study FN–integrin interactions
because adhesion to FN-coated substrates required only α5 β1 in myo
ctrl cells but was mediated by both α5 β1 and αv β6 in myo β6 cells
(Supplementary Fig. 1).

Mechanical response to rigidity
We first used traction force microscopy15,16 to measure the forces
exerted by both cell types on FN-coated polyacrylamide gels of
different rigidities calibrated with atomic force microscopy. Cells
on all rigidities deformed the gels above noise levels, allowing the
measurement of forces (Supplementary Fig. 2). Force generation
in myo ctrl cells showed a peak at the stiffness corresponding
to healthy breast tissue (∼1 kPa, as measured also with atomic
force microscopy17 ), decreased for higher stiffness characteristic
of malignant tissue17 , and then increased again for stiffness
values above 5 kPa (Fig. 1a,b). That behaviour was lost in myo
β6 cells, which showed a monotonic increase in force with
stiffness (Fig. 1a,b).
We then carried out several experiments to further explore
this mechanical behaviour. First, we checked that the differences
between cell lines were caused specifically by αv β6 . Indeed,
differences were abolished by an αv β6 blocking antibody (Fig. 1c)
but unaffected by an isotype control antibody (Supplementary
Fig. 3b,c). The other FN receptor known to play a mechanical
role, αv β3 (ref. 18) did not significantly affect force generation
(Supplementary Fig. 3d,e). Second, we confirmed that the effect of
αv β6 was mediated by the bond to FN and not by other possible
interactions, because plating cells on substrates coated with collagen
(which does not bind to αv β6 ) eliminated the force differences
between cell types (Supplementary Fig. 3f,g). Confirming the
specific role of FN, overall forces decreased for both cell types when
cells were plated on substrates coated with a lower FN density
(Supplementary Fig. 3h,i). However, the relative differences and the
rigidity trends were maintained for both cell types. Furthermore,
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Figure 1 | Expression of αv β6 integrins alters response to substrate stiffness. a, Colour maps showing the traction forces applied by individual myo ctrl or
myo β6 cells on FN-coated polyacrylamide gels of increasing rigidity. Scale bar, 20 µm. b, Average forces as a function of rigidity for myo ctrl cells (red) and
myo β6 cells (blue). c, Average forces for both cell types after blocking αv β6 with an inhibitory antibody (ab). Differences between cell types were
significant without antibodies (p < 0.05) but not with antibodies, and the effect of stiffness was significant in all cases (p < 0.05). n ≥ 11 cells per condition.
Error bars show standard error of the mean.

performing experiments using culture medium without fetal bovine
serum (FBS) did not affect measurements (Supplementary Fig. 3j,k),
thereby discarding possible effects of ECM components present in
FBS. Other effects due to cell geometry or substrate coating were
also ruled out (Supplementary Note 1). Finally, we used primary
human breast myoepithelial cells to check that our results were not
an artefact of the immortalized myo ctrl and myo β6 cell lines.
Primary cells featured the same behaviour as myo ctrl cells, and
the same behaviour as myo β6 cells after transfecting β6 integrin
(Supplementary Fig. 3l,m). Thus, rigidity sensing by myo β6 cells
was altered by the FN–αv β6 bond, which abolished the local force
peak at healthy stiffness present in control cells.
Next, we evaluated whether the different forces exerted by myo
ctrl and myo β6 cells could be due to altered myosin activity. Before
plating on the gels, the levels of total myosin light chain and active
phosphorylated myosin light chain were the same between cell
types (Supplementary Fig. 4a,b). The levels of Rho and Rac, known
regulators of contractility and cytoskeletal organization, and of
α5 β1 integrins, were also the same (Supplementary Fig. 4a,b). Once
attached to the gels, myosin phosphorylation moderately decreased
for both cell types as rigidity increased, and was slightly higher
for myo β6 cells than myo ctrl cells (Supplementary Fig. 4c,d).
The activation of Rho and Rac also exhibited some differences
(Supplementary Fig. 4e–h). However, the variations induced by
rigidity and cell type in either myosin phosphorylation or Rho/Rac
activation did not globally match the corresponding variations
measured in forces. Thus, the measured force/rigidity curves could
not be explained by biochemical regulation of myosin activity.

Binding dynamics of α5 β1 and αv β6 integrins
As regulation of myosin activity could not explain the effect of
the FN–αv β6 bond, we then evaluated whether bond dynamics
could provide a mechanism. To this end, we first measured the
true binding rate (kont ) and unbinding rate (koff ) to FN of purified
α5 β1 and αv β6 integrins using surface plasmon resonance (Fig. 2a).
2

αv β6 integrins had a slightly reduced kont and strongly increased koff
with respect to α5 β1 integrins. However, for a given FN molecule
on the substrate, actual binding rates to integrins will depend not
only on the true binding rate (which defines the probability of
binding between two individual molecules), but also on the number
of integrins available for binding on the cell membrane. This can be
captured by defining an effective binding rate kon as kon = kont · dint ,
where dint is the density of integrins on the cell membrane19 . We thus
measured integrin densities, which were fivefold higher for αv β6
than for α5 β1 (Fig. 2b and Supplementary Fig. 5). As kont decreased
by only half, kon in myo β6 cells was thus predicted to be higher for
αv β6 than for α5 β1 . To test whether that increase in both kon and koff
of αv β6 was observed in cells, we used magnetic tweezers to pull with
a constant force on FN-coated beads attached to cells. Consistently
with an increase in koff , beads bound to FN through αv β6 (because
α5 β1 had been blocked) detached faster than beads bound through
α5 β1 (Fig. 2c and Supplementary Note 2). Those bead-detachment
times were not affected by the stiffness of the substrate that cells were
on, discarding that downstream processes triggered by rigidity could
affect koff (Supplementary Note 2).
Further, the expression of αv β6 reduced the recruitment of α5 β1
to FN-coated beads bound to the cell membrane (Fig. 2d,e), but the
inverse did not take place (Fig. 2f,g). This shows that αv β6 had a
higher affinity for FN than α5 β1 , indicating that kon had to increase
even more than koff to compensate for the increased unbinding
(Supplementary Note 2). Thus, in myo β6 cells and with respect to
α5 β1 , αv β6 had an increased koff , and an even more increased kon .

Rigidity sensing through integrin binding dynamics
We next evaluated how integrin–FN bond dynamics could
determine rigidity sensing. As previously proposed in a
computational model7,20 , substrate rigidity regulates the loading
rate of cell–substrate forces, which in turn determine molecular
unbinding rates. This model considers myosin motors pulling
on actin filaments, generating the characteristic rearward flow
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Figure 2 | Both binding and unbinding rates to FN are higher for αv β6 than for α5 β1 . a, Surface-plasmon-resonance curves showing attachment and
subsequent detachment of solutions of purified α5 β1 integrins and αv β6 integrins to a FN-coated substrate. Lines of increasing height represent increasing
integrin concentrations (9–264 nM for α5 β1 and 67–527 nM for αv β6 ). Data for 264 nM are marked in bold in both cases. Fitted kont and koff values are
shown below the graph (n ≥ 3 experiments). b, Integrin densities on the membrane for both cell types (n ≥ 46 cells per condition, see also Supplementary
Fig. 5). c, Top: The tip of a magnetic tweezers device was approached to cells with attached FN-coated magnetic beads, and used to apply a force of 0.5 nN
to beads for 2 min. Scale bar, 20 µm. Bottom: Time required to detach beads from myo ctrl or myo β6 cells (with or without blocking antibodies) after force
application (n ≥ 64 beads from ≥47 cells per condition). d, Differential interference contrast (DIC) images and β1 integrin staining images of myo ctrl or
myo β6 cells (with or without blocking αv β6 integrins) showing β1 integrin recruitment to FN-coated beads. Insets show beads marked with a red square.
e, Corresponding quantification of integrin recruitment to beads (n ≥ 20 beads from ≥10 cells per condition). f,g, The same as in d,e, but staining for β6
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of actin towards the cell centre21 . Actin flow then connects to a
substrate of given rigidity through ‘clutch’ molecules with defined
kon and koff . In the filopodia of embryonic chick forebrain neurons,
this model successfully predicted traction-force dynamics, as well

as the effect of substrate rigidity on the increase of actin speeds
and the decrease of traction forces. However, the model did not
relate the clutches to specific molecular bonds, and did not include
reinforcement, that is, the strengthening and growth of cell–ECM
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Figure 3 | Integrin–FN clutch model of force transmission. a, Myosin motors pull on actin filaments, which move with rearward speed va . Integrins of two
different types connect to the actin flow through adaptor proteins, and compete for binding to FN with effective binding rates kon1 and kon2 given by true
binding rates (kont1 , kont2 ) multiplied by integrin densities on the membrane (dint1 , dint2 ). FN molecules are in turn connected to a compliant substrate,
represented as a linear elastic spring of varying rigidity. b, Flow of events (from top to bottom). (i) The model considers a given number of FN molecules
(triangles) attached to the substrate, to which integrins can bind. (ii) Orange integrins, with higher kon , will bind faster. (iii) Once they bind, actin rearward
movement applies a force on all integrins and the substrate. As orange integrins also have a higher koff , they will detach sooner. (iv) Eventually,
blue integrins will detach as well, and if before detaching the force transmitted through them reaches a threshold value, a reinforcement mechanosensing
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discussed in the main text and in Supplementary Note 4.

adhesions commonly observed after force application in several cell
types18,22 . To address this, we developed a model that expands on
one proposed previously7,20 (see Fig. 3 and Methods for details).
First, we specifically modelled the clutches as FN molecules
on the substrate, and the binding and unbinding rates as those
between each FN molecule and integrins (Supplementary Note 3).
For binding, we considered the effective rate kon , determined by
multiplying the true binding rate kont by the density of integrins dint
available for binding to each FN molecule. We also allowed different
integrin types (characterized by different kon values) to compete for
FN binding (Fig. 3a). For unbinding, we used koff values determined
experimentally for the FN–α5 β1 single-molecule bond as a function
of the applied force12 . This measured koff depends on force as a
catch bond, presenting a maximum stability (minimum koff ) at a
force of about 30 pN. To allow for possible differences in integrin
activation between cell types, we multiplied the koff /force curve by
4

an adjustable scaling factor. In contrast, no experimental data exist
for the koff /force curve of single FN–αv β6 bonds. For simplicity and
because αv β6 binds to the same RGD motif in FN, unbinding in
FN–αv β6 bonds was thus modelled simply by changing the scaling
factor of the FN–α5 β1 koff /force curve. We note, however, that the
catch-bond assumption is not essential for model output, and that
the same qualitative results can be obtained using slip bonds7,20 .
This could be because under collective loading, catch-bond features
may be observable only under uniform bond loading23,24 , which
is not the case in a system driven by rearward flow. Finally, as
reinforcement was observed in our cells (Supplementary Fig. 6), we
included that aspect by increasing integrin density dint by a given
amount each time the force in any integrin–FN bond surpassed
a certain threshold before breakage (Fig. 3b). This force-sensing
event could correspond to force-induced conformational changes in
proteins linking integrins to actin25 , exposing binding sites to other
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Figure 4 | Integrin–FN binding dynamics predict force generation, actin flow and integrin recruitment in response to substrate stiffness. a, Examples of
traction maps exerted by myo ctrl cells plated on substrates of 5 or 29 kPa. b, Top: Examples of myo ctrl cells transfected with lifeact–GFP plated on
substrates of 5 or 29 kPa. Bottom: Kymographs showing the movement of actin features along the lines marked in red in the top image. The slope of the
traces created by the features (marked with dashed lines) was used to calculate actin speed. c, Staining of β1 integrins in myo β6 cells where αv β6 was
blocked, and of β6 integrins in cells where α5 β1 was blocked. Zoomed regions on top of images correspond to rectangles marked in red in the main image.
Scale bars, 20 µm. d–l, For cells on FN-coated gels of varying stiffness, quantifications of average cell traction forces (d,g,j, n ≥ 14 cells per condition), actin
rearward flows (e,h,k, n ≥ 19 traces from ≥7 cells per condition), and integrin densities in adhesions (f,i,l, n ≥ 52 adhesions from ≥10 cells per condition).
Results are shown for cells with adhesion mediated by α5 β1 integrins (d–f; filled circle: myo ctrl, open circle: myo β6 + αv β6 ab), αv β6 integrins (g–i, myo
β6 + α5 β1 ab), and both integrins (j–l, myo β6 cells without any ab). Lines indicate model predictions. In l, blue and orange symbols correspond,
respectively, to β1 and β6 integrin densities. Error bars show standard error of the mean. Statistical analyses are detailed in the Methods.

molecules and providing a mechanotransduction signal to increase
integrin concentration.
In essence, substrate rigidity affected the outcome of our model
by regulating the rate of force loading experienced by integrin–
FN bonds pulled by actin rearward flow. Indeed, the rate at which
rearward flow deforms the substrate translates into a small or large
rate of force loading depending on whether the substrate is soft or
stiff, respectively. Integrin–FN bonds respond to this loading rate,
resulting in three regimes as rigidity increases (Fig. 3c). At very

low rigidities, force builds so slowly that bonds (which have a nonzero koff even at zero force) detach spontaneously before significant
forces can be loaded. In this first regime, increasing loading rates
thereby improves force transmission. However, above a certain
rigidity loading rates become so high that bonds quickly reach forces
where koff increases enough to dominate over kon . In catch bonds,
this increase in koff takes place after the force of maximum stability,
but the crossover between unbinding and binding dynamics would
also happen in a slip bond featuring a monotonic increase of
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koff with force. In this second regime, bonds then unbind before
allowing time for others to form, decreasing force transmission by
reducing the amount of bonds engaged simultaneously. However,
as loading rates increase further, unbinding forces in individual
bonds (which increase with loading rate) start surpassing the
threshold reinforcement force. That increases integrin density
and kon (Fig. 3d), leading to a third regime with faster bond
formation and improved force transmission. In all cases, transmitted
forces pull on and slow actin filaments, leading to an inverse
relationship between force and actin rearward flow as previously
reported26 (Fig. 3e and see Supplementary Note 4 for details on
model predictions).
To test our model, we first considered the case in which cell–
substrate adhesion is mediated by a single integrin type. Using
parameters in the range of measured experimental values and a
single population of α5 β1 integrins (Supplementary Table 1 and
Note 5), we were able to capture force generation by cells bound
to FN through α5 β1 (both myo ctrl cells and myo β6 cells with
αv β6 blocked, Fig. 4d). In contrast, when the same myo β6 cells
bound to FN substrates through αv β6 (because α5 β1 had been
blocked), the traction peak moved to malignant rigidities (5 kPa,
Fig. 4g), and the onset of the third reinforcement regime was
delayed. This behaviour was captured by the model after leaving
all other parameters constant and increasing only kon (fivefold) and
koff (threefold), matching thus the trends in bond dynamics between
α5 β1 and αv β6 measured in Fig. 2. Thus, simply by binding to FN
through integrins with different binding and unbinding rates, cells
are able to tune the position of the traction peak. When both integrin
types were included (using again the same parameters), the model
predicted the monotonic increase in traction force with rigidity that
was observed in myo β6 cells when no integrins were blocked (Fig. 4j
and Supplementary Note 4).
We next tested whether our model was able to predict actin flow
velocities. To this end, we measured the speed of actin movement in
lifeact–GFP-transfected cells, which was higher in cells generating
low forces (Fig. 4a,b). When we quantified rearward flow for all
conditions, forces and actin speeds were inversely correlated in
all cases, with local maxima in forces becoming local minima in
speeds and vice versa (Fig. 4e,h,k and Supplementary Movies 1–3).
Further, our model quantitatively predicted actin speeds with the
same parameters used to predict forces (Fig. 4e,h,k). The model also
predicted that the onset of the third regime was associated with an
increase in integrin density (Fig. 3d). Indeed, α5 β1 and αv β6 integrin
densities increased sharply at the points predicted by the model:
14 kPa for α5 β1 , and 29 kPa for αv β6 (Fig. 4c and Supplementary
Fig. 7). A quantitative analysis of integrin densities in adhesions was
also in agreement with model predictions in all cases (Fig. 4f,i,l).
Thus, bond dynamics to FN were sufficient to explain how α5 β1
and αv β6 integrins regulate force generation, actin flow and integrin
recruitment in response to substrate rigidity.

Outlook
Different theoretical approaches have been used to propose how
the binding dynamics of clustered catch bonds23,24 could mediate
rigidity sensing. Recently, a computational analysis20 detailed how
different parameters, including binding and unbinding rates, could
modulate rigidity sensing by molecular clutches driven by rearward
flow. However, how this could be achieved experimentally, and
what molecules were involved, remained unknown. Our results
demonstrate that, by regulating the expression on the membrane of
different integrin types, cells can tune their force generation to be
optimal at healthy breast tissue stiffness (with α5 β1 ) or malignant
stiffness (with αv β6 ), or to increase monotonically (with both
integrins). This rigidity sensing and adaptation emerges naturally
from integrin–ECM bond dynamics. Interestingly, integrin bond
dynamics also predict the onset of integrin recruitment and
6

subsequent increase in force generation that takes place at high
rigidities (the third regime in Fig. 3c–e). In the model, this feature
emerges simply after assuming a threshold for force sensing in
single mechanosensing molecules, suggesting a mechanism by
which cells could couple integrins to mechanosensors sensitive to
one mechanical parameter (force) to detect a different mechanical
parameter (substrate rigidity). Potentially, such a mechanism could
also explain how integrin binding affects a downstream process
such as differentiation27 in a stiffness-dependent manner10 . Of
note, the only effect of force sensing events that we considered
was an increase in integrin recruitment, which was sufficient to
predict our results. However, additional reported events associated
with adhesion formation, such as activation of the FAK–paxillin–
vinculin pathway6 , could play synergistic effects by further
reinforcing the clutch.
As biological tissues stiffen with force application28 , local force
generation maxima provide a homeostatic mechanism: in healthy
tissue, a small perturbation tending to increase stiffness would
reduce force generation by cells, decreasing tissue stiffness back to
the healthy range. In tissue-remodelling scenarios (given by developmental processes, wound healing or cancer), αv β6 recruitment to
the membrane would break homeostasis by shifting or eliminating
the force peak. Further, because integrin recruitment is triggered by
a mechanosensing event after a given stiffness threshold, any process
causing a large increase in tissue stiffness beyond this threshold
could provide the signal required to break homeostasis.

Methods
Traction-force measurements. For traction-force measurements, cells seeded on
gels were placed on an inverted microscope (Nikon Eclipse Ti). Single cells were
tracked for 12 h, while we acquired phase-contrast images of the cells and
fluorescence images of the embedded nanobeads using a ×40 objective. Then,
cells were trypsinized, and an image of bead position in the relaxed state of the
gel was acquired. By comparing bead positions with and without cells, a map of
gel deformations caused by cells was first obtained using custom
particle-imaging-velocimetry software15 . Then, after assuming that gel
displacements were caused by forces exerted by cells in the cell–gel contact area,
the corresponding map of cell forces was calculated using a previously described
Fourier transform algorithm16,29 . The average forces per unit area exerted by each
cell were then calculated. Force measurements for each cell were taken each hour
during the measurement, and the average value for all time measurements was
used. Total strain energy exerted by the cells was calculated by performing a
scalar product between gel displacement and force for each pixel in the force
map, and then adding the result for the entire traction map. Phase-contrast
images were also used to calculate average cell-spreading areas as a function of
substrate stiffness.
Surface plasmon resonance experiments. True binding rates (kont ) and
unbinding rates (koff ) were measured using a Biacore T-100 system. First, 82 RU
of monomeric biotinylated FN7-10 molecules and biotinylated bovine serum
albumin (BSA) molecules were immobilized to flow cells of avidinated
sensorchips (Xantec bioanalytics). FN7-10 is a segment of FN responsible for cell
binding, and contains the integrin-binding motifs RGD and PHSRN (ref. 30).
Then, different concentrations of purified recombinant human α5 β1 and αv β6
integrins were diluted in Tris-buffered saline (25 nM Tris and 150 mM NaCl, at
pH 7.4) with 1 mM of CaCl2 , MgCl2 and MnCl2 to ensure that integrins were in
their activated ligand-binding state31 . Integrin dilutions were then injected at a
constant rate of 30 µl min−1 for 60 s, followed by an injection of buffer for 60 s.
All measurements were taken as the difference between the sensorgrams obtained
in the flow cell, with FN7-10 molecules and the reference sensorgrams obtained
in the flow cell with biotinylated BSA. The same Tris-buffered saline containing
20 mM EDTA instead of Ca, Mg and Mn ions was used to remove bound
integrins and regenerate the surface between measurements. Data were analysed
using Scrubber (BioLogic Software) software, and kont and koff values were
obtained after fitting a 1:1 Langmuir binding model.
Magnetic tweezers and bead-recruitment experiments. Magnetic tweezers
experiments were carried out as previously described18,32 . Briefly, carboxylated
3 µm magnetic beads (Invitrogen) were coated with a mixture of biotinylated
pentameric FN7-10 and biotinylated BSA (either 1:5 or 1:30). For measurements,
cells were first plated on coverslips coated with 40 µ g ml−1 laminin (Sigma) to
ensure that blocking antibodies used to disrupt adhesion to FN affected only
cell–bead and not cell–substrate interactions. FN-coated beads were then
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deposited on the coverslips, and attached to cells. The tip of the magnetic
tweezers device was then used to apply a force of 0.5 nN for 2 min on beads
attached to cell lamellipodia. Then, the percentage of beads still attached to cells
after force application was calculated. For beads that detached, the time of force
application required for detachment was also calculated. To quantify integrin
recruitment to beads, cells attached to FN7-10-coated beads were fixed and
stained for β1 and β6 integrins as described in the immunostaining section. To
avoid the high autofluorescence of magnetic beads, 3 µm carboxylated silica beads
(Kisker Biotech) were used. The average fluorescence intensity on the beads and
on surrounding areas was then measured, and the difference between both values
was taken as a measure of integrin recruitment.
Rearward-flow measurements. To measure actin rearward flow, cells were
transfected with lifeact–GFP, lifeact–mRuby or α5 integrin (courtesy of
R. Horwitz33 , Addgene plasmid 15238) using jetPRIME transfection kit (Polyplus
transfection) 2 days before measurements. Cells were then plated on gels of
varying rigidity, and imaged every second for 2 min with an oil immersion ×100
objective with spinning-disc confocal microscopy (Andor). For each cell,
kymographs were obtained at the cell periphery, and actin speed was measured
from the slope of actin features observed in the kymographs. In cells plated on
0.25 kPa gels, actin features were so diffuse that no reliable slopes could be
measured in kymographs.
Immunostaining. For fluorescence staining of integrins, cells were fixed with 4%
paraformaldehyde, permeabilized with 0.1% Triton X-100, and labelled first with
primary antibodies (1 h, room temperature), and then with Alexa-conjugated
secondary antibodies (Invitrogen) (1 h, room temperature). Fluorescence images
were then acquired with a ×60 oil immersion objective (NA 1.40) using a Nikon
Eclipse Ti microscope.
Supplementary methods. Cells and reagents, preparation of polyacrylamide gels,
measurement of polyacrylamide gel stiffness, adhesion reinforcement
measurements, western blotting and Rac/Rho activation measurements, statistical
analysis, and the stochastic modelling of traction-force generation are described
in the Supplementary Methods.
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Supplementary methods
Cells and reagents
Human breast myoepithelial immortalized cell lines myo ctrl (originally labelled as N-1089), myo β6
(originally labelled as B6-1089) were described previously1, and cultured in Hams-F12 (Sigma,
N4888) media supplemented with 10% FBS, 2mM glutamine, Hydrocortisone (1µg/ml) EGF
(10ng/ml) and Insulin (5µg/ml). Human breast myoepithelial primary cells were prepared as
previously described2 from tissue received from the Barts Cancer Institute Breast Bank, with
Research Tissue Bank Ethics from Cambridgeshire 2 REC (ref: 10/H0308/49). Primary cells were
cultured in HuMEC media (Invitrogen, 12753) supplemented with 5 μg/ml insulin, 0.5 μg/ml
hydrocortisone, 10 ng/ml EGF, 50 μg/ml Bovine Pituitary Extract (Invitrogen), 10 μg/ml
Gentamicin, and 0.5 μg/ml Amphotericin B. One day before measurements, primary cells were
transfected with either an empty pcDNA1 neo plasmid or a β6 plasmid (courtesy of Dean Sheppard3,
addgene plasmid 13580) using jetPRIME transfection kit (Polyplus transfection). To block integrin
function, we used inhibitory antibodies against human α5β1 (10 µg/ml, clone JBS5 produced in
mouse, Millipore), αvβ6 (10 µg/ml, clone 53A2 produced in rat in-house), and αvβ3 (10 µg/ml,
cloneLM609 produced in mouse, Millipore). A control rat IgG2a isotype antibody (10 µg/ml, Life
Technologies) was also used. For immunostaining, we used antibodies against β1 integrin (clone
12G10 produced in mouse, Abcam), β6 integrin (clone 620W produced in rat in-house) and α5
(monoclonal antibody produced in rat, Abcam). Antibodies used for western blotting were Rho
(clone 3L74 produced in rabbit, Millipore), Rac (clone 23A8 produced in mouse, Millipore), Myosin
Light Chain (polyclonal antibody produced in rabbit, Cell Signaling), Phospho-Myosin Light Chain
(polyclonal antibody produced in rabbit, Cell Signaling), αv (polyclonal antibody produced in rabbit,
Millipore), β1 (polyclonal antibody produced in rabbit, Millipore), α5 (clone JBS5 produced in
mouse, Millipore), β6 (clone 53A2 produced in rat in-house) and GAPDH (clone 6C5 produced in
mouse, Santa Cruz). Purified recombinant human integrins αvβ6 and α5β1 were from R&D systems.
Preparation of polyacrylamide gels
Polyacrylamide gels were prepared as previously described4. Briefly, glass-bottom dishes were
activated with a solution of acetic acid, 3-(Trimethoxysilyl)propyl methacrylate (Sigma), and ethanol
(1:1:14), washed three times with ethanol, and air-dried for 10 min. A solution containing 0.5%
ammonium persulphate, 0.05% tetramethylethylenediamine (Sigma), 0.4% fluorescent red
carboxylated nanobeads (Invitrogen), and 2mg/ml NH-acrylate was mixed with different
concentrations of acrylamide and bisacrylamide to generate gels of different rigidities (see
Supplementary Table 2). 10 μl of this solution were then placed on the centre of glass-bottom dishes
and covered with 12 mm diameter glass coverslips. After gel polymerization, top coverslips were
removed and gels were incubated with 100 ug/ml of either fibronectin (Sigma) or collagen I
(Millipore) overnight at 4 ºC. After washing gels with PBS, cells were then trypsinized and plated on
gels. Experiments were carried out 12-24 h after cell seeding. To quantify the amount of FN coating
gels were prepared following the same procedure, except that fluorescent beads were not added and
normal FN was mixed with 10% of rhodamine-labeled FN (Cytoskeleton, Inc). Fluorescence
intensity emitted by the gels was then quantified on the microscope using a 20x objective, after
subtracting background fluorescence from neighbouring areas.

2
2

NATURE MATERIALS | www.nature.com/naturematerials

© 2014 Macmillan Publishers Limited. All rights reserved.

SUPPLEMENTARY INFORMATION

DOI: 10.1038/NMAT3960

Measurement of polyacrylamide gel stiffness
The stiffness (Young’s modulus) of polyacrylamide gels was measured by AFM as previously
described5. Briefly, measurements were made with a custom-built AFM attached to an inverted
optical microscope (Nikon TE200). Silicon nitride pyramidal tips with an effective half angle θ of
20º and a nominal spring constant of k=0.01 N/m were used (MLCT, Bruker). The actual spring
constant was calibrated by thermal tuning using the simple harmonic oscillator model6. The Young´s
modulus was measured by recording 10 force-displacement curves with a peak-to-peak amplitude of
6 µm and a frequency of 1 Hz. Four points near the gel centre were selected in each gel, separated 5
µm from each other. Eight gels produced in two batches were measured for each stiffness. To
compute the Young´s modulus (E), the Hertz model equation for pyramidal tips was fitted to the
force-displacement curves. The equation was fitted for an effective indentation of 500 nm.
Adhesion reinforcement measurements
To measure reinforcement, magnetic beads were coated with a 1:5 FN7-10:BSA mixture to minimize
bead detachment, and a 0.5 nN pulsatory force was applied with the magnetic tweezers to beads
attached to cell lamellipodia. Bead movement in response to the pulsatory force was tracked, and
bead stiffness was calculated as the applied force divided by the observed bead oscillation7. Initial
bead stiffness was normalized to 1, so that reinforcement (which is characterized by a progressive
strengthening of the cell-bead adhesion site, and a progressive reduction in bead movement in
response to force) could be assessed as a progressive increase in relative stiffness above 1.
Western blotting and Rac/Rho activation measurements
For western blotting of integrins, cells were extracted using lysis buffer (Tris 20mM pH8, NaCl 150
mM, EDTA 1mM, EGTA 1mM, 1% Triton-X100, antipaine 1µg/ml, pepstatine 1µg/ml,
benzamidine 15µg/ml, leupeptine 1µg/ml, orthovanadate 0.1mM), then mixed with Laemli 1X and
boiled at 95 ºC for 5 minutes. For Rho, Rac, Myosin Light Chain, and Phosphorylated Myosin Light
Chain, cells were directly incubated with 1X Laemli and boiled at 95 ºC for 5 minutes. Cell lysates
were loaded to 4-20% polyacrylamide gels (Bio-Rad), and after electrophoresis proteins were
transferred to a nitrocellulose membrane (Whatman, GE Healthcare Life Sciences), which was
blocked with 5% dry-milk-Tris Buffer saline- 0.2% Tween and incubated with primary antibodies
(overnight at 4ºC) and then with the horseradish peroxidase coupled secondary antibodies (1h, room
temperature). Bands were revealed using the LumiLight kit (Roche) and quantified using the ImageJ
software. The fraction of active GTP-bound Rho and Rac was assessed with the RhoA and Rac1 GLisa activation assay kits (Cytoskeleton, Inc).
Integrin density measurements
To measure integrin densities on the membrane before adhesion (see Supplementary Figure 5) cells
were trypsinized and incubated for 30 minutes with or without blocking antibodies to allow for
integrin recovery after trypsinization. Cells were then incubated with normal FN mixed with 10% of
rhodamine-labeled FN (Cytoskeleton, Inc), and subsequently fixed with 4% paraformaldehyde,
washed, and imaged under the microscope with a 20x objective. Incubation with FN was carried out
for increasing FN concentrations, and total cell fluorescence measured. When fluorescence levels
reached saturation, all available integrins were considered to be bound to FN. Then, fluorescence
levels for both myo ctrl and myo β6 cells were measured in saturation conditions after blocking
either α5β1 integrins, αvβ6 integrins, or both. In myo β6 cells, fluorescence levels caused by one
integrin type (α5β1 or αvβ6) were calculated as the difference between the fluorescence observed
3
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when blocking the other integrin type, and the background fluorescence observed when blocking
both types. In myo ctrl cells, fluorescence levels caused by α5β1 integrin were calculated as the
decrease in fluorescence induced by blocking α5β1 integrin. To convert fluorescence levels to
integrin densities, we measured the fluorescence intensity emitted by known concentrations of FN
absorbed on a coverslip. Using this calibration, we measured the total number of integrins of each
cell, and then calculated integrin density on the membrane by dividing by the surface of a sphere
with the radius of the cell.
To quantify how substrate stiffness affected integrin densities on the membrane, we stained cells
plated on FN-coated gels of varying stiffness with β1 or β6 antibodies as described in the
immunostaining section. Images were acquired using always the same conditions and exposure, and
ensuring that the signal was not saturated. Then, we measured fluorescence intensity at the cell
periphery in regions including both adhesion sites and neighbouring areas. Background intensity
measured outside cells was then subtracted. To compare with model predictions, all values were
normalized to the average intensity observed on the softest gels.
Statistical analysis.
Statistical comparisons were carried out with two-tailed student’s t-tests when two cases were
compared and with Analysis of variance (ANOVA) tests when more cases were analysed. In the
cases in which the simultaneous effects of two parameters (substrate stiffness and cell condition)
were analysed, 2-way ANOVA tests were employed. The results of statistical comparisons are
reported in the corresponding Figures, except for Figure 4. In Figure 4, both substrate stiffness and
cell condition (either myo ctrl cells or myo β6 cells with the different ab treatments) significantly
affected force generation (p<0.05). Force decreases between 0.7-5 kPa in cells with α5β1-mediated
adhesion and between 5-13 kPa in cells with αvβ6-mediated adhesion were also statistically
significant (p<0.05). To further check that force/rigidity curves were monotonically increasing for
myo β6 cells without treatment but not for myo ctrl cells, we fitted a monotonically increasing
logarithmic equation (y = a + b*log(x)) to three independent measurement sets on myo ctrl and myo
β6 cells. r2 values were higher for myo β6 cells than for myo ctrl cells (0.96 ± 0.01 versus 0.67 ±
0.01, p < 0.001). Rearward flows were also significantly different between cell conditions at the
rigidity range (5-14 kPa) where the local maxima were located (p<0.05 between myo ctrl cells and
the other conditions on 5 kPa, and between myo β6 cells + α5β1 ab and other conditions on 14 kPa).
Regarding integrin densities, their increase with stiffness was only significant starting at the points
predicted by the model (p<0.05 between α5β1 integrin densities at 14 kPa and lower rigidities, and
between αvβ6 integrin densities at 29 kPa and lower rigidities). All error bars are shown as mean ±
SE.
Stochastic modelling of traction force generation
Model assumptions and implementation
The role of integrins in force transmission from the cytoskeleton to the substrate was analysed by
adapting a previously described model8, which was used to predict the force generation and actin
dynamics in the growth cones of neuronal axons. The model considers a given number of myosin
motors (nm) pulling on an actin bundle. This bundle can bind to the substrate through a set number of
FN molecules (nf). Actin and FN bind through integrins and the different protein complexes that link
integrins to actin, forming the “clutch” that transmits forces to the substrate. For simplicity, this
clutch is modelled as a single linear elastic hook with spring constant κc, which associates according
4
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to an effective binding rate kon, and dissociates according to an unbinding rate koff. In the model from
Chan et al., these rates represent a general “weakest point” in the actin-substrate link, whereas in our
case we assume it represents integrin-FN bonds (see Supplementary Note 1). As the model considers
a fixed number of fibronectin molecules, the effective binding rate is given by
(1)

��� � ���� �����

where kont is the true binding rate characterizing each integrin-FN bond, and dint is the density of
integrins on the cell membrane9. We note that the density used to calculate the effective binding rate
should be that of the reagent in excess, which in our case corresponds to integrins and not
fibronectin. Indeed, our simulations considered 75 fibronectin clutches (Supplementary Table 1,
parameter nf) and at least 460 integrins (obtained after multiplying the area of ~1 μm2 given by the
adhesion radius parameter a and integrin density, see Supplementary Table 1). Experimentally, that
fibronectin was the limiting factor was confirmed by the fact that αvβ6 integrins displaced α5β1-FN
binding in both FN-coated beads (fig. 2d-e) and on the FN-coated substrate (Supplementary Figure
9a), and that force generation decreased when FN coating concentration on the substrate was reduced
(Supplementary Figure 3h-i).
The unbinding rate koff for α5β1-FN bonds (which depends on force) was obtained from previous
AFM measurements of bond lifetimes10. Of the different conditions measured by Kong et al., the one
providing maximum activation (with Mn2+ ions) was used. koff was calculated as the inverse of
lifetime values, and the experimental data (which showed a catch bond with maximum stability at
about 30 pN) were interpolated with a double exponential. To allow for possible differences in
integrin activation between cell types, the koff/force curves from Kong et al. were multiplied by a
scaling factor. The best fit was obtained by using a scaling factor of 0.5. However, no equivalent
bond lifetime measurements exist for the αvβ6-FN bond. Thus, for simplicity and given that αvβ6
integrins bind to the same RGD motif in FN molecules11, koff for the αvβ6-FN bond was modelled
with the same catch bond dependency as the α5β1-FN bond, by changing only the scaling factor.
Best fits were obtained with a scaling factor of 1.5. Additionally, we note that, whereas catch bonds
modulate the shape of the force/rigidity curve, the peak in force generation and its modulation by
binding and unbinding rates are also found if slip bonds are assumed8, 12.
The Monte Carlo simulation begins with all FN molecules unbound, in which case the myosin
motors are unloaded and move the actin bundle with a constant rearward speed (towards the cell
centre) vu. In each time step (5 ms), unbound FN molecules are allowed to associate with integrins
according to kon, and bound molecules are allowed to dissociate according to koff. If both integrin
types (α5β1 and αvβ6) are present, the one binding first prevails. In the next time step, resulting
bound molecules move rearward with actin, become stretched, and apply a force to the substrate. All
bound molecules are considered to be connected in parallel to the substrate, which is treated like a
linear elastic hook with spring constant κsub. After every time step the force applied to the substrate
Fsub can be calculated by imposing force balance:

���� �

�

����� �
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�
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(2)
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Where xi is the position of each bound molecule, and nbound is the total number of bound molecules.
This force in turn slows myosin motors and actin speed va, which can be calculated after assuming a
linear force-velocity relationship:
ݒ ൌ ݒ௨ ቀͳ െ

ிೞೠ್

 ி

(3)

ቁ

Where Fm is the force required to stall a myosin motor. To implement reinforcement, the maximum
force reached by each individual bond before unbinding is recorded. If this force is higher than a
threshold reinforcement force Fr, integrin density increases by a given amount dadd. Conversely, if
the force is lower integrin density decreases by the same amount. This reflects the observation that
cell-matrix adhesion sites can both grow in response to force and shrink when forces are low13, 14.
However, since initial integrin density dint represents the amount of integrins before any significant
adhesion growth, integrin density is not allowed to decrease below this value. Changes in dint then
affect the effective binding rate kon according to eq. 1.
At the end of each step, the actin bundle moves according to va and displaces bound molecules by the
same amount, increasing force and changing koff. Bonds are then allowed to associate and dissociate
according to the new kon and koff, and forces and velocities are recalculated. This process is repeated
for 1000 s to ensure that steady state is reached. As an alternative method, the simulation was also
performed using a Gillespie algorithm12. Rather than evaluating all the events taking place in a fixed
time step, this approach evaluates all possible binding/unbinding events in each iteration and
executes only the one that takes place first. No significant differences were observed in the outcomes
of both approaches.
Calculation of traction stresses and Young’s moduli
It must be noted that the model is one-dimensional, and therefore treats the substrate as an elastic
spring (with units of force/length) and the model output is force (eq. 2). To compare model
predictions with experiments, we used a previously described approach to convert spring constants to
the corresponding Young’s modulus15. Briefly, this approach considers a semi-infinite elastic
substrate with Young’s modulus E, where a circular adhesion site of radius a applies a uniform
shearing stress in one direction. The elastic spring constant to ksub of the system can be estimated as
the ratio between the total force applied by the adhesion site and the resulting displacement at the
centre of the adhesion, which can be related to the Young’s modulus as:

ܧൌ

ଽೞೠ್

(4)

ସగ

The traction stress Psub applied on the substrate (which is the experimental output of traction force
measurements) can then be calculated as:

ܲ௦௨ ൌ

ிೞೠ್

(5)

గమ

The area of the adhesion (ߨܽଶ ) represents thus the total surface occupied by the number of
fibronectin molecules nf considered in the simulation.
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Model limitations
Given that the Reynolds number involved is << 1, inertial forces were not considered. Viscous terms
were not included either, as they would provide an extra complexity not required to model our data,
and unlike other parameters they would not be directly related to any specific molecular parameter
involved in cell-ECM adhesion. Since in all our simulations the concentration of bound integrins
always remained below 5%, we did not consider a possible reduction in the density of available
integrins dint caused by bound integrins. Further refinements to the model could include for instance
considering differences in force distribution within adhesions, or the effects of physical separation
between molecules on rebinding rates. Models including these and other aspects have been reviewed
elsewhere8, 16. However, we chose not to implement any of these complexities to illustrate that a
simple model with very few parameters is sufficient to predict the altered rigidity sensing and
adaptation induced by binding and unbinding rates. The good agreement between model and
experiment further confirms that our simplified model is largely sufficient to describe rigidity
response.
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Supplementary Figures

Supplementary Figure 1. Inhibition of adhesion to FN-coated substrates requires only blocking of α5β1 integrins
in myo ctrl cells, but blocking of both α5β1 and αvβ6 in myo β6 cells. (a) Images showing myo ctrl and myo β6 cells
spread on FN-coated coverslips with or without using blocking antibodies against α5β1 integrins, αvβ6 integrins, or both.
(b) Corresponding quantification of % of spread cells. n≥10 fields, *: p <0.05. Scale bar is 50 µm.

8
8

NATURE MATERIALS | www.nature.com/naturematerials

© 2014 Macmillan Publishers Limited. All rights reserved.

DOI: 10.1038/NMAT3960

SUPPLEMENTARY INFORMATION

Supplementary Figure 2. Examples of deformations caused by myo ctrl and myo β6 cells on underlying gels of
varying rigidity. (a-b) Phase contrast images and maps of substrate displacements exerted by myo ctrl cells (a) or myo
β6 cells (b). (c) The same example of myo ctrl cell on a 5 kPa substrate is shown again with a modified scale to show that
gel displacements, while low, were still clearly detectable. In all cases, forces exerted by cells were clearly above noise
values, which can be assessed in images as the displacements of the regions of the gel located outside cells. These
deformation maps were used to compute traction forces (see methods). Scale bar is 20µm.
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Supplementary Figure 3. Traction force controls. (a) Example colour maps showing the forces applied by individual
myo ctrl or myo β6 cells on substrates coated with 100 μg/ml FN (100 μg/ml FN coating was used in all other
experiments in this figure unless specified otherwise). (b-c) Example colour maps (b) and corresponding quantification
(c) of forces applied by myo ctrl or myo β6 cells with or without treatment with a rat IgG2a isotype control antibody. No
significant effect of the antibody was detected (n≥10 cells). (d-e) Example colour maps (d) and corresponding
quantification (e) of forces applied by myo ctrl or myo β6 cells with or without treatment with a αvβ3 integrin blocking
antibody. No significant effect of the antibody was detected (n≥10 cells). (f-g) Example colour maps (f) and
corresponding quantification (g) of forces applied by myo ctrl or myo β6 cells on collagen-coated substrates. No
significant differences were detected between cell types (n≥12 cells). (h-i) Example colour maps (h) and corresponding
quantification (h) of forces applied by myo ctrl or myo β6 cells adhered on substrates incubated with 100 μg/ml FM (as
in all other cases) or 10 μg/ml. Incubation with 10 μg/ml rather than 100 μg/ml FN reduced the corresponding FN coating
on the gel surface to 1/3. Reducing FN coating significantly decreased force generation (p<0.001), but the trends with
stiffness were maintained. In myo ctrl cells, forces at 0.7 kPa remained significantly higher than at 5 kPa (p<0.01, n≥10
cells). (j-k) Example colour maps (j) and corresponding quantification (k) of forces applied by myo ctrl or myo β6 cells
with or without FBS in the culture media. No significant differences were detected (n≥10 cells). (l-m) Example colour
maps (l) and corresponding quantification (m) of forces applied by primary human breast myoepithelial cells either
untransfected (black symbols), transfected with an empty pcDNA1 neo vector (red symbols), or transfected with a
pcDNA1 neo vector encoding for integrin β6. Forces in cells transfected with the empty vector were significantly
different from forces in cells transfected with the β6 vector (p<0.05) but not from forces in non-transfected cells. Forces
at 0.7 kPa in both untransfected and empty-transfected cells remained significantly higher than at 5 kPa (p<0.001, n≥10
cells). Scale bars are 20 μm.
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Supplementary Figure 4. Expression and activation levels of common molecular cytoskeletal regulators. (a) For
cells on tissue culture dishes before plating on polyacrylamide substrates, representative western blots of phosphorylated
myosin light chain, myosin light chain, Rac, Rho, integrin β1, integrin α5, integrin β6 and integrin αv. (b) Corresponding
quantifications for myo ctrl (red) and myo β6 (blue) (3 gels per condition). Significant differences were only observed in
integrin β6 levels. ***: p<0.001. (c) Representative western blots of phosphorylated versus total myosin light chain for
myo ctrl and myo β6 cells plated on substrates of different rigidities. (d) Corresponding quantification of phosphorylated
myosin/total myosin ratios (n≥3 gels). Significant differences were found both between cell types and in response to
rigidity (p<0.05). (e) Representative Rho western blot for myo ctrl and myo β6 cells plated on substrates of different
rigidities. (f) Quantification of GTP-bound active Rho (as assessed with an ELISA assay) normalized by total Rho (n≥6
measurements). Significant differences were found both between cell types and in response to rigidity (p<0.05). (g)
Representative Rac western blot for myo ctrl and myo β6 cells plated on substrates of different rigidities. (h)
Quantification of GTP-bound active Rac (as assessed with an ELISA assay) normalized by total Rac (n≥6
measurements). Significant differences were found both between cell types and in response to rigidity (p>0.05).
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Supplementary Figure 5. Membrane integrin densities for myo β6 cells are 5-fold larger for αvβ6 than for α5β1.
(a) Fluorescence emitted by myo ctrl and myo β6 cells incubated in suspension with fluorescently labelled FN at
different concentrations to determine the saturation level. (b) Calibration curve between fluorescence levels and
fibronectin concentration. (c) Cells were incubated with FN at a saturating concentration (400 nM) and fluorescence
measured after blocking integrins with α5β1 or αvβ6 integrins. Scale bar is 10 µm. (d) Corresponding integrin densities
(see methods for details on calculation). n≥46 cells, *: p<0.05.
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Supplementary Figure 6. Myo ctrl and myo β6 cells exhibit reinforcement. FN-coated beads were attached to cells
and a pulsatory force of 0.5 nN (1 Hz) was applied for 2 minutes. (a) Example traces tracking the oscillatory movement
of magnetic beads in response to the pulsatory force (applied at the 20 s timepoint). Bead movement was progressively
reduced, showing that cells detected force application and responded by reinforcing the adhesion to the FN-coated bead.
(b) Corresponding quantification of relative bead stiffness, defined as the applied force divided by bead movement and
normalized to the initial value. All conditions showed reinforcement, observed as an increase in relative stiffness as a
function of time. Reinforcement in myo β6 cells was significantly lower than in myo ctrl cells (p<0.001), which is to be
expected given the higher unbinding rate (and lower resistance to force) of αvβ6-FN bonds. No significant differences
were observed between myo ctrl cells and myo β6 cells + αvβ6 ab (n≥17 cells).
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Supplementary Figure 7. Integrin densities increase at the rigidity values predicted by the model. (a) β1 integrin
staining images on FN-coated gels of varying stiffness of cells with adhesion mediated by α5β1 integrins (myo ctrl and
myo β6 + αvβ6 ab). (b) β6 integrin staining images on cells with adhesion mediated by αvβ6 integrins (myo β6 + α5β1
ab). (c) Images of β1 and β6 integrins on cells with adhesion mediated by both integrin types (myo β6). Images to the
right of cells are zoomed views of the areas marked in cells with a red rectangle. Scale bar is 20 µm.
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Supplementary Table 1. Model parameters
Parameter

meaning

Value

Origin

nm

Number of myosin motors

135

Adjusted

Fm

Myosin motor stall force

2 pN

17

vu

Unloaded myosin motor
velocity

110 nm/s

Values measured here and8

nf

Number of FN molecules

75

Adjusted

dint

Integrin density on the
membrane

kont

True binding rate

488 /μm2 (α5β1)
2513 /μm2 (αvβ6)
6.1x10-5 um2/s (α5β1)
6x10-5 um2/s (αvβ6)

Adjusted, of the order of
values reported for αIIBβ39

koff

Unbinding rate, scaling
factor applied to force
curve reported in 10

0.5 (α5β1)
1.5 (αvβ6)

Adjusted, catch bond
dependency from10

κc

Clutch spring constant

1 nN/nm

Fr
dadd
a

Threshold reinforcement
force
Integrins added after each
reinforcement event
Radius of adhesion

87 pN
4 /μm2
550 nm

Measured

18

does not affect model
output
Adjusted, of the order of
reported values18
Does not affect model
output
Adjusted
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Supplementary Table 2. Polyacrylamide gel rigidities measured with AFM
Young’s
modulus (kPa)
% Acrylamide
% Bis-acrylamide
(Mean ±S.E.,
N=8 gels)
3

0.03

0.25 ± 0.05

4

0.03

0.70 ± 0.15

5.5

0.03

1.99 ± 0.13

5.5

0.044

2.81±0.17

7.46

0.044

5.37 ± 1.09

7.52

0.16

13.69 ± 2.84

12

0.15

29.01 ± 6.18
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Supplementary Video legends
Supplementary Video 1. Time-lapse of myo ctrl cells transfected with lifeact-GFP on FN-coated
substrates of increasing Young’s modulus (0.7-5-14-29 kPa from left to right). Scale bar is 20 µm.
Supplementary Video 2. Time-lapse of myo β6 cells with α5β1 blocking antibody transfected with
lifeact-GFP on FN-coated substrates of increasing Young’s modulus (0.7-5-14-29 kPa from left to
right). Scale bar is 20 µm.
Supplementary Video 3. Time-lapse of myo β6 cells transfected with lifeact-GFP on substrates FNcoated of increasing Young’s modulus (0.7-5-14-29 kPa from left to right). Scale bar is 20 µm.
Supplementary Video 4. Time-lapse of myo ctrl cells transfected with lifeact-mRuby (left) and α5
integrin-GFP (right) on a 29 kPa FN-coated substrate. Scale bar is 20 µm. Zoomed insets at the right
show examples of integrin movement at the cell periphery. Arrows show direction of flow.

18
18

NATURE MATERIALS | www.nature.com/naturematerials

© 2014 Macmillan Publishers Limited. All rights reserved.

DOI: 10.1038/NMAT3960

SUPPLEMENTARY INFORMATION

Supplementary Notes
Supplementary Note 1 – Role of cell geometry and substrate coating
To rule out possible effects caused by differences in cell spreading area, we did not calculate total
cell forces but rather the mean of the forces exerted per unit area, in units of pressure (Pa). This
measurement also best reflects the output of our simulations, which model the force per unit area
generated on an adhesion independently of total cell area. However, to evaluate the role of cell
spreading area we measured this parameter as a function of substrate rigidity for both myo ctrl and
myo β6 cells with and without blocking the different integrins (Supplementary Figure 8a). Spreading
area increased monotonically with rigidity in all cases, thus discarding that this factor could account
for the differences between cell types, antibody treatments, or the local force peak at 700 Pa
observed in myo ctrl cells. To further analyse this, we also calculated the mean strain energy applied
by cells on their substrate, a measure not normalized by cell area and thus reflecting total levels of
force exerted by cells. Strain energies responded to substrate stiffness following the same trends as
forces per unit area (Supplementary Figure 8b), thus showing that the reported trends were
consistently observed and not affected by cell areas.
To discard a possible effect of FN coating densities, we also used fluorescently labelled FN to
measure the amount of FN coating as a function of gel stiffness. No significant differences were
observed, thereby ruling out this possibility (Supplementary Figure 8c).

Supplementary Figure 8. Dependence of cell area, strain energy, and fibronectin coating on substrate rigidity. (a)
Spreading areas of myo ctrl and myo β6 cells (with or without blocking antibodies) as a function of substrate rigidity (n≥
19 cells). (b) Average strain energies applied on the substrate by myo ctrl and myo β6 cells (with or without blocking
antibodies) as a function of substrate rigidity (n≥19 cells). (c) Quantification of FN coating density as a function of
substrate rigidity. No significant effect of substrate rigidity was observed (n≥20 fields on 3 gels).
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Supplementary Note 2 – Relative changes in kon and koff between α5β1 and αvβ6 integrins
In this supplementary note we detail several control experiments and analysis regarding our
measurements on integrin binding dynamics.
Rebinding. Because adhesion to beads involve multiple bonds, the decreased ability of FN-αvβ6
bonds to resist forces exerted to beads with magnetic tweezers could in principle be explained not
only by an increased koff but also by decreased rebinding rates governed by kon. We note though that
if rebinding was relevant, then global affinity (kon/koff) would determine detachment times instead of
koff. However, as integrin staining experiments on beads showed that affinity was higher for αvβ6
than for α5β1 (Figure 2d-g), this would predict higher detachment times for αvβ6-mediated adhesion,
which is the opposite of what we observed. Thus, detachment times were governed by koff. This also
explains why adhesions mediated by both integrins (in myo β6 cells) could hold beads for shorter
times than adhesions mediated only by α5β1 (in myo ctrl cells or myo β6 cells with αvβ6 blocked,
Figure 2c). Indeed, αvβ6 integrins displaced α5β1 integrins due to their higher affinity, but were then
less able to resist forces due to their higher koff.
Specificity of recruitment. Analysis of integrin recruitment was carried out in beads to provide
comparable conditions to magnetic tweezers experiments, and to provide a uniform area of adhesion
for quantification. To check that the reduction of α5β1 recruitment caused by αvβ6 was not an
artefact caused by beads, we compared the staining intensity and length of α5β1-stained substrate
adhesions in cells plated on 29 kPa substrates (where adhesions were most developed). α5β1
adhesions in myo β6 cells were half as bright and much shorter, thereby confirming the results found
on beads (Supplementary Figure 9a). Additionally, to check that differences in recruitment of β1
integrins to beads were due to α5β1 and not other β1-containing integrins, we repeated the bead
recruitment experiment with an α5 ab (Supplementary Figure 9b-c). As expected, the differences
between bead recruitment in myo ctrl and myo β6 cells were the same as those observed with β1. As
the β1 antibody used (but not the α5 antibody) was specific for the active conformation, this
experiment also showed that the effect of αvβ6 was to compete with α5β1 for binding to FN, and not
simply to suppress α5β1 activation by competing for activating molecules like talin in the cytoplasm.
That α5β1 was active and still binding to FN is further demonstrated by the fact that cells binding
through both integrin types (myo β6 cells with no inhibition) could hold on to beads upon force
application much more efficiently than cells binding only through αvβ6 (myo β6 cells with α5β1
inhibition, Figure 2c and Supplementary Fig 9d-e).
Force transmission by αvβ6 integrins. Another important finding was that, when α5β1 was inhibited,
bead detachment time in myo β6 cells were extremely short (Figure 2c), raising the question whether
αvβ6-FN bonds could hold forces at all. To address this, we repeated the magnetic tweezers
experiment after coating magnetic beads with a higher concentration of fibronectin (1:5 dilution with
BSA instead of 1:30). In these conditions, almost all beads bound through α5β1 (either alone in myo
ctrl cells or with αvβ6 in myo β6 cells) remained attached during the entire 2 minutes of the
experiment (Supplementary Figure 9d). However, while beads still detached immediately when all
integrins were blocked, a fraction of beads adhered through αvβ6 (in myo β6 cells with α5β1
blocked) were able to resist forces. For beads that did detach during the experiment, detachment
times were much longer than when all integrins were inhibited (Supplementary Figure 9e). Thus,
αvβ6-FN bonds could still withstand forces, but less efficiently than α5β1-FN bonds due to their
increased koff.
Substrate dependence. Another concern is that downstream processes triggered by substrate rigidity
could alter integrin activation, affecting koff. To address this, we measured bead detachment times
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under force in myo ctrl cells plated on substrates of different rigidities (Supplementary Figure 9f).
Bead detachment times were not affected by rigidity, thereby showing initial response to force was
not determined by rigidity.
Comparison between SPR and cell measurements. Finally, we note that although both surface
plasmon resonance (SPR) and bead experiments showed an increase in both kon and koff for αvβ6
versus α5β1 integrins, SPR experiments showed higher increases for koff (lower overall affinity)
whereas experiments in cells showed higher increases for kon (higher affinity). This difference could
be explained by differences in conformation and activation between purified integrins and integrins
on the membrane of live cells. Indeed, koff values reported in cells with AFM show different
magnitudes than those obtained from SPR experiments10, 19.

Supplementary Figure 9. Additional results on integrin recruitment and resistance to force application. (a) Left,
Same example α5β1 adhesions shown in Supplementary Figure 7 for myo ctrl cells and myo β6 cells with or without an
αvβ6 blocking antibody. Contrast was adjusted to highlight differences in staining intensity. Right, corresponding
quantification of fluorescence intensity and adhesion length (n≥45 adhesions from ≥7 cells). (b) DIC images and α5
integrin staining images of myo ctrl or myo β6 cells showing α5 integrin recruitment to FN-coated beads. Insets show
beads marked with a red square. (c) Corresponding quantification of integrin recruitment to beads (n≥56 beads).
***:p<0.001. Scale bar is 20 µm. (d) % of magnetic beads coated with a higher FN concentration (1:5 FN:BSA dilution)
that remained attached to cells after applying a force of 0.5 nN for 2 minutes (n≥ 18 experiments). *:p< 0.05. (e) For
beads that detached, time required for detachment (n≥10 beads). ***: p< 0.001. In conditions mediated by α5β1 integrins
(no α5β1 blocking) only a very small fraction of beads detached, and thus detachment times are not reported. (f)
Detachment times of beads coated with 1:30 FN:BSA dilution and attached to myo ctrl cells plated on substrates with
varying stiffness after applying a force of 0.5 nN for 2 minutes (n≥28 beads). No significant differences were detected.
Measurements could not be taken on cells plated on 0.25 kPa gels due to the very rounded morphology of cells without a
clear lamellipodium where beads could attach.
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Supplementary Note 3 – The weakest link in the actin-FN connection
The binding dynamics captured by the kon and koff parameters in the model represent a “weakest link”
in the actin-FN clutch, which in principle could be located at any point in the serial connection
between actin, adaptor proteins, integrins, and FN. Our model however assumes that this weakest
link corresponds to the integrin-FN bond. This is strongly supported by our observations that force
generation specifically depends on integrin expression (Figure 1) and is substrate dependent
(Supplementary Figure 3f-g). Further, we obtain a good quantitative agreement between model and
measurements by using the experimentally measured catch bond behaviour of the α5β1-FN link, and
model predictions on relative changes in kon and koff are consistent with in vivo and in vitro
measurements of integrin-FN dynamics (Figure 4). Thus, the actin-FN connection seems to break at
the integrin-FN link, which predicts that integrins should flow rearward with actin. This has indeed
been observed in nascent adhesions, where integrins flowed at the same speed than actin20. However,
in mature adhesions rearward speeds are much lower than those of actin21, 22. To check whether
integrin movement could be observed in our system, we co-transfected myo ctrl cells with lifeactmRuby and α5-integrin-GFP and plated them on 29 kPa substrates (where actin and therefore
integrin flows should be lowest). Although not all integrin adhesions in a given cell moved, we
observed integrin displacement in many adhesions located at the cell periphery (Supplementary
Figure 10 and supplementary video 4). Integrin rearward speeds were 38.7 ± 4.4 % of those of actin
(n=20 traces from n=5 cells). We hypothesize that this reduced speed could be caused by
conformational changes in integrin cytoplasmic tails resulting from FN unbinding23, 24, which could
inactivate integrins and reduce affinity to adaptor proteins25. This would lead to integrin detachment
from adaptor proteins and thus from actin flow. Indeed, if we assume that integrins detach from actin
flow after unbinding from FN, our model predicts integrin rearward speeds up to 10-fold lower than
actin flow, and that could thus potentially not even be experimentally observable. In any case, it is
clear that a more complex description of the binding dynamics of all the elements in the actin-FN
system might better reproduce the system, but the strong quantitative agreement between model and
experiments by considering only the integrin-FN link strongly suggests that it is the major
determinant in force transmission by the clutch.

Supplementary Figure 10. Integrins move with rearward flow with a speed slower than that of actin. Cell images
showing lifeact-mRuby transfection (a) and α5-integrin-GFP transfection (b). Images to the right of cells are kymographs
showing the movement of features in the adhesion marked in red in the cell image. The slope of the traces created by the
features (marked with dotted lines) was used to calculate actin and α5 integrin speeds. Scale bar is 20 μm.
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Supplementary Note 4 - Model predictions and role of integrin binding rates
The model considers a rearward flow of actin coupled to substrates of different rigidity. The
substrate deformations induced by this flow correspond to higher forces on stiffer substrates, and
thus the rate of force loading increases with substrate stiffness. Integrin-FN bonds respond to this
loading rate, leading to three regimes in traction force generation. At low rigidities, loading rate is so
slow that bonds have the time to detach spontaneously before reaching high forces. In this regime
(up to 1 kPa in myo control cells) traction force increases with rigidity. As rigidity increases beyond
1 kPa, however, forces load faster and quickly surpass the stability range of the catch bond, and
bonds start unbinding faster than they can rebind. This leads to a decrease in the number of bonds
engaged simultaneously, reducing total traction forces. Although total forces decrease, however, the
maximum forces experienced by individual bonds before unbinding continue to increase with rigidity
due to the increased loading rate. Beyond 5 kPa, unbinding forces in individual bonds surpass the
threshold reinforcement force Fr, and the resulting increase in integrin density and kon leads to high
traction forces. The increase in kon stabilizes when traction forces slow the rearward flow enough to
decrease the loading rate and bond unbinding forces to the threshold value. Because unbinding forces
increase with rigidity, the kon required to return them to threshold values also increases with rigidity.
This leads to a progressive increase of traction forces with rigidity after 5 kPa. At very high
rigidities, traction forces tend to saturate at a plateau given by the maximum force allowed by the
system, which corresponds to the number of myosin molecules times the maximum force that each
molecule can exert (stall force).
To reproduce the displacement to higher rigidities of the traction peak in cells binding through αvβ6
integrins (Figure 4), the model predicts a 5-fold increase in kon. Indeed, a higher kon increases the
rebinding rate of bonds, shifting to higher rigidities the point at which unbinding dominates and
forces start decreasing. However, besides affecting the peak a higher kon also leads to higher forces
for all rigidities, which is compensated by the increase in koff. This higher koff also reduces individual
bond unbinding forces, increasing the rigidity at which reinforcement is triggered. These combined
effects thus lead to an overall shift of the force/rigidity curve to the right when kon and koff increase
simultaneously. When both integrins are included in the model, at low rigidities the behaviour is
dominated by αvβ6 due to its higher affinity. However, α5β1-FN bonds reach the threshold force
earlier due to their lower koff, and thus reinforcement is triggered at lower rigidities than when only
αvβ6-FN bonds are present. This leads to an overlap between the force peak and the onset of
reinforcement, eliminating the regime in which forces decrease with rigidity, and leading to a
monotonic increase. To consider the observation that αvβ6 physically displaced α5β1 from
adhesions, the initial density of α5β1 integrins was reduced according to the proportion measured in
Figure 2e. This correction resulted merely in a slight shift to the left of the force-rigidity curve for
low rigidities.
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Supplementary Note 5 – Model parameters
General parameters
Except for integrin densities and binding/unbinding rates, all other model parameters were kept
constant in all simulations. All parameters and the values used in simulations are detailed in
Supplementary Table 1, along with their sources. However, some of the values used deserve
additional comments.
The value for the clutch spring constant (κc) corresponds to the stiffness of the integrin-actin link,
which can be formed by proteins like talin, α-actinin, or filamin18. The value used here (1000 pN/nm)
is of the order of reported magnitudes for α-actinin or filamin, and much higher than the stiffness of
talin18. Indeed, our recent work suggests that forces between integrins and actin are transmitted by αactinin rather than talin, which is likely too soft to effectively transmit forces26. Interestingly, this
spring constant is much higher than the values used for the substrate, which were related to Young’s
moduli using eq. 4 and ranged from 0.2 pN/nm (for 0.25 kPa substrates) to 22 pN/nm (for 29 kPa
substrates). This supports the hypothesis that to sense external stiffness, the internal stiffness of the
clutch must be higher so that mechanical deformation takes place on the substrate and not the cell
itself12. In any case, this parameter has been shown not to affect the position of the force peak12, and
using values down to 10 pN/nm did not affect model outcome.
The value for the threshold reinforcement force Fr (87 pN) determines the rigidity at which integrin
density (and thus kon) start raising, increasing force generation for high rigidities. This is because a
given displacement caused by rearward flow generates a higher force on stiffer substrates, increasing
the rate of force loading on each integrin-FN bond. As molecular unbinding forces increase with the
loading rate27, 28, the stiffness value at which the integrin-FN unbinding force goes beyond Fr
determines the onset of reinforcement. The value of Fr was adjusted to reproduce the observed
increase in traction forces at high rigidities, but the resulting value (87 pN) is well within the range
of reported unfolding forces for different adhesion molecules18. This suggests that the increase in
integrin recruitment observed with reinforcement could indeed be caused by a mechanosensing event
triggered by protein unfolding. In contrast to Fr, the parameter dadd (the increase in integrin density
after each reinforcement step) did not play a significant role, and simply regulated the time required
by the simulation to reach steady state. It must also be noted that the ultimate effect of the increase in
integrin density caused by reinforcement is to increase kon. Accordingly, the effects on the model
would be equivalent if the mechanosensing event increased kon by activating existing integrins29
instead of recruiting additional ones.
The adjusted value for the adhesion radius was of 550 nm, reflecting well the typical length scale of
cell-ECM adhesion sites (of the order of the μm). Further, considering the adhesion area given by
this radius, and the number of fibronectin binding sites used in the simulation (nf = 75), a mean
spacing between binding sites of ~ 110 nm can be obtained. This is of the same order than the
distance threshold between RGD integrin binding sites below which cells spread normally (60 nm30).
Thus, our work confirms that ECM ligand spacing of the order of 100 nm is enough to explain cell
adhesion and traction force generation.
Integrin-specific parameters
Integrin densities on the membrane (dint) were measured experimentally (Supplementary Figure 5),
and values were of the same order than those previously reported31, 32. True binding rates (kont) for
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α5β1-FN and αvβ6-FN bonds were adjusted to fit experimental data, and resulting values were of the
order of those reported for other integrin types9. The dependency of koff with force was taken from
previous experimental measurements, and multiplied by different scaling factors for α5β1 and αvβ6
as explained in methods.
We also point that kont and koff values obtained from SPR measurements could not be used in
simulations for two reasons. First, due to the in vitro conditions, koff values from SPR experiments
and AFM measurements in cells differ10, 19, (see also Supplementary Note 2). Second, integrins are
membrane-bound in cells (and thus restricted to two dimensions) but in solution in SPR experiments,
and thus the units for kont differ and cannot be compared (s-1μm2 for the model, and s-1μm3 or s-1M-1
for SPR experiments). Thus, while SPR measurements were useful to check the relative differences
between integrins predicted by the model, they could not be directly used as model parameters.
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A RT I C L E S

Mechanical regulation of a molecular clutch defines
force transmission and transduction in response to
matrix rigidity
Alberto Elosegui-Artola1, Roger Oria1,2, Yunfeng Chen3,4, Anita Kosmalska1,2, Carlos Pérez-González1,2,
Natalia Castro1, Cheng Zhu3,4,5, Xavier Trepat1,2,6,7 and Pere Roca-Cusachs1,2,8
Cell function depends on tissue rigidity, which cells probe by applying and transmitting forces to their extracellular matrix, and
then transducing them into biochemical signals. Here we show that in response to matrix rigidity and density, force transmission
and transduction are explained by the mechanical properties of the actin–talin–integrin–fibronectin clutch. We demonstrate that
force transmission is regulated by a dynamic clutch mechanism, which unveils its fundamental biphasic force/rigidity relationship
on talin depletion. Force transduction is triggered by talin unfolding above a stiffness threshold. Below this threshold, integrins
unbind and release force before talin can unfold. Above the threshold, talin unfolds and binds to vinculin, leading to adhesion
growth and YAP nuclear translocation. Matrix density, myosin contractility, integrin ligation and talin mechanical stability
differently and nonlinearly regulate both force transmission and the transduction threshold. In all cases, coupling of talin
unfolding dynamics to a theoretical clutch model quantitatively predicts cell response.
Cell function1 and major processes in cancer2 and development3
are driven by the mechanical rigidity of tissues, which cells probe
through their contractile and adhesive molecular machinery. This
machinery is composed of dynamic molecular bonds between the
extracellular matrix (ECM), integrins, adaptor proteins and the
force-generating actomyosin cytoskeleton, forming a mechanical link
generally referred to as a ‘molecular clutch’4–6. To sense and respond
to rigidity, cells employ this molecular clutch first to transmit forces
to their surrounding matrix5,7–9, and then to transduce those forces
into biochemical signals leading to transcriptional regulation in the
nucleus10. The first step of force transmission has been modelled by
introducing the dynamic properties of the clutch in computational
simulations4, in a way that can predict the effects of adhesion mediated
by different integrin types5. However, the fundamental prediction
of such a clutch model is a biphasic force/rigidity relationship,
which is in direct contradiction with the monotonically increasing
curves observed in most systems11–15. Further, the key molecular
clutch elements driving force transmission remain to be identified.
The second step of force transduction is likely to be mediated by

force-induced molecular conformational changes, which could occur
at the level of ECM molecules, integrins, adaptor proteins and ion
channels, among others16,17. Among all potential mechanosensing
molecules, the adaptor protein talin is a particularly interesting
candidate because it directly links integrins to actin, is stretched
as cells transmit forces to the ECM18,19, and mediates cellular
response to force20,21. Further, talin has been observed to unfold
under force in vitro, exposing previously cryptic binding domains to
vinculin22, which then binds and is likely to be activated23. However,
if and how talin unfolding, or conformational changes in any other
molecule, mediate rigidity sensing is unknown. Thus, how force
transmission and transduction are coupled in response to rigidity
remains unresolved.
RESULTS
Talin sets a stiffness threshold that increases force
transmission and triggers force transduction
To understand how rigidity regulates both force transmission and
transduction, we used talin 1−/− mouse embryonic fibroblasts (with
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Figure 1 Talin sets a rigidity threshold that triggers increased force
transmission, adhesion maturation and YAP nuclear translocation. (a) Average
forces exerted by cells plated on fibronectin-coated polyacrylamide gels of
increasing rigidity. Conditions are control (red, n = 17, 12, 35, 42, 42,
12 cells, for increasing stiffness), talin 2 shRNA (blue, n = 10, 11, 34,
23, 25, 29 cells) and control + talin 1 head L325R (white diamond,
n = 10, 10, 24, 13, 11, 14 cells). Data show 1 out of 14, 14 and 3
independent experiments for control, talin 2 shRNA and control + talin
1 head L325R, respectively. In grey, background (bg) noise levels show
the minimum detectable force for each rigidity value (see Methods). The
solid line is a fit to the experimental results. (b) Colour maps showing the
traction forces applied by example cells in the different conditions plated
on 5 and 29 kPa gels. (c) Quantification of vinculin adhesion length for the
same conditions as in a (control: n = 34, 56, 76, 41, 89, 54 adhesions for
increasing stiffness measured in 9–15 cells per condition; talin 2 shRNA:
n = 35, 33, 40, 36, 72, 38 adhesions in 7–17 cells; control + talin 1 head

L325R: n = 71, 60, 43, 45, 55, 62 adhesions in 8–14 cells). Data show
one 1 of 3 independent experiments. Lines are sigmoidal fits to experimental
results. (d) Examples of vinculin adhesions on cells plated on 5 and 29 kPa
gels. Zoomed regions (20 × 12 µm) correspond to the rectangles marked
in red in the main images. (e) Quantification of nuclear/cytosolic YAP ratio
for the same conditions as in a (control: n = 20, 22, 21, 29, 20, 39 cells
for increasing stiffness; talin 2 shRNA: n = 20, 20, 21, 23, 27, 23 cells;
control + talin 1 head L325R: n = 22, 27, 25, 21, 25, 34 cells). Data show
1 out of 9, 9 and 3 independent experiments for control, talin 2 shRNA,
and control + talin 1 head L325R, respectively. Lines are sigmoidal fits to
experimental results. (f) Examples of YAP staining on cells plated on 5 and
29 kPa gels. In all quantifications (a,c,e), differences between control and
both talin-depleted and control + talin 1 head L325R cells were significant
only above 5 kPa (P = 0.006, P < 0.001, P < 0.001, two-way ANOVA). Scale
bars, 20 µm. Grey dashed line in a,c,e marks the rigidity threshold. Error
bars, s.e.m.

a wild-type phenotype due to expression of talin 2 (refs 20,21))
and knocked down talin 2 levels using short hairpin RNA (shRNA).
We first plated control and talin 2-depleted cells on polyacrylamide
gels of different rigidities. Gels were coated with the ECM protein
fibronectin, to which cells adhered specifically through α5 β1 and αv β3
integrins (Supplementary Fig. 1). Then, we measured cell–ECM force

transmission using traction force microscopy. On the softer substrates,
cellular forces increased with rigidity, and talin depletion had no effect
(Fig. 1a,b). However, forces sharply diverged above a threshold rigidity
of 5 kPa, increasing and decreasing for control cells and depleted
cells, respectively (Fig. 1a,b). In control cells, this threshold coincided
with the growth of focal adhesions rich in vinculin (Fig. 1c,d) and
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Figure 2 Talin depletion affects β3 ligation, FAK phosphorylation and stress
fibre formation only above the stiffness threshold. (a) Quantification of
adhesion length from staining images of ligand-bound β3 for control (red)
and talin 2 shRNA cells (blue) as a function of substrate stiffness.
Control: n = 27, 63, 47, 43, 63, 61 adhesions for increasing stiffness,
measured in 8–10 cells. Talin 2 shRNA: n = 28, 31, 40, 31, 27, 31
adhesions in 8–9 cells. Data show 1 out of 3 independent experiments.
Significant differences were found between control and depleted cells only
above 5 kPa (P < 0.001, two-way ANOVA). (b) Examples of phalloidin and
ligand-bound β3 integrin stainings in control and talin 2 shRNA cells
plated on 5 and 29 kPa gels. Insets (6 × 10 µm) show magnifications
of the zones marked in red. (c) Quantification of adhesion length

from staining images of phosphorylated FAK (pFAK) for control (red)
and talin 2 shRNA cells (blue) as a function of substrate stiffness.
Control: n = 24, 27, 28, 25, 30, 26 adhesions for increasing stiffness,
measured in 8–9 cells. Talin 2 shRNA: n = 24, 31, 33, 24, 24
adhesions in 8–19 cells. Data show 1 out of 3 independent experiments.
Significant differences were observed only above 5 kPa (P < 0.001, twoway ANOVA). (d) Examples of phalloidin and pFAK stainings in control
and talin 2 shRNA cells plated on 5 and 29 kPa gels. Insets (6 × 10 µm)
show magnifications of the zones marked in red. In the merged
images, phalloidin is red and pFAK is green. Red arrows show pFAKpositive focal adhesions where stress fibres terminate. Scale bars, 20 µm.
Error bars, s.e.m.

with the activation (nuclear translocation) of the mechanosensitive
transcriptional regulator YAP10 (Fig. 1e,f). In contrast, talin-depleted
cells spread on gels, but did not develop focal adhesions or localize
YAP to the nucleus at any rigidity (Fig. 1c–f). To confirm those
results, we blocked talin function in control cells by a mechanism
alternative to shRNA. We transfected cells with a dominant negative
talin head mutant (L325R) that displaces endogenous talin for
integrin binding, but does not activate integrins or link them to
the cytoskeleton24. On stiff substrates, increasing levels of talin head
L325R expression progressively reduced force transmission to the
levels of talin-depleted cells (Fig. 1a,b and Supplementary Fig. 2),
and abrogated adhesion growth and YAP nuclear translocation as
expected (Fig. 1c–f). In contrast and consistently with shRNA results,
talin head L325R expression had no effect on soft substrates (Fig. 1a–f
and Supplementary Fig. 2). Further reinforcing the importance of
the talin-dependent threshold, it also marked the recruitment of
integrins and phosphorylated FAK to adhesions (Fig. 2a–d and
Supplementary Fig. 3), and the association of adhesions to stress
fibres (Fig. 2c,d). Those results provide important insights into the
two steps required for rigidity sensing, force transmission and force
transduction. Regarding force transmission, we show that the core
long-standing prediction of the clutch adhesion model (a biphasic
force/rigidity curve, so far only partially observed in neuronal

filopodia4) is correct, but fully unveiled only in the absence of talinmediated reinforcement. Regarding force transduction, we show that
it is triggered above a rigidity threshold in a talin-dependent manner,
leading to adhesion growth, downstream biochemical signalling and
YAP activation.
Regulation of talin unfolding by a molecular clutch can explain
force transmission and transduction in response to rigidity
We then assessed whether the effects of rigidity and talin could be
mediated by known force regulators such as myosin phosphorylation
and cell spreading. Whereas myosin phosphorylation levels slightly
fluctuated as a function of substrate stiffness and talin depletion
(Supplementary Fig. 4), those fluctuations did not correlate with
transmitted forces. As reported previously5, cell areas increased with
rigidity, reaching a plateau at about 5 kPa (Supplementary Fig. 4).
However, no significant differences were measured between control
and talin-depleted cells. Further, the threshold rigidity leading to
adhesion growth, YAP activation and force decrease in talin-depleted
cells was not associated with cell spreading changes. Thus, neither
myosin phosphorylation nor cell spreading could account for the
effects of talin, or the rigidity threshold.
Alternatively, the rigidity threshold may result from the regulation
of talin unfolding by the ECM–integrin–talin–actin clutch. To
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Figure 3 The balance between clutch unbinding and talin unfolding predicts
the force/rigidity curves and the rigidity threshold for mechanotransduction.
(a) Measured average lifetime of fibronectin (FN)–αv β3 bonds as a function
of force (red points). n = 20, 29, 120, 162, 176, 146, 162, 61, 27
traces for increasing force pooled from 6 independent experiments. The
blue line shows previously measured average unfolding times of talin25. The
threshold force enabling talin unfolding is shown in grey. (b) Schematic
diagram depicting how force leads to integrin (red) unbinding below the
threshold, but talin (blue) unfolding above. (c) Molecular clutch model of
force transmission. Myosin motors pull with a speed v on actin filaments,
which are connected to a compliant substrate (represented as a linear
elastic spring of varying rigidity) through several parallel molecular clutches.
Once clutches bind to the substrate (with a binding rate kon ), force is
loaded progressively as the fibre retracts, determining the unbinding rate
koff and the unfolding/refolding rates kunfold /kfold according to the profiles

in a (see Supplementary Note). (d) Experimental force data from Fig. 1a
superimposed to model predictions with/without talin unfolding (solid red
and blue lines, respectively). The grey line shows the minimum detection
level. (e) Quantification of actin flow speeds and model predictions (solid
lines) for cells plated on fibronectin-coated polyacrylamide gels of increasing
rigidity. Conditions are control (red, n = 23, 19, 21, 19, 20 traces for
increasing stiffness, measured in 10–11 cells) and talin 2 shRNA (blue,
n = 24, 24, 22, 22, 39 traces in 10–17 cells). Data show 1 out of
3 independent experiments. (f) Examples of control and talin 2 shRNA
cells transfected with LifeAct–GFP and plated on 5 and 29 kPa gels.
Insets are kymographs showing the movement of actin features along the
lines marked in red. The slope of the traces created by the features
(marked with dashed lines) was used to calculate actin speed. Scale bars,
20 µm in the main images and 20 s/2 µm (x/y axes) in the kymographs.
Error bars, s.e.m.

investigate this, we compared how force affects the unfolding time of
single talin molecules (previously measured25) versus the unbinding
time of single fibronectin–integrin bonds (both for α5 β1 integrins,
previously measured26, and αv β3 integrins, measured here in Fig. 3a).
For clutches mediated by either integrin type, at low forces integrins
unbind faster, releasing force transmission and preventing talin
unfolding. However, unfolding becomes faster than unbinding above
a threshold force (Fig. 3b). This threshold force for unfolding could
be further modulated by unbinding events in integrin–talin–actin
bonds, which would decrease overall clutch unbinding times, or by
load sharing between talin and other adaptor molecules, which would
decrease the load on talin and slow unfolding. Independently of its
specific value, a force threshold for talin unfolding thus emerges, which
may mediate the rigidity threshold observed in Fig. 1.
To evaluate this possibility, we developed a computational approach
to couple talin unfolding to a clutch model5 (see Supplementary
Note for details). This model considers a given number of myosin
motors progressively pulling on an actin fibre, which is bound to a
deformable substrate through molecular clutches formed by adaptor
proteins (such as talin), integrins and fibronectin (Fig. 3c). Once the

clutches bind according to a given binding rate, fibre contraction
deforms the substrate and results in progressive force loading, which is
slow or fast on soft or stiff substrates, respectively. This force loading
leads to either clutch unbinding or talin unfolding. If talin unfolds,
vinculin binds, leading to adhesion reinforcement and growth20 and
integrin recruitment. In the absence of talin unfolding, integrins are
not recruited, but force is still assumed to be transmitted between
integrins and actin through other adaptor proteins27.
If talin unfolding is not considered, we recapitulate the
fundamental prediction of the clutch model4, that is, a biphasic
force/rigidity curve with an optimal rigidity of maximum force
transmission (Fig. 3d, blue line). Below the optimal rigidity, force
loads so slowly that clutches unbind from the ECM before exerting
significant forces. Above the optimal rigidity, force loading is so fast
that clutches unbind from the ECM before other clutches have time to
bind, reducing cooperativity and decreasing total force transmission.
The presence of talin does not affect the curve at low rigidities, where
forces are too low to allow unfolding. However, above a rigidity
threshold, force loading becomes fast enough to allow talin unfolding
before integrin unbinding. This leads to vinculin binding and integrin
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Figure 4 The rigidity threshold requires an intact integrin–cytoskeletal link
mediated by full-length talin. (a–c) Average forces, nuclear/cytosolic YAP
ratios and vinculin adhesion lengths for talin 2 shRNA cells plated on
fibronectin-coated gels of increasing rigidity and co-transfected with different
talin constructs. Constructs are: full-length (FL) talin 1 (for increasing
stiffness, n = 10, 11, 14, 16, 20, 16 cells for forces, n = 20, 22, 21, 23, 53,
49 cells for YAP ratios, and n = 59, 63 adhesions measured in 9–10 cells for
adhesion lengths); talin 1 rod (for increasing stiffness, n = 10, 13, 14, 10,
12, 10 cells for forces, n = 21, 21, 20, 22, 23, 24 cells for YAP ratios,
and n = 49, 43 adhesions measured in 8–10 cells for adhesion lengths);
talin 1 head (for increasing stiffness, n = 10, 12, 11, 13, 11, 13 cells
for forces, n = 20, 21, 20, 32, 23, 26 cells for YAP ratios, and n = 49,
41 adhesions measured in 8–10 cells for adhesion lengths). Significant
differences between FL talin and the other two plasmids were found for forces,

YAP ratios and adhesion lengths only above 5 kPa (P = 0.012, P < 0.001,
P < 0.001, two-way ANOVA). Data show 1 out of 4 independent experiments
for forces, 3 for YAP and adhesion length. (d) Examples of vinculin stainings
for cells plated on gels with different rigidities for the conditions indicated.
Scale bar, 20 µm. Insets are 10 × 6 µm. (e) Quantification of traction forces
exerted on substrates of 5 kPa and 29 kPa by talin 2 shRNA cells (grey) and
talin 2 shRNA cells co-transfected with FL talin 1 (red), FL talin 1 L325R
(blue) and FL talin 1 W359A (black). From left to right, n = 34, 17, 11,
12, 29, 12, 13, 11 cells. (f) Quantification of nuclear/cytosolic YAP ratio for
the same conditions. From left to right, n = 21, 24, 23, 26, 23, 20, 28, 22
cells. Significant differences were observed between talin 2 shRNA+FL talin
1 and all other conditions at 29 kPa but not 5 kPa (∗∗∗ P < 0.001, two-way
ANOVA). Data show 1 out of 3 independent experiments in e and f. Error
bars, s.e.m.

recruitment, increasing integrin binding and force transmission, and
eliminating the biphasic relationship (Fig. 3d, red line). In all cases,
force transmission resists actin contraction, leading to a negative
correlation between force and actin flow (Fig. 3e). The model closely
reproduced our force measurements (see Supplementary Table 1
and Supplementary Note for model parameters and assumptions).
Confirming the validity of the clutch hypothesis, actin flows correlated
negatively with forces, and could also be reproduced by the model
using the same parameters (Fig. 3e,f, and Supplementary Videos 1
and 2). Thus, control of talin unfolding by force transmitted through
the ECM–actin clutch can explain how rigidity regulates both force
transmission, and the threshold for mechanotransduction.

1 and 2 had the same effect20,21. However, neither the talin rod
nor the head rescued the phenotype of depleted cells (Fig. 4a–d).
As the talin head is sufficient to activate integrins21,28, this shows
that integrin activation without force transmission through talin was
not sufficient to trigger a rigidity response. Confirming this, FL
talin mutants that do not bind integrins (W359A) or bind but do
not activate integrins (L325R)24 did not rescue force generation or
YAP localization above the rigidity threshold (Fig. 4e,f). Second, we
generated a talin mutant (FL talin 1 IVVI) containing four point
mutations shown to increase the force required for talin unfolding
(that is, the force where unfolding rates become faster than refolding
rates) from 5 to 8 pN (ref. 25). This should increase the threshold
rigidity for unfolding, displacing the effect of talin to higher rigidities.
Accordingly, cells rescued with IVVI instead of wild-type talin
diverged from talin-depleted cells (in terms of force generation,
adhesion growth and YAP translocation) at a higher rigidity (15
instead of 11 kPa; Fig. 5a–d). This result demonstrates that adhesion
growth and YAP activation in response to rigidity are triggered by talin
unfolding, and that this response can be regulated by modulating talin
mechanical stability.

The rigidity threshold is mediated by talin unfolding under
force and subsequent vinculin binding
We then carried out several experiments to validate this mechanism
molecularly. First, we rescued talin 2-depleted cells with either fulllength (FL) talin 1 or two separate fragments, the talin 1 rod and
the talin 1 head. FL talin 1 rescued rescue force generation, adhesion
growth and YAP localization to control levels, confirming that talin
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Figure 5 The rigidity threshold is mediated by talin unfolding under force
and subsequent vinculin binding. (a–c) Average forces, nuclear/cytosolic
YAP ratios and vinculin adhesion lengths exerted on fibronectin-coated gels
of increasing rigidity by talin 2 shRNA cells co-transfected with different
constructs. Conditions are: no co-transfection (grey, for increasing stiffness,
n = 10, 11, 34, 23, 29 cells for forces, n = 20, 20, 21, 23, 27 cells for YAP
ratios, and n = 40, 36, 72 adhesions measured in 10–17 cells for adhesion
lengths); FL talin 1 (red, for increasing stiffness, n = 10, 11, 14, 16, 20,
16 cells for forces, n = 20, 22, 21, 23, 53, 49 cells for YAP ratios, and
n = 59, 63, 59 adhesions measured in 9–10 cells for adhesion lengths);
FL talin 1 IVVI (blue, for increasing stiffness, n = 10, 13, 14, 19, 15,
15 cells for forces, n = 22, 23, 21, 21, 22, 22 cells for YAP ratios, and
n = 43, 30, 85 adhesions measured in 7–14 cells for adhesion lengths).
Significant differences between FL talin and FL talin IVVI were found at
11 kPa for all measurements (P = 0.034, P < 0.001, P < 0.001, two-way

ANOVA). Data show 1 out of 3 independent experiments. (d) Examples
of vinculin stainings for cells plated on gels with different rigidities for
the conditions indicated. (e,f) Average forces and nuclear/cytosolic YAP
ratios exerted on fibronectin-coated gels of increasing rigidity by control
cells transfected with different constructs. Constructs are VD1 (red, for
increasing stiffness, n = 10, 13, 13, 13, 16, 15 cells for forces, and
n = 26, 20, 30, 29, 21, 32 cells for YAP ratios); VD1 A50I (blue, for
increasing stiffness, n = 11, 14, 10, 13, 16, 18 cells for forces, and
n = 22, 21, 21, 23, 22, 24 cell for YAP ratios). Significant differences
between VD1 and VD1 A50I transfection were found for all measurements
above 11 kPa but not below (P = 0.006, P < 0.001, two-way ANOVA).
Data show 1 out of 3 independent experiments. (g) Examples of VD1 and
VD1 A50I fluorescence distribution for cells plated on gels with different
rigidity for the conditions indicated. Scale bars, 20 µm. Insets are 10 × 6 µm.
Error bars, s.e.m.

We then evaluated whether the effect of talin unfolding was
mediated by vinculin binding. We transfected control cells with VD1, a
vinculin fragment that is dominant over endogenous vinculin for talin
binding29 but prevents normal vinculin function30,31 owing to the lack
of remaining functional domains. Blocking vinculin function through
VD1 transfection had the same effect as talin depletion, that is, forces
decreased at high rigidities, and YAP remained cytosolic (Fig. 5e,f and
Supplementary Fig. 5). VD1 formed large focal adhesions above but
not below the rigidity threshold (Fig. 5g), confirming that vinculin
binding was specifically triggered above the threshold. As a negative
control, transfection of a VD1 mutant (A50I) with reduced affinity
for talin had no effect (Fig. 4e–g). Neither VD1 nor VD1 A50I had
any effect on talin-depleted cells (Supplementary Fig. 5). Collectively,
those data show that force unfolds talin above a rigidity threshold,
leading to vinculin binding, adhesion growth and YAP translocation
to the nucleus.

The molecular determinants of the clutch regulate force
transmission and transduction
Finally, we analysed the role of different clutch molecular determinants
predicted to regulate force transmission32,33. First, if available clutches
are decreased (by reducing substrate fibronectin coating density, see
Supplementary Fig. 6), overall force transmission should be reduced.
However, force loading per clutch increases because actomyosin
contractility is distributed among fewer clutches, triggering talin
unfolding, reinforcement and YAP translocation at a lower rigidity
threshold. As the rigidity corresponding to peak force transmission
in depleted cells is also determined by force loading32,33, it also
shifts to a lower value. If fibronectin coating is increased, the
inverse effect is expected. Second, reducing the binding rate of
integrins (by partially blocking integrins with the GPen peptide)
should reduce the number of bound clutches, leading to effects
similar to those of reducing fibronectin coating. However, in this case
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Figure 6 The elements of the molecular clutch tune force transmission
and the rigidity threshold required for talin unfolding and YAP nuclear
translocation. (a–c) Average cell traction forces on gels of varying
concentration of fibronectin coating. Solid and dashed lines show model
predictions with and without talin unfolding, respectively, after adjusting
the parameter nf (number of fibronectin molecules). (a) 1 µg ml−1 ,
nf = 750, (b) 10 µg ml−1 , nf = 1200 (blue, reference condition from
Fig. 1), and (c) 100 µg ml−1 , nf = 1650 (n ≥ 10 cells per condition).
(d–f) The same quantification for cells with different concentrations
of the integrin blocking peptide GPen. The parameters adjusted were
kont (true integrin binding rate) and dadd (number of integrins added
after each reinforcement step). (d) 0.05 mM, kont = 1.9 × 10−4 µm2 s−1 ,
dadd = 24, (e) 0.15 mM, kont = 1.5 × 10−4 µm2 s−1 , dadd = 10, and (f) 0.50 mM,
kont = 0.9 × 10−4 µm2 s−1 , dadd = 6 (n ≥ 10 cells per condition). (g–i) The
same quantification for cells with different concentrations of the myosin

inhibitor blebbistatin. The parameter adjusted was nm (number of myosin
motors). (g) 5 µM, nm = 500, (h) 15 µM, nm = 300, and (i) 50 µM, nm = 180
(n ≥ 10 cells per condition). The dashed vertical blue lines show the
position of the rigidity threshold in reference conditions (no treatment,
10 µg ml−1 fibronectin coating). In all force quantifications, the grey
lines show the minimum detectable force level, which increased with
rigidity and reached the values measured for talin-depleted cells at high
rigidities. Thus, those values reflect the detection level rather than actual
generated forces, which were likely to be below the detection threshold.
(j–l) Quantification of the nuclear/cytosolic YAP ratio for control cells in the
three different concentrations of fibronectin (j), GPen (k) and blebbistatin
(l) (n ≥ 20 cells per condition). The blue lines show YAP activation levels in
reference conditions; the other lines are sigmoidal fits to the experimental
results. See Supplementary Table 3 for sample numbers and statistical
analysis. Error bars, s.e.m.

integrins are partially blocked, impairing reinforcement and adhesion
growth on talin unfolding. This counters the effect of the increased
loading per integrin, leading to reduced overall force transmission
and a shift to lower rigidities of the peak force in depleted cells,
but no major change in the threshold rigidity for reinforcement

and YAP translocation. Third, decreasing myosin contractility (by
using different concentrations of blebbistatin) should reduce force
loading, increasing the rigidity threshold for talin unfolding and YAP
activation. Similarly, the force peak in depleted cells should shift
to higher rigidities, and reduce its height. All of those predictions
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were verified experimentally (Fig. 6). Although model predictions
did not always provide an exact quantitative match, they consistently
predicted the shifts in overall forces, the rigidity threshold at which
forces diverge between control and depleted cells, and the position
of the force peak in depleted cells. Those predictions were obtained
by adjusting only the relevant parameters in each case: number of
fibronectin molecules (nf ) for fibronectin coating (Fig. 6a–c), integrin
binding and recruitment rates (kont and dadd ) for GPen (Fig. 6d–f),
and number of myosin motors (nm ) for blebbistatin (Fig. 6g–i). In
all cases, YAP localized to the nucleus at the same rigidity threshold
where measured forces diverged between control and depleted cells
(Fig. 6j,k,l). Thus, force transmission was systematically modulated by
the molecular determinants of the clutch, leading to mirror shifts in
the thresholds for talin unfolding and YAP activation.
DISCUSSION
Our results unveil the mechanisms by which microenvironment
rigidity regulates both force transmission and transduction, and
reconcile previous findings. Indeed, even though cell–ECM adhesion
is widely accepted to be mediated by a molecular clutch mechanism,
its predicted biphasic force/rigidity relationship is inconsistent with
monotonically increasing trends observed in most systems11–14. Here
we show that the biphasic force/rigidity relationship is normally
masked by talin-mediated reinforcement and adhesion growth, and
is fully unveiled only on talin depletion. This depletion allowed us
to test the molecular determinants of force transmission, revealing
that its regulation by rigidity, ECM coating density, cell contractility
or integrin activity fully abides by the clutch model first proposed
eight years ago4,32,33. This leads to interesting and counter-intuitive
results, such as that decreasing ECM coating enhances the mechanical
response (Fig. 6j), or that mild myosin inhibition (5–15 µM) increases
cell–ECM force transmission in talin-depleted cells for a specific
rigidity range (10–15 kPa, Fig. 6g,h). This is because although overall
contractility is reduced, the force peak is shifted to higher rigidities.
Whereas in this work we focused on fibronectin substrates bound to
cells through α5 β1 - and αv β3 -mediated catch bonds, we note that the
emergence of a threshold for talin unfolding does not require catch
bonds. Even if integrins behaved as slip bonds, a rigidity threshold
would occur if the force/unbinding and force/unfolding curves crossed
at a given force. Given the extremely steep decay in talin unfolding
times as a function of force (Fig. 3a), this is likely to happen in
most scenarios. Further, talin unfolding at low forces would also be
prevented by very fast refolding rates, a factor that was also included
in our modelling. Thus, the force and rigidity threshold for talin
unfolding is likely to apply in many physiological scenarios, and
could be regulated by several factors. First, clutch unbinding events
at the level of integrin–talin–actin bonds could increase overall clutch
unbinding rates, displacing the threshold to higher forces/rigidities.
This effect would alter the specific values of model output, but would
not modify the overall trends of the force/rigidity curves with and
without talin, the presence of a rigidity threshold for unfolding, or
the regulation of this threshold by the different factors. Second, load
sharing between talin and other adaptor proteins could reduce the
force experienced by individual talin molecules, also increasing the
threshold. Indeed, the best fit of our model was obtained by setting
the fraction of force on talin to 7.3% (see Supplementary Table 1),
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suggesting that talin experiences only a small fraction of the load
transmitted by integrins (of the order of a few piconewtons). This is
consistent with recently measured tension levels across single talin
molecules within cells18, and with the observation that talin depletion
did not affect force transmission at low rigidities (Fig. 1). Collectively,
those data support the notion that the soft properties of talin16 are
optimized to allow unfolding at low forces, thereby detecting force
levels without impairing force transmission (which may be mediated
by other molecules such as α-actinin27).
An open question arising from our work is how vinculin binding
to talin leads to adhesion growth and YAP translocation. The mechanisms involved are likely to include talin-induced integrin clustering34–36, signalling triggered by vinculin activation on talin binding37,
vinculin–actin binding to reinforce the mechanical clutch29,38, and the
relay of mechanical forces to the nucleus through stress fibres39,40.
Nevertheless and independently of downstream events, our study
clarifies how rigidity regulates force transmission, and how force
transmission is in turn converted into a biochemical signal. Given
the myriad physiological and pathological processes associated with
tissue stiffening41 and YAP signalling42, this understanding may also
open the door to further fundamental discoveries in biology, and new
therapeutic strategies.

METHODS
Methods and any associated references are available in the online
version of the paper.
Note: Supplementary Information is available in the online version of the paper
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METHODS
Cell culture constructs, and transfection. Talin 1−/− mouse embryonic fibroblasts
were described previously20,21, and cultured in DMEM 1× (Life Technologies,
41965), supplemented with 15% FBS. Wild-type mouse embryonic fibroblasts were
also described previously20, and cultured in DMEM supplemented with 10% FBS.
All cells tested negative for mycoplasma contamination. All transfections were
carried out using the Neon transfection device according to the manufacturer’s
instructions. To deplete talin levels, cells were transfected with talin 2 shRNA,
which contained puromycin resistance (previously described21). One day after
transfection, cells were incubated with 2 µg ml−1 puromycin for four days to select
for transfected cells. Resulting transfection efficiency was of 52%, with a standard
deviation of 11% (see Supplementary Fig. 3). EGFP–talin 1 was a gift from
D. Critchley (University of Leicester, UK) and described previously43, EGFP–talin 1
IVVI was prepared in-house from EGFP–talin 1 by introducing four point mutations
(T809I/T833V/T867V/T901I). EGFP–talin 1 head (Addgene plasmid no. 32856) and
EGFP–talin 1 rod (Addgene plasmid no. 32855) were obtained from A. Huttenlocher
(University of Wisconsin-Madison, USA)44. EGFP–VD1 (Addgene plasmid no.
46270, described as pEGFPC1/GgVcl 1–258) and EGFP–VD1 A50I (Addgene
plasmid no. 46271, described as pEGFPC1/GgVcl 1–258 A50I) were obtained from
S. Craig (Johns Hopkins School of Medicine, USA)30. EGFP–FL talin 1 W359A and
EGFP–talin 1 L325R (both FL and head fragment) were gifts from M. Ginsberg’s
laboratory (UC San Diego, USA) and described previously24. Lifeact–GFP was
described previously5. For talin 2 shRNA experiments, cells were transfected with
talin 2 shRNA+corresponding plasmid five days before experiments. For control
cells, transfections were made the day before experiments.
Antibodies and chemicals. To block integrin function, we used an inhibitory antibody against α5 β1 (10 µg ml−1 , clone BMB5 produced in rat, Millipore) and a GPenGRGDSPCA peptide (called GPen throughout the text) specifically recognizing
αv β3 integrin20,45 (Bachem). Blebbistatin was from CalBiochem. Antibodies used
for immunostaining were a β3 monoclonal antibody recognizing the ligand-bound
integrin (clone LIBS1, 1:500 dilution) kindly provided by M. Ginsberg’s laboratory46,
a vinculin monoclonal antibody (clone h-Vin1 produced in mouse, Sigma catalogue
no. V9264, 1:500 dilution), and a rabbit polyclonal antibody recognizing focal
adhesion kinase phosphorylated at Tyr397 (Thermofisher catalogue no. 44-624G,
1:150 dilution). For YAP measurements, we used Hoechst 33342 (Invitrogen) to stain
the nucleus and a YAP monoclonal antibody (clone 63.7 produced in mouse, Santa
Cruz catalogue no. sc-101199, 1:200 dilution). Phalloidin–tetramethylrhodamine
B isothiocyanate (Sigma) was used to label actin. For western blots, we used a
talin monoclonal antibody (clone 8d4 produced in mouse, Sigma catalogue no.
T3287, 1:1,000 dilution), a myosin light chain polyclonal antibody produced in rabbit
(Cell Signaling catalogue no. 3672, 1:200 dilution), a phospho-myosin light chain
polyclonal antibody produced in rabbit (Cell Signaling catalogue no. 3674, 1:500
dilution) and a GAPDH monoclonal antibody (clone 6C5 produced in mouse, Santa
Cruz catalogue no. sc-32233, 1:1,000 dilution).
Preparation of polyacrylamide gels. Polyacrylamide gels were prepared as previously described5. Briefly, glass-bottom dishes (Mattek) were activated with a solution
of 3-(trimethoxysilyl)propyl methacrylate (Sigma), acetic acid and ethanol (1:1:14),
washed three times with ethanol and air-dried for 10 min. To generate gels of
different stiffness, different concentrations of acrylamide and bis-acrylamide were
mixed (see Supplementary Table 2) in a solution containing 0.5% ammonium persulfate, 0.05% tetramethylethylenediamine (Sigma), 0.4% fluorescent red carboxylated
nanobeads (Invitrogen), and 4.8 mg ml−1 NH-acrylate. Ten microlitres of this solution was then placed on the centre of glass-bottom dishes and covered with 12-mmdiameter glass coverslips. After gel polymerization, top coverslips were removed and
gels were incubated with fibronectin (Sigma) overnight at 4 ◦ C. After washing gels
with PBS, cells were then trypsinized and plated on gels. Experiments were carried
out 4–8 h after cell seeding. To compare fibronectin coating densities on the gels,
fibronectin used for coating was previously labelled with an Alexa Fluor 488 protein
labelling kit according to the manufacturer’s instructions (A-10235, Thermo Fisher
Scientific). Then, fibronectin coating densities at the gel surface were measured by
acquiring epifluorescence images with a 20× objective (NA 0.45), and quantifying
resulting fluorescence intensity levels.
Polyacrylamide gel stiffness measurements. The stiffness (Young’s modulus) of
polyacrylamide gels was measured by atomic force microscopy as previously described47. Briefly, measurements were made with a custom-built atomic force microscope attached to an inverted optical microscope (Nikon TE200). Silicon nitride
pyramidal tips with an effective half-angle θ of 20◦ and a nominal spring constant
of k = 0.01–0.03 N m−1 were used (MLCT, Bruker). The actual spring constant was
calibrated by thermal tuning using the simple harmonic oscillator model48. The
Young’s modulus was measured by recording 10 force-displacement curves with a
peak-to-peak amplitude of 6 µm and a frequency of 1 Hz. Three points near the gel

centre were selected in each gel, separated 5 µm from each other. For each stiffness,
≥6 gels produced in two batches were measured. To compute the Young’s modulus
(E), the Hertz model equation for pyramidal tips was fitted to the force-displacement
curves. The equation was fitted for an effective indentation of 1,000 nm.
Traction force measurements. Traction force measurements were performed as
described previously5. Briefly, cells seeded on gels were placed on an inverted
microscope (Nikon Eclipse Ti). Phase contrast images of single cells and fluorescence
images of the embedded nanobeads were obtained with a 40× objective (NA 0.6). At
the end of the measurements, cells were trypsinized and an image of bead position
in the relaxed state of the gel was acquired. By comparing bead positions with
and without cells, a map of gel deformations caused by cells was first obtained
using custom particle imaging velocimetry software49. Then, after assuming that gel
displacements were caused by forces exerted by cells in the cell–gel contact area, the
corresponding map of cell forces was calculated using a previously described Fourier
transform algorithm39,50. The average forces per unit area exerted by each cell were
then calculated. To calculate the minimum detectable force levels for each rigidity,
we followed the same procedure in cell-free gel areas, and calculated the resulting
forces. Phase contrast images were also used to calculate average cell spreading areas
as a function of substrate stiffness.
Immunostaining. For fluorescence staining, cells were fixed with 4% paraformaldehyde, permeabilized with 0.1% Triton X-100, and labelled first with primary antibodies (1 h, room temperature), and then with Alexa-conjugated secondary antibodies
(Invitrogen; 1 h, room temperature). Phalloidin was added with the secondary antibody. Fluorescence images were then acquired with a 60× oil-immersion objective
(NA 1.40) using a spinning-disc confocal microscope (Andor). The length of adhesions was assessed by measuring the length of bright vinculin, β3 integrin or pFAK
stainings at the cell edge. Integrin density was assessed as described previously5. The
area containing pFAK-positive adhesions was calculated after segmenting adhesions
as previously described51. The degree of YAP nuclear localization was assessed
by calculating the ratio between YAP fluorescence in the nuclear region and the
cytoplasmic region immediately adjacent. Nuclear and cytoplasmic regions were
previously determined by co-staining the nucleus with Hoechst 33342.
Rearward flow measurements. To measure actin rearward flow, cells were
transfected with Lifeact–GFP. Cells were then plated on gels of varying rigidity,
and imaged every second for 2 min with a 60× oil-immersion objective (NA 1.40)
with a spinning-disc confocal microscope (Andor). For each cell, kymographs were
obtained at the cell periphery, and actin speed was measured from the slope of actin
features observed in the kymographs. In cells plated on 0.6 kPa gels, actin features
were so diffuse that no reliable slopes could be measured in kymographs.
Western blots. For western blotting of talin, myosin light chain, and phosphorylated
myosin light chain, cells were directly incubated with 1× Laemli and boiled at
95 ◦ C for 5 min. Cell lysates were loaded on 4–20% polyacrylamide gels (Bio-Rad),
and electrophoresis proteins were then transferred to a nitrocellulose membrane
(Whatman, GE Healthcare Life Sciences), which was blocked with 5% drymilk–Tris buffer saline–0.2% Tween. The membrane was incubated first with
primary antibodies (overnight, 4 ◦ C), and then with horseradish-peroxidase-coupled
secondary antibodies (1 h, room temperature). Bands were revealed using the
LumiLight kit (Roche) and quantified using ImageJ software.
Single fibronectin–αv β3 bond lifetime measurements. The lifetime of single
fibronectin–αv β3 bonds was measured using a previously described biomembrane
force probe (BFP) technique52. Biotinylated red blood cells (RBCs) for BFP
experiments were collected abiding a Georgia Institute of Technology IRB-approved
protocol, and prepared as previously described52. Target beads were first covalently
linked with anti-Penta His (histidine) antibody (catalogue no. 34660, Qiagen),
and then further covered with Hexa-His tagged recombinant αv β3 ectodomain,
which was a gift from J. Takagi, Osaka University, Japan53. Probe beads were first
functionalized with streptavidin through covalent linkage and then partially covered
with biotinylated fibronectin module III, domain 7–10 (FNIII7-10 , a generous gift
from A. Garcia, Georgia Tech, USA). To provide maximum integrin activation,
experiments were carried out in the presence of 2 mM Mn2+ . In a BFP experiment,
the probe bead was glued through biotin–streptavidin interaction onto the apex of
the RBC, which was aspirated by a micropipette and acted as a force transducer. A
second opposing micropipette grabbed the target bead and drove it to repeatedly
impinge the probe bead, contact for 2 s and then retract (ramping). Displacement
of the probe bead was tracked in real time, which reflected the force exerted on
it. If an adhesion event occurred, meaning that one bond or more was formed
between the two bead surfaces, ramping resulted in a tensile force signal of the
probe bead that pulled on and elongated the RBC. The ramping was then paused
at a preset force level (clamping) to wait for bond dissociation, manifested by a
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backward deformation of the RBC and a sudden force drop to 0 pN. To ensure that
most adhesion events (>90%) were single molecular interactions, the frequency
of adhesion occurrence was adjusted to be low (<20%) by titrating the coating
densities on both beads54. The time that each adhesion survived during clamping
is termed the lifetime, which was collected under a range of positive forces. To
derive lifetimes under zero force, the ramping was paused at 0 pN and held for 20 s.
Sudden drops/increases in the thermal fluctuation signal of the probe bead were used
to judge the bond association/dissociation, given that bonding suppresses thermal
fluctuation55. The average lifetimes were then plotted against the corresponding
forces to form a ‘lifetime versus force’ curve56. To confirm binding specificity, control
experiments were performed by either adding a αV β3 blocking antibody (clone
LM609, EMD Millipore) or coating beads only with streptavidin instead of FNIII7-10 .
Both controls yielded rare binding (∼3%).
Statistics and reproducibility. In all figures, measurements are reported as mean
± standard error of the mean (s.e.m.). Statistical comparisons were carried out
with two-tailed Student’s t-tests when two cases were compared and with analysis
of variance (ANOVA) tests when more cases were analysed. The results of all
experiments were reproducible; the number of independent reproductions for each
experiment is specified in the figure legends.
Computational model and code availability. Details on the computational model
and its implementation are provided in the Supplementary Note. Matlab code
employed to generate the model is available on request to rocacusachs@ub.edu.
43. Bate, N. et al. Talin contains a C-terminal calpain2 cleavage site important in focal
adhesion dynamics. PLoS ONE 7, e34461 (2012).
44. Simonson, W. T., Franco, S. J. & Huttenlocher, A. Talin1 regulates TCR-mediated
LFA-1 function. J. Immunol. 177, 7707–7714 (2006).

45. Pierschbacher, M. D. & Ruoslahti, E. Influence of stereochemistry of the sequence
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17294–17298 (1987).
46. Frelinger, A. L. 3rd, Du, X. P., Plow, E. F. & Ginsberg, M. H. Monoclonal antibodies to
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Supplementary Figure 1 Cell adhesion to fibronectin-coated gels is
mediated by αvβ3 and α5β1 integrins. a, Images showing control
and Talin 2 shRNA cells on 29 kPa fibronectin-coated polyacrylamide
gels with or without blocking integrin α5β1 (using 10 μg/ml of BMB5
antibody), αvβ3 (using 0.5 mM of the specific Gpen peptide) or both.
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Scale bar is 50 μm. b, Corresponding quantification of the percentage
of spread cells (from left to right, n = 12, 12, 11 ,11, 20, 11, 10,
12 fields of view)(***, p ≤ 0.001, two-way Anova). Data show 1 out
of 2 independent experiments. Blocking both integrins abolished cell
adhesion almost completely.
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Supplementary Figure 2 Talin1 Head L325R expression progressively reduces
force transmission above but not below the rigidity threshold. Traction forces
exerted by control cells on 5 kPa gels (blue) and 29 kPa gels (red) as a
function of the efficiency of transfection with Talin1 Head L325R. Values
are compared to mean forces of untransfected control cells (left) and talin

shRNA cells (right). Note that in figure 1, talin 1 Head L325R data represent
averages for well transfected cells only. Dotted lines represent sigmoidal fits
to the data. (Control: 5kPa, n=35 cells; 29 kPa, n= 12 cells. Control + Talin
1 Head: 5 kPa, n=37 cells; 29 kPa, n=42 cells. Talin 2 shRNA: 5 kPa, n=34
cells; 29 kPa, n= 29 cells). Data show 1 out of 3 independent experiments.
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Supplementary Figure 3 Further quantifications of integrin and pFAK in
adhesions. a, quantification of integrin density from staining images of
ligand bound β3 for Control cells (red, n=20, 31, 24, 33, 20, 29 fields
respectively for increasing rigidity measured in 8-10 cells) and Talin 2
shRNA cells (blue, n= 20, 21, 25, 29, 24, 29 fields measured in 8-9
cells). Data show 1 out of 3 independent experiments. Integrin densities
were significantly different between control and depleted cells only above
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5 kPa (p<0.001, two-way Anova). b, Quantification of the percentage
of cell spreading area covered by pFAK-positive adhesions from staining
images of Control cells (red. n= 11, 10, 17, 17, 17, 15 cells respectively
for increasing rigidity) and Talin 2 shRNA cells (blue, n= 11, 10, 10, 12,
10, 10 cells) as a function of substrate stiffness. Data show 1 out of 3
independent experiments. Significant differences were observed only above
5 kPa (p=0.039, two-way Anova).
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Supplementary Figure 4 Dependence of cell area and myosin
phosphorylation on substrate stiffness. a, Quantification of cell area
in response to substrate stiffness for control and talin 2 shRNA cells
(Control: n= 17, 12, 35, 42, 42, 12 cells respectively for increasing
stiffness; Talin 2 shRNA: n= 10, 11, 34, 23, 25, 29 cells). Data show
1 out of 14 independent experiments. Talin depletion did not have a
significant effect (two-way Anova). b, For cells plated on gels of the
indicated stiffness, representative western blots of talin, GAPDH as loading
control, phosphorylated myosin light chain and total myosin light chain for

Control and Talin 2 shRNA cells. c, Corresponding quantification of the
phosphorylated/total myosin light chain ratio (pooled from n = 3 independent
experiments). No significant differences were found (two-way Anova). d,
Representative western blots of phosphorylated myosin light chain and total
myosin light chain for wild-type MEF cells. e, Corresponding quantification
of the phosphorylated/total myosin light chain ratio (pooled from n = 3
independent experiments). No significant differences were found, suggesting
that myosin phosphorylation is not significantly affected in MEF cells
regardless of talin (one-way Anova).
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Supplementary Figure 5 Further analyses on the effects of vinculin fragments.
a, Average forces in response to substrate stiffness for cells transfected with
Talin 2 shRNA + VD1 (red, n=10, 13, 11, 11, 13, 10 cells, respectively
for increasing stiffness) and Talin 2 shRNA + VD1 A501 (blue, n=11,
11, 12, 11, 11, 10 cells). No significant differences were found between
transfections (two-way Anova). Data show 1 out of 3 independent experiments.
b, Quantification of Nuclear/Cytosolic YAP ratio for the same conditions as
in (a) (Talin 2 shRNA + VD1: n=26, 20, 30, 29, 32, 32 cells respectively for
increasing stiffness; Talin 2 shRNA + VD1 A501: n=22, 21, 21, 23, 23, 24
cells). No significant differences were found between transfections (two-way
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Anova). Data show 1 out of 3 independent experiments. c, Quantification of
Nuclear/Cytosolic YAP ratio for control cells transfected with VD1 (red) and
or VD1 A501 (blue) as a function of transfection efficiency (measured as
the relative intensity of EGFP fluorescence) on 29 kPa polyacrylamide gels
(Control + VD1: n=59 cells; Control + VD1 A501: n=49 cells). Data show
1 out of 3 independent experiments. Dashed lines are a sigmoidal fit to the
experimental results for each condition. Further confirming the blocking role
of VD1, increasing transfection efficiencies progressively decreased nuclear
localization of YAP. In contrast, increasing efficiencies of transfection with
VD1 A501 had no effect.

WWW.NATURE.COM/NATURECELLBIOLOGY

5
© 2016 Macmillan Publishers Limited. All rights reserved

Fibronectin surface coating denstiy (A.U.)

S U P P L E M E N TA R Y I N F O R M AT I O N

1200

5 kPa
29 kPa

1000
800
600
400
200
0
0

20

40

60

80

100

Fibronectin solution concentration (µg/ml)

Supplementary Figure 6 Fibronectin coating densities. Resulting fibronectin coating densities on the surface of polyacrylamide gels of 5 and 29 kPa coated with
solutions containing 1, 10, or 100 μg/ml of fibronectin. n=6 gels in all cases except 100 µg/ml-29 kPa (5 gels). Data pooled from two independent experiments.
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Supplementary Figure 7 Unprocessed versions of the western blots shown in
supplementary fig. 4. a,b, blots corresponding to panel b in supplementary
fig. 4. c, blots corresponding to panel d in supplementary fig. 4. All
measured bands corresponded to the molecular weights of the different

proteins as detailed by antibody providers: talin (225-235 kDa), GADPH (36
kDa), and MLC (18 kDa). Note that blots do not show the entire molecular
weight spectrum because membranes were cut before antibody incubation to
incubate each band only with the relevant antibody.
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%	
  Acrylamide

%	
  Bis-‐acrylamide

Young’s	
  modulus	
  (kPa)	
  (Mean	
  ±S.E.)

4
5.5
7.46
7.49
7.52
12

0.03
	
  0.044
0.044
0.10
0.16
0.15

0.62	
  ±	
  0.07
2.39	
  ±	
  0.13
4.71	
  ±	
  0.22
11.29	
  ±	
  0.49
14.54	
  ±	
  0.24
29.45	
  ±	
  0.10

Number	
  of	
  gels	
  measured
11
9
12
9
6
6
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Figure	
  panel
6a
6b
6c
6d
6e
6f
6g
6h
6i
6j

6k

6l

n	
  value	
  
Control:	
  n=16,	
  17,	
  39,	
  17,	
  11,	
  21	
  cells	
  
Talin	
  2	
  shRNA:	
  n=10,	
  11,	
  20,	
  21,	
  25,	
  29	
  cells	
  
Control:	
  n=11,	
  19,	
  10,	
  10,	
  10,	
  12	
  cells	
  
Talin	
  2	
  shRNA:	
  n=10,	
  11,	
  10,	
  12,	
  10,	
  10	
  cells	
  
Control:	
  n=10,	
  16,	
  13,	
  28,	
  14,	
  28	
  cells	
  
Talin	
  2	
  shRNA:	
  n=10,	
  10,	
  14,	
  32,	
  11,	
  12	
  cells	
  
Control:	
  n=	
  17,	
  12,	
  35,	
  42,	
  42,	
  12	
  cells	
  	
  
Talin	
  shRNA:	
  n=	
  10,	
  11,	
  34,	
  23,	
  25,	
  29	
  cells	
  .
Control:	
  n=	
  17,	
  13,	
  14,	
  12,	
  11,	
  12	
  cells	
  	
  
Talin	
  shRNA:	
  n=	
  10,	
  11,	
  11,	
  11,11,	
  13	
  cells	
  .
Control:	
  n=	
  12,	
  12,	
  21,	
  32,	
  37,	
  17	
  cells	
  	
  
Talin	
  shRNA:	
  n=	
  13,	
  14,	
  21,	
  15,	
  22,	
  14	
  cells	
  .
Control:	
  n=	
  12,	
  12,	
  12,	
  56,	
  33,	
  21	
  cells	
  	
  
Talin	
  shRNA:	
  n=	
  14,	
  13,	
  15,	
  46,	
  17,	
  28	
  cells	
  .
Control:	
  n=	
  16,	
  27,	
  11,	
  18,	
  15,	
  15	
  cells	
  	
  
Talin	
  shRNA:	
  n=	
  13,	
  14,	
  11,	
  15,	
  14,	
  15	
  cells	
  .
Control:	
  n=	
  11,	
  10,	
  14,	
  11,	
  14,	
  10	
  cells	
  	
  
Talin	
  shRNA:	
  n=	
  11,	
  10,	
  12,	
  10,	
  15,	
  11	
  cells	
  .
1µg/ml,	
  n=22,	
  27,	
  29,	
  55,	
  33,	
  25	
  cells	
  
10	
  µg/ml,	
  n=20,	
  22,	
  21,	
  29,	
  20,	
  39	
  cells	
  
100	
  µg/ml,	
  n=	
  25,	
  41,	
  40,	
  57,	
  27,	
  24	
  cells	
  
0.05	
  mM,	
  n=22,	
  21,	
  23,	
  29,	
  21,	
  30	
  cells	
  
0.15	
  mM,	
  n=21,	
  23,	
  21,	
  21,	
  26,	
  35	
  cells	
  
0.5	
  mM,	
  n=	
  23,	
  20,	
  20,	
  22,	
  20,	
  26	
  cells	
  
5	
  μM,	
  n=21,	
  25,	
  36,	
  27,	
  45,	
  59	
  cells	
  
15	
  μM,	
  n=25,	
  26,	
  29,	
  27,	
  105,	
  23	
  cells	
  
50	
  μM,	
  n=	
  21,	
  24,	
  32,	
  42,	
  28,	
  21	
  cells	
  

#	
  of	
  
independent	
  
experiments

Statistical	
  significance

3

p=0.014	
  between	
  Control	
  and	
  Talin	
  2	
  shRNA	
  only	
  above	
  2	
  kPa

3

p=0.039	
  between	
  Control	
  and	
  Talin	
  2	
  shRNA	
  only	
  above	
  5	
  kPa

3

p=0.022	
  between	
  Control	
  and	
  Talin	
  2	
  shRNA	
  only	
  above	
  11	
  kPa

14

P=0.006	
  between	
  Control	
  and	
  Talin	
  2	
  shRNA	
  only	
  above	
  5	
  kPa

3

p<0.001	
  between	
  Control	
  and	
  Talin	
  2	
  shRNA	
  only	
  above	
  5	
  kPa

3

p<0.001	
  between	
  Control	
  and	
  Talin	
  2	
  shRNA	
  only	
  at	
  29	
  kPa

3

p=0.003	
  between	
  Control	
  and	
  Talin	
  2	
  shRNA	
  only	
  above	
  11	
  kPa

3

p<0.001	
  between	
  Control	
  and	
  Talin	
  2	
  shRNA	
  only	
  above	
  5	
  kPa

3

No	
  statistical	
  differences

3

For	
  5	
  kPa,	
  p=0.033	
  between	
  1µg/ml	
  and	
  10	
  µg/ml	
  and	
  p=0.033	
  between	
  
1µg/ml	
  and	
  	
  100	
  µg/ml.
For	
  11	
  kPa,	
  p<0.001	
  between	
  100µg/ml	
  and,	
  both,	
  1	
  µg/ml	
  and	
  10	
  µg/ml.

3

No	
  statistical	
  differences

3

p<0.001	
  between	
  5μM	
  and	
  both	
  15	
  μM	
  and	
  50	
  μM	
  above	
  11	
  kPa
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Supplementary Table 1 Model parameters. These parameters correspond to the reference case (control cells, no treatment, 10 μg/ml fibronectin coating).
Other cases were fitted by modifying only the relevant parameters to the applied treatment (see legend of Fig. 6 for parameter values). The parameters
employed to adjust the model to the different experimental conditions are listed as “adjusted”. For those parameters, sensitivity values report how the
threshold rigidity for talin unfolding depends on changes in the parameter (see methods for details). Positive/negative values indicate that the threshold
rigidity increases/decreases as the parameter increases.
References to supplementary table 1
1.
Litvinov, R.I. et al. Resolving two-dimensional kinetics of the integrin alphaIIbbeta3-fibrinogen interactions using binding-unbinding correlation
spectroscopy. J. Biol. Chem. 287, 35275–35285 (2012).
2.
Molloy, J.E., Burns, J.E., Kendrick-Jones, J., Tregear, R.T. & White, D.C. Movement and force produced by a single myosin head. Nature 378,
209–212 (1995).
3.
Chan, C.E. & Odde, D.J. Traction dynamics of filopodia on compliant substrates. Science 322, 1687–1691 (2008).
4.
Elosegui-Artola, A. et al. Rigidity sensing and adaptation through regulation of integrin types. Nat. Mater. 13, 631-637 (2014).
5.
Kong, F., Garcia, A.J., Mould, A.P., Humphries, M.J. & Zhu, C. Demonstration of catch bonds between an integrin and its ligand. J. Cell Biol. 185,
1275–1284 (2009).
6.
Yao, M. et al. Mechanical activation of vinculin binding to talin locks talin in an unfolded conformation. Scientific reports 4, 4610 (2014).
7.
Roca-Cusachs, P., Iskratsch, T. & Sheetz, M.P. Finding the weakest link - exploring integrin-mediated mechanical molecular pathways. J.Cell Sci.
125, 3025–3038 (2012).
Supplementary Table 2 Polyacrylamide gel rigidities measured with AFM. Data shown were pooled from the number of independent gel measurements
indicated.
Supplementary Table 3 Statistical details of figure 6 panels. All statistical comparisons were carried out using 2-way Anova. All n values are reported
sequentially for increasing stiffness. All data shown represent 1 experiment out of the number of independent experiments specified in the table.
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Supplementary	
  note	
  –	
  computational	
  model.	
  
The	
   computational	
   model	
   was	
   developed	
   by	
   adapting	
   a	
   Monte	
   Carlo	
   simulation	
   approach	
  
previously	
  described	
  in	
  detail1.	
  Briefly,	
  the	
  model	
  considers	
  an	
  actin	
  filament	
  being	
  pulled	
  by	
  
nm	
  myosin	
  motors,	
  each	
  of	
  them	
  capable	
  of	
  exerting	
  a	
  force	
  of	
  Fm.	
  In	
  the	
  absence	
  of	
  adhesion	
  
to	
   the	
   substrate,	
   this	
   filament	
   moves	
   at	
   a	
   speed	
   va,	
   corresponding	
   to	
   the	
   unloaded	
   speed	
   of	
  
myosin	
   motors.	
   This	
   filament	
   can	
   use	
   talin-‐integrin	
   clutches	
   (modeled	
   as	
   springs	
   with	
   spring	
  
constant	
   kc)	
   to	
   bind	
   to	
   a	
   given	
   number	
   of	
   fibronectin	
   molecules	
   nf.	
   In	
   turn,	
   the	
   fibronectin	
  
molecules	
   are	
   all	
   connected	
   in	
   parallel	
   to	
   a	
   spring	
   with	
   spring	
   constant	
   ksub,	
   representing	
  
substrate	
   rigidity.	
   	
   At	
   each	
   time	
   step	
   of	
   the	
   simulation,	
   unbound	
   fibronectin	
   molecules	
   are	
  
allowed	
   to	
   bind	
   to	
   integrins	
   according	
   to	
   a	
   binding	
   rate	
   kon	
   =	
   kont·∙	
   dint,	
   where	
   kont	
   is	
   the	
   true	
  
binding	
   rate	
   characterizing	
   the	
   interaction,	
   and	
   dint	
   is	
   the	
   density	
   of	
   integrins	
   on	
   the	
  
membrane.	
   Similarly,	
   bound	
   integrins	
   are	
   allowed	
   to	
   unbind	
   according	
   to	
   the	
   unbinding	
   rate	
  
koff,	
  which	
  depends	
  on	
  applied	
  force	
  as	
  a	
  catch	
  bond.	
  At	
  the	
  end	
  of	
  each	
  time	
  step	
  the	
  actin	
  
filament	
  contracts,	
  dragging	
  the	
  bound	
  clutches	
  and	
  exerting	
  force	
  on	
  each	
  clutch,	
  and	
  on	
  the	
  
substrate.	
   Total	
   force	
   on	
   the	
   substrate	
   F	
   is	
   calculated	
   by	
   imposing	
   force	
   balance,	
   and	
   actin	
  
speed	
  is	
  recalculated.	
  To	
  recalculate	
  this	
  speed,	
  actin	
  speed	
  is	
  assumed	
  to	
  depend	
  linearly	
  on	
  
applied	
  force,	
  ranging	
  from	
  va	
  (in	
  the	
  absence	
  of	
  force)	
  to	
  0	
  (when	
  the	
  maximum	
  force	
  of	
  nm·∙Fm	
  
is	
  reached).	
  At	
  this	
  point,	
  the	
  cycle	
  of	
  binding	
  and	
  unbinding	
  starts	
  again.	
  This	
  simulation	
  was	
  
run	
  for	
  time	
  steps	
  of	
  5	
  ms,	
  until	
  a	
  total	
  of	
  100	
  s.	
  After	
  the	
  simulation	
  finished,	
  we	
  converted	
   F	
  
and	
   ksub	
   to	
   cell	
   traction	
   stresses	
   and	
   substrate	
   Young’s	
   moduli,	
   respectively,	
   by	
   assuming	
   a	
  
given	
  adhesion	
  radius	
  ra	
  as	
  described	
  previously1,	
  2.	
  
In	
  addition	
  to	
  the	
  aspects	
  above,	
  in	
  this	
  work	
  we	
  specifically	
  introduced	
  the	
  modelling	
  of	
  talin	
  
unfolding	
   and	
   refolding,	
   and	
   vinculin	
   binding.	
   In	
   each	
   time	
   step,	
   for	
   each	
   bound	
   clutch	
   we	
  
calculated	
  the	
  unbinding	
  rate	
  koff,	
  and	
  the	
  unfolding	
  rate	
  kunf	
  for	
  the	
  applied	
  force	
  f.	
  koff(f)	
  was	
  
modeled	
   as	
   a	
   catch	
   bond	
   consisting	
   of	
   the	
   sum	
   of	
   two	
   exponentials,	
   one	
   with	
   positive	
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exponent	
  and	
  the	
  other	
  with	
  negative	
  exponent.	
  The	
  parameters	
  of	
  the	
  two	
  exponentials	
  were	
  
obtained	
  after	
  fitting	
  the	
  curve	
  to	
  experimental	
  data	
  from	
  either	
  the	
  fibronectin-‐α5β1	
  bond3	
  or	
  
the	
  fibronectin-‐αvβ3	
  bond	
  (Fig.	
  2a,	
  lifetime	
  data	
  in	
  the	
  figure	
  correspond	
  to	
  the	
  inverse	
  of	
  koff).	
  
In	
   both	
   cases,	
   we	
   took	
   experimental	
   data	
   corresponding	
   to	
   the	
   case	
   of	
   maximum	
   activation	
  
(with	
   Mn2+	
   ions).	
   Fits	
   shown	
   in	
   figures	
   were	
   obtained	
   by	
   using	
   fibronectin-‐α5β1	
   data,	
   but	
  
equivalently	
  good	
  fits	
  could	
  be	
  obtained	
  with	
  fibronectin-‐αvβ3	
  data	
  after	
  minor	
  modifications	
  
of	
   the	
   parameters.	
   To	
   best	
   fit	
   experimental	
   results,	
   the	
   resulting	
   koff(f)	
   curve	
   was	
   multiplied	
   by	
  
a	
   scaling	
   factor	
   of	
   0.9,	
   possibly	
   reflecting	
   minor	
   differences	
   in	
   experimental	
   conditions	
  
between	
   single	
   molecule	
   measurements	
   and	
   integrins	
   within	
   adhered	
   live	
   cells.	
   Additionally,	
  
we	
  further	
  increased	
  the	
  unbinding	
  rates	
  of	
  integrin-‐Fn	
  bonds	
  at	
  very	
  low	
  forces	
  (<	
  1	
  pN)	
  with	
  
respect	
   to	
   experimental	
   values.	
   Introducing	
   this	
   change	
   only	
   increased	
   the	
   slope	
   at	
   low	
  
rigidities,	
   and	
   did	
   not	
   alter	
   any	
   of	
   the	
   other	
   model	
   predictions.	
   The	
   presence	
   of	
   a	
   very	
   high	
  
unbinding	
   rate	
   (low	
   affinity)	
   at	
   low	
   forces	
   may	
   reflect	
   a	
   low	
   activation	
   state	
   in	
   integrins	
   not	
  
submitted	
   to	
   cyclic	
   mechanical	
   stretch4.	
   kunf(f)	
   was	
   modeled	
   as	
   a	
   simple	
   slip	
   bond	
   (one	
  
exponential	
   with	
   a	
   positive	
   exponent)	
   by	
   fitting	
   the	
   curve	
   to	
   previously	
   measured	
   data5.	
  
Because	
  the	
  load	
  on	
  each	
  integrin	
  may	
  be	
  shared	
  between	
  talin	
  and	
  other	
  adaptor	
  molecules,	
  
the	
   force	
   used	
   to	
   calculate	
   unfolding	
   was	
   corrected	
   by	
   a	
   factor	
   FR,	
   corresponding	
   to	
   the	
  
fraction	
   of	
   integrin-‐transmitted	
   force	
   experienced	
   by	
   talin.	
   Then,	
   unbinding	
   and	
   unfolding	
  
times	
   were	
   determined	
   stochastically	
   according	
   to	
   koff	
   and	
   kunf.	
   If	
   unfolding	
   time	
   was	
   shorter	
  
than	
   unbinding	
   time,	
   and	
   fell	
   within	
   the	
   time	
   step	
   window,	
   then	
   talin	
   was	
   allowed	
   to	
   either	
  
bind	
   to	
   vinculin	
   (according	
   to	
   a	
   force-‐independent	
   binding	
   rate	
   kvin)	
   or	
   refold	
   (according	
   to	
   a	
  
refolding	
   rate	
   kfold).	
   kfold	
   was	
   also	
   modelled	
   as	
   a	
   simple	
   exponential	
   (with	
   negative	
   exponent)	
  
fitted	
  to	
  measured	
  data5.	
  If	
  vinculin	
  binding	
  occurred	
  before	
  refolding,	
  adhesion	
  reinforcement	
  
was	
   assumed	
   to	
   occur,	
   and	
   integrin	
   density	
   increased	
   by	
   dadd	
   integrins/μm2.	
   If	
   integrins	
  
unbound	
   before	
   talin	
   unfolding	
   or	
   vinculin	
   binding,	
   integrin	
   density	
   decreased	
   by	
   dadd,	
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reflecting	
  the	
  fact	
  that	
  adhesions	
  shrink	
  if	
  force	
  application	
  is	
  decreased6,	
  7.	
  However,	
  integrin	
  
density	
  was	
  not	
  allowed	
  to	
  decrease	
  below	
  the	
  basal	
  dint	
  level.	
  
Parameters	
   nf,	
   kont,	
   nm,	
   dadd,	
   and	
   FR	
   were	
   adjusted	
   during	
   simulations	
   to	
   fit	
   the	
   different	
  
experimental	
   conditions	
   tested.	
   For	
   those	
   parameters,	
   both	
   95%	
   confidence	
   intervals	
   and	
  
sensitivities	
   S	
   were	
   calculated.	
   Confidence	
   intervals	
   were	
   calculated	
   by	
   using	
   the	
   nlparci	
  
Matlab	
   function	
   taking	
   as	
   an	
   input	
   the	
   experimental	
   data	
   and	
   the	
   Jacobian	
   matrix	
   of	
   the	
   fitted	
  
model	
   function.	
   The	
   sensitivity	
   S	
   was	
   calculated	
   following	
   a	
   previously	
   described	
   approach8	
  
according	
  to	
  the	
  following	
  expression:	
  

𝑆=

𝑑 log 𝑘!!!"#!!"#
	
  
𝑑 log 𝑝

Where	
  p	
  are	
  the	
  different	
  parameters,	
  and	
  kthreshold	
  is	
  the	
  threshold	
  substrate	
  spring	
  constant	
  
(rigidity)	
  that	
  leads	
  to	
  talin	
  unfolding,	
  defined	
  as	
  the	
  point	
  in	
  which	
  integrin	
  density	
  increased	
  
by	
   10%	
   with	
   respect	
   to	
   baseline	
   values.	
   S	
   values	
   can	
   be	
   interpreted	
   as	
   the	
   fold	
   change	
   in	
  
kthreshold	
   induced	
   by	
   a	
   fold	
   change	
   in	
   parameter	
   value.	
   To	
   calculate	
   S	
   values,	
   kthreshold	
   was	
  
calculated	
   for	
   p	
   values	
   around	
   the	
   optimal	
   fitted	
   values.	
   Then,	
  kthreshold	
   was	
   plotted	
   against	
   p	
   in	
  
a	
  log-‐log	
  scale,	
  and	
  S	
  was	
  taken	
  as	
  the	
  slope	
  of	
  a	
  linear	
  fit	
  to	
  the	
  plot.	
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Force loading explains spatial sensing of ligands
by cells
Roger Oria1,2, Tina Wiegand3,4, Jorge Escribano5, Alberto Elosegui-Artola1, Juan Jose Uriarte2, Cristian Moreno-Pulido1,
Ilia Platzman3,4, Pietro Delcanale1, Lorenzo Albertazzi1, Daniel Navajas1,2,6, Xavier Trepat1,2,7,8, José Manuel García-Aznar5,
Elisabetta Ada Cavalcanti-Adam3,4 & Pere Roca-Cusachs1,2

Cells can sense the density and distribution of extracellular matrix
(ECM) molecules by means of individual integrin proteins and
larger, integrin-containing adhesion complexes within the cell
membrane. This spatial sensing drives cellular activity in a variety
of normal and pathological contexts1,2. Previous studies of cells on
rigid glass surfaces have shown that spatial sensing of ECM ligands
takes place at the nanometre scale, with integrin clustering and
subsequent formation of focal adhesions impaired when single
integrin–ligand bonds are separated by more than a few tens of
nanometres3–6. It has thus been suggested that a crosslinking
‘adaptor’ protein of this size might connect integrins to the actin
cytoskeleton, acting as a molecular ruler that senses ligand spacing
directly3,7–9. Here, we develop gels whose rigidity and nanometrescale distribution of ECM ligands can be controlled and altered.
We find that increasing the spacing between ligands promotes the
growth of focal adhesions on low-rigidity substrates, but leads
to adhesion collapse on more-rigid substrates. Furthermore,
disordering the ligand distribution drastically increases adhesion
growth, but reduces the rigidity threshold for adhesion collapse. The
growth and collapse of focal adhesions are mirrored by, respectively,
the nuclear or cytosolic localization of the transcriptional regulator
protein YAP. We explain these findings not through direct sensing of
ligand spacing, but by using an expanded computational molecularclutch model10,11, in which individual integrin–ECM bonds—the
molecular clutches—respond to force loading by recruiting extra
integrins, up to a maximum value. This generates more clutches,
redistributing the overall force among them, and reducing the
force loading per clutch. At high rigidity and high ligand spacing,
maximum recruitment is reached, preventing further force
redistribution and leading to adhesion collapse. Measurements of
cellular traction forces and actin flow speeds support our model.
Our results provide a general framework for how cells sense spatial
and physical information at the nanoscale, precisely tuning the
range of conditions at which they form adhesions and activate
transcriptional regulation.
To explore the spatial sensing of ECM molecules by cells, we
investigated a wide array of conditions, considering not only the
nanometre-scale distribution of ligands but also substrate rigidity,
which is itself a major regulator of focal adhesions12. To this end, we
developed a two-step protocol to combine polyacrylamide hydrogels
with block co-polymer micelle nanolithography13. We thereby fabricated hydrogels that have on their surface nanopatterned, quasihexagonal arrays of gold nanoparticles (nanodots), functionalized with
a small peptide (cyclic arginine–glycine–aspartate, cRGD), which is
an integrin ligand (Fig. 1a). Owing to steric hindrance3,8, this system
allows just one integrin protein to bind to each functionalized nanodot;
it also allows us to control both nanodot spacing and substrate rigidity.

Because hydrogels swell14, the spacing of the nanodots was greater on
gels than on glass surfaces. This swelling was of approximately 20%,
and was not affected by gel rigidity (Extended Data Fig. 1). We seeded
human breast myoepithelial cells onto the substrates; the cells attached
specifically to the nanodots by using α5β1 integrin proteins to bind
the cRGD ligands. Blocking these integrins with an antibody, functionalizing the nanodots with a peptide with low affinity for integrin
binding (arginine–glycine–glutamate, RGE)15, or functionalizing gels
with cRGD in the absence of nanodots all inhibited cell attachment
(Extended Data Fig. 2).
We then analysed how cells formed adhesion complexes on the
substrates as a function of ligand spacing and substrate rigidity. As an
initial control, we checked cell behaviour on a stiff substrate (glass).
As expected, cells plated on non-patterned glass substrates (which
were merely coated with a uniform gold layer and functionalized with
cRGD) formed long focal adhesions that were rich in phosphorylated paxillin protein (Fig. 1b, c). On glass nanopatterned substrates
with 30-nm spacing between nanodots, focal adhesions still formed,
but were shorter. Cells on substrates with 50-nm or 100-nm spacing
between nanodots exhibited only small, dotted adhesions. This confirms the reported maximum distance between bound integrins for
focal-adhesion formation3,5, and indicates a length of between 30 nm
and 50 nm for a potential molecular ruler in our system.
Also as expected and previously described10, cells seeded on very
soft polyacrylamide gels formed small adhesive structures resembling
nascent adhesions16 when ligands were spaced 50 nm or 100 nm apart,
and formed focal adhesions only above a rigidity threshold (Young’s
modulus) of 5 kPa (Fig. 1d, e). However, above this threshold we found
several striking behaviours. First, focal adhesions formed on gels when
ligands were spaced both 50 nm and 100 nm apart, though they did
not on glass (Fig. 1b, c). Second, the dependency between focaladhesion formation and ligand spacing was the reverse of that found
on stiff substrates: cells formed longer focal adhesions as ligand spacing
increased from 50 nm to 100 nm. Finally, adhesions seemed to
collapse (drastically reduce their length) above a second rigidity threshold,
which was 30 kPa for 100-nm-spaced substrates, and 150 kPa for
50-nm-spaced substrates. Because focal-adhesion collapse occurred
at a lower rigidity for the higher spacing, this led to a regime (150 kPa)
in which focal-adhesion length increased with decreasing spacing,
reproducing the behaviour found on glass.
Thus, our results show that there is an optimal rigidity for adhesion formation, which decreases as ligand spacing increases. We then
confirmed the generality, validity, and implications of these results in
different ways. First, we increased ligand spacing on gels to 200 nm.
Confirming the trend, this reduced the optimal rigidity even further,
to 1.5 kPa (Fig. 1d, e). Second, we checked that different methods
of quantifying adhesions led to the same trends. These methods

1
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Figure 1 | Increasing ligand spacing promotes the growth of focaladhesion complexes on intermediate-rigidity substrates, and collapse
on high rigidities. a, Top, the nanopatterned polyacrylamide substrates,
showing gold nanodots (yellow) on top of polyacrylamide gels with
embedded fluorescent beads (purple). A cell adhered through focal
adhesions (orange) is shown, with its nucleus in blue. Bottom, spatial
configuration of integrin–ECM bonds on the quasi-hexagonal pattern of
nanodots coated with cRGD ligands (yellow integrins are in blue). Right,
scanning electron micrograph of a 100-nm pattern on a polyacrylamide
gel (one of two independent experiments is shown). b, Staining for
phosphorylated paxillin protein (a component of focal adhesions) in cells
seeded on glass substrates coated with either a homogeneous layer of
cRGD or quasi-hexagonal distributed cRGD ligands (30-nm, 50-nm and
100-nm spacing). The right-hand image of each pair corresponds to the
red rectangle in the left-hand image. c, Corresponding quantification of
focal adhesion length (mean length of at least three focal adhesions per
cell from n = 12 cells per condition, from two independent experiments).

*** P < 0.001; one-way ANOVA. d, Staining of phosphorylated paxillin
in cells seeded on polyacrylamide substrates with rigidities (Young’s
moduli) from 0.5 kPa to 150 kPa, for nanodots spaced 50 nm, 100 nm
or 200 nm apart. e, Corresponding quantification of focal-adhesion
length (mean of at least three focal adhesions per cell from n = 10/10/11,
10/12/11, 10/11/11, 10/10/11, 12/11/11, 10/10/11, 11/11/11, 12/12/−
cells for 50/100/200-nm-spaced substrates and increasing rigidity; two
independent experiments). The effect of both rigidity and spacing was
significant (P < 0.05; two-way ANOVA). f, Staining for the transcriptional
regulator YAP in cells seeded on polyacrylamide substrates with rigidities
ranging from 0.5 kPa to 150 kPa, with 50-nm-, 100-nm- or 200-nm-spaced
nanodots. g, Corresponding quantification of nuclear/cytosolic YAP ratio
(n = 15 cells per condition; two independent experiments); the effect of
both rigidity and spacing was significant. (P < 0.05, two-way analysis
of variance (ANOVA)). Error bars represent mean ± s.e.m. Scale bars
represent 200 nm in a and 20 μm in b, d, f.

involved transfecting green fluorescent protein (GFP)-labelled paxillin into live cells or staining phosphorylated paxillin in fixed cells; and
measuring overall paxillin recruitment or measuring focal-adhesion
length (Extended Data Fig. 3). Third, we carried out experiments in
other cell types (mouse embryonic fibroblasts, human umbilical vein
endothelial cells, and MCF 10A breast epithelial cells) and in myoepithelial cells seeded on nanodots coated with a different ligand,
the collagen-mimicking GFOGER peptide16. The specific thresholds
varied, but adhesion formation and collapse, and their dependency
on ligand spacing and substrate rigidity, were maintained in all cases
(Extended Data Fig. 4). Finally, we analysed the nuclear localization of
the mechanosensitive transcriptional regulator YAP18, which correlates
with focal-adhesion formation10. Indeed, YAP’s nuclear localization
closely mirrored focal-adhesion length in all cases, showing a rigidity
optimum that depended on ligand spacing (Fig. 1f, g).

Our results—which show adhesion formation on substrates with
50-nm, 100-nm and even 200-nm nanodot spacing, depending on the
conditions—are inconsistent with a molecular-ruler mechanism, even
if gel deformation were to reduce nanodot spacing. Indeed, although
cells could potentially pull on neighbouring ligands to reduce their
spacing down to the length of a molecular ruler, this could not explain
why, on 1.5 kPa substrates, focal adhesions form only when nanodots
are spaced by 200 nm and not shorter distances. To further discard
the molecular-ruler hypothesis, we used super-resolution stochastic
optical reconstruction microscopy (STORM) of 100-nm-spaced
substrates to image paxillin clusters, which correctly reproduced
the expected 100-nm spacing (Extended Data Fig. 5). There were no
differences in spacing on 30-kPa or 150-kPa substrates, confirming
that the increased adhesion formation on the softer 30-kPa substrate
was not due to reduced nanodot spacing caused by gel deformability.
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Figure 2 | A molecular-clutch model explains cellular response to ligand
spacing. a, The molecular-clutch model. Within cells, myosin motors
(black) pull on actin filaments (grey) with velocity v, exerting a force on a
set of parallel clutches (formed by adaptor proteins, red, and integrins, blue)
which dynamically bind and unbind cRGD ligands (yellow) with on and
off rates kon and koff. Mechanosensitivity is introduced by setting a force
threshold, Fthreshold, in each clutch that triggers further integrin recruitment
when surpassed (brown star). The elastic substrate is represented by springs
connecting ligands to the substrate (ksub, black) and to each other (klink,
orange). b, The effect of ligand spacing on clutch forces: as the spacing
decreases, so does the force loading on each individual clutch. c, Model
predictions (solid lines) and experimental average values (data points, from
Fig. 1e) of focal-adhesion length as rigidity increases for differently spaced
ligands. Model parameters changed were nl (180 for 50 nm, 130 for 100 nm
and 5 for 200 nm) and the ratio klink/ksub (10 for 50 nm, 5 for 100 nm and

3 for 200 nm). d, Examples of cell tractions (colour coding) exerted
on substrates of differing rigidity and differing ligand spacing.
e, Corresponding model predictions (solid lines) and experimental
average values of cell tractions (n = 13/13, 11/16, 11/19, 16/13, 13/16,
13/14 cells for 50/100-nm substrates and increasing rigidity; mean of two
independent experiments). f, Examples of lifeact-GFP-transfected cells
plated on substrates of increasing rigidity. Insets are kymographs showing
the movement of actin features along the lines marked in red. The slopes
of the traces created by the features (marked with lines) were used to
calculate actin speed. g, Corresponding model predictions (solid lines)
and experimental average values for actin speed (at least three traces were
obtained per cell from n = 7/9, 9/9, 11/9, 8/7, 8/7, 9/9 cells on 50/100-nmspaced substrates of increasing rigidity; two independent experiments).
Scale bars represent 20 μm in the main images and 20 s per 2 μm (x = y axes)
in the kymographs. Error bars represent mean ± s.e.m.

Nor could the results be explained by differential regulation of cell
spreading, which did not correlate well with adhesion formation,
particularly on 50-nm- and 100-nm spaced substrates (Extended Data
Fig. 3).
A plausible alternative is regulation by force, as suggested
theoretically19. Mechanical forces are important in focal-adhesion
maturation20,21, and we have shown10,11 that focal-adhesion growth
in response to rigidity can be explained by force loading in integrins
via a molecular-clutch mechanism. Furthermore, force transmission
mediated by a molecular clutch is predicted to depend on ligand

density22,23. We thus asked whether our results could be explained by
a force-regulated, molecular-clutch mechanism.
Our previous molecular-clutch model involves a number of myosin
motor proteins pulling on an actin filament, generating a rearward
actin flow towards the cell centre. The substrate is modelled by a
set of ECM-binding sites (corresponding to the functionalized gold
nanodots here) connected to a spring (representing substrate elasticity).
Molecular clutches, which comprise integrins and adaptor proteins,
dynamically link the actin filament to the ECM substrate. When
clutches are engaged, they become progressively loaded as myosin
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Figure 3 | Ligand disorder promotes adhesion growth, as predicted by
the molecular-clutch model. a, Effect of ligand disorder on clutch force.
b, Staining of phosphorylated paxillin in cells seeded on substrates of
varying rigidity, and with ordered or disordered ligand spacing. The lefthand images of each pair are magnifications of the rectangular regions in
the right-hand images. c, For 50-nm substrates are shown corresponding
model predictions (lines) and experimental average values for adhesion
length (means of at least three adhesions per cell from n = 10/10, 10/10,
10/10, 11/10, 11/12, 11/10, 11/11 cells in disordered/ordered conditions
and on substrates of increasing rigidity; two independent experiments).
Differences between ordered and disordered conditions were significant
(P < 0.05; two-way ANOVA). d, e, For the same 50-nm substrates as in
c are shown: d, examples of cell tractions, and e, corresponding model
predictions (lines) and experimental average traction values (n = 14/13,

12/11, 12/11, 19/16, 16/13, 21/13 cells for disordered/ordered conditions;
two independent experiments). Differences between ordered and
disordered conditions were significant (P < 0.05; two-way ANOVA). f,
g, For 100-nm substrates are shown: f, phosphroylated-paxillin staining
on ordered and disordered substrates, and g, corresponding model
predictions (lines) and experimental average traction values (at least
three adhesions per cell for n = 10/10, 10/12, 10/11, 11/10, 12/11, 11/10,
11/11 cells on disordered/ordered ligands; two independent experiments).
h, i, For the same 100-nm substrates as in g are shown: h, examples of
cell tractions, and i, corresponding model predictions (solid lines) and
experimental average traction values (n = 12/13, 15/16, 18/19, 14/13,
11/16, 15/14 cells on disordered/ordered ligands; two independent
experiments). Scale bars represent 20 μm. Error bars represent
mean ± s.e.m.

motors contract the actin filament. Mechanosensitive growth of focal
adhesions is modelled by defining a force threshold in each clutch—a
force which we previously identified as that leading to unfolding of the
actin–integrin adaptor protein talin10. If any individual clutch surpasses
this threshold before disengaging, it triggers a mechanosensing event
that grows adhesions by increasing integrin recruitment. As integrins
are recruited, the fraction of integrin-bound ligands increases, allowing
adhesions to better withstand force.

To consider the effects of ligand distribution, we expanded this
model in two ways (Fig. 2a; see Methods and Extended Data Table 1
for model description and parameters). First, we modelled ligand
spacing by using springs to connect ligands not only to the substrate
(with a spring constant ksub), but also to each other (with a spring
constant klink). In this way, and as expected for an elastic substrate,
forces applied to one ligand also deform its neighbours. Increasing klink
increases this effect on neighbours, modelling the increased mechanical
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Figure 4 | Myosin contractility regulates adhesion growth according
to model predictions. a, Using the myosin inhibitor blebbistatin at
concentrations of 5 μM or 15 μM progressively decreases contractility
in cells with collapsed adhesions (150 kPa substrate, 100-nm ligand
spacing); this should first bring adhesion length to its maximum, and
then decrease it again. b, Staining for phosphorylated paxillin in control
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ligand spacing. c, Corresponding quantification of adhesion length (mean
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independent experiments). d, Using calyculin A to increase contractility
in cells with maximum adhesions (30 kPa substrate; 100-nm spacing)
should decrease adhesion length. e, Staining for phosphorylated paxillin in
control and calyculin-A-treated cells on 30 kPa substrates with 100-nm
spacing. f, Corresponding quantification of adhesion length (mean of
at least three adhesions per cell from n = 15 cells per condition; two
independent experiments; two-tailed Student’s t-test). Scale bars represent
20 μm. **, P < 0.01; ***, P < 0.001. Error bars, mean ± s.e.m.

coupling between ligands that would result from reduced spacing.
Second, we imposed a maximum integrin recruitment, because integrin
clustering cannot grow indefinitely, but will be restricted by integrin
packing and by the physical size of focal adhesions, stress fibres, and
cells themselves.
We then used this model to evaluate the role of ligand spacing. As
the number of clutches is reduced and their spacing increases, the force
exerted by myosin is distributed among fewer clutches, increasing the
force loading on each individual clutch (Fig. 2b). This has no effect on
very soft substrates, where force loading remains too low to reach the
force threshold in any case, and adhesions do not grow. However, as
rigidity increases, clutches with higher spacing are more likely to reach
the force threshold, increasing integrin recruitment. Because these focal
adhesions grow more, they also reach their maximum recruitment at
a lower rigidity. At this point, the increased force loading caused by
increased rigidity can no longer be compensated by further integrin
recruitment, and the adhesion collapses. Thus, this framework can
explain the experimental differences. Accordingly, running the computational model with a base set of parameters (Extended Data Table 1)
and modifying only the number of ECM ligands (nl) and their coupling
(klink) correctly reproduces the effect of ligand spacing on focal adhesions (Fig. 2c). For 200-nm substrates, we note that the experimental
effects were even larger than the range that the model could predict.
To test this model further, we examined its predictions regarding
substrate–cell force transmission and actin flows. Our molecular-clutch
model11 predicts an initial increase in force transmission with rigidity,
then a plateau or even a slight decrease, and finally an increase until
adhesions and forces collapse. As ligand spacing decreases, the
plateau is shifted to lower rigidities, and lower forces. We verify these
predictions here by measuring them experimentally using traction
force microscopy at all rigidities except 150 kPa (for which cell-induced
gel displacements were too small to resolve). Although agreement with
experiments was not exact in all cases, running the model with the
same parameters used above correctly reproduced the trends and
relative differences of measured experimental tractions (Fig. 2d, e).
Regarding actin flows, the clutch model predicts that they should be
anti-correlated with forces24, because increased force transmission
impairs and slows myosin function. Indeed, measured actin flows did
show opposite trends to forces in response to both rigidity and ligand

spacing, and were correctly reproduced by the model using the same
parameters (Fig. 2f, g). Interestingly, actin flow measurements were
available for 150 kPa substrates, allowing us to visualize the regime
inducing adhesion collapse (for 100-nm spacing). As predicted by the
model, this collapse resulted in increased actin flows (Fig. 2f, g).
We then explored whether force loading regulated by a molecular
clutch could explain cell responses to not only overall ligand density,
but also ligand distribution. We used substrates with the same density
of nanodots and the same mean interparticle distance, but with a disordered rather than ordered quasi-hexagonal distribution (Extended Data
Fig. 6)8. Because of this spatial disorder, the model predicts that force
will be distributed less evenly among clutches (Fig. 3a). This would lead
some clutches to experience high loads, increasing the likelihood of surpassing the mechanosensing force threshold, favouring focal-adhesion
growth, and shifting focal adhesion collapse to lower rigidities.
We verified this prediction experimentally using substrates with 50-nm
spacing (Fig. 3b, c) and 100-nm spacing (Fig. 3f, g): in both cases, focaladhesion growth at intermediate rigidities was increased drastically,
and focal-adhesion collapse moved to lower rigidities. Of note, and
unlike with ordered patterns, disordering the pattern allowed us to
visualize focal adhesion collapse on 50-nm polyacrylamide substrates.
The effect of pattern disorder was successfully modelled by modifying only the parameter that represents ligand spacing (klink), to which
we assigned not a constant value for all ligands, but a distribution
of random values centred on a mean (Fig. 3c, g). In terms of force
transmission, the model predicts that, owing to the increased adhesion formation, disorder eliminates the plateau observed at intermediate rigidities, leading to a monotonic force increase with rigidity
up to focal-adhesion collapse. This was verified experimentally, and
was modelled successfully with the same parameters (Fig. 3d, e, h, i).
Notably, disordering the pattern on 100-nm substrates shifted the
onset of focal adhesion collapse to a rigidity low enough (30 kPa) to
measure force transmission. This allowed us to verify the prediction
that focal-adhesion collapse at high rigidities is also associated with a
decrease in force transmission (Fig. 3i).
Finally, we verified a fundamental hypothesis of the model: that
focal-adhesion collapse at high rigidities is due to excessive loading
of integrin–ECM bonds, which can no longer be compensated with
adhesion growth. This hypothesis leads to the counterintuitive
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prediction that in this ‘collapsed’ regime, decreasing force loading
(for instance by impairing myosin function) should lead to adhesion
growth. To confirm this, we seeded cells on rigid 150 kPa gels with
100-nm-spaced nanodots, thereby generating collapsed focal
adhesions. One hour after seeding, we treated cells with the myosin
inhibitor blebbistatin. As predicted, using a low concentration of blebbistatin (5 μM) resulted in focal-adhesion growth (Fig. 4a–c) compared
with the control condition—effectively putting cells in the intermediate
force-loading regime where focal-adhesion growth is favoured (Fig. 4a).
Also as expected, using a higher concentration of blebbistatin (15 μM)
reversed the effect, as force loading was disrupted enough to bring
cells to the low-rigidity regime where focal adhesions are also impaired
(Fig. 4a–c). Conversely, increasing myosin contractility using calyculin
A25 in cells with the largest adhesions (100-nm spacing, 30 kPa) brought
cells to the collapsed regime, decreasing adhesion length (Fig. 4d–f).
The field of cell–matrix adhesion is mature, and several studies have
addressed how adhesions are regulated by molecular interactions26–28
and physical signals10,20,29,30; there is wide consensus that cells respond
to increases in both rigidity and ligand density by promoting adhesion
growth3,4,10,11,31. Strikingly, we find here the opposite behaviour in
response to both factors. This behaviour is explained not by a distancesensing mechanism per se, but by regulation of molecular force loading,
within a predictive model that integrates the effects of rigidity, ligand
distribution, and contractility. The resulting cellular response includes
the surprising feature of adhesion collapse under high load, which
can explain previous findings on stiff substrates showing how ligand
molecular length regulates adhesion stability32, and how increasing
ligand spacing renders adhesions unstable7,19 and unable to sustain
large forces on integrins over time33. Our results provide a general
framework of how cells sense spatial and physical information at
the nanoscale, precisely tuning the range of conditions at which they
form adhesions and activate transcriptional regulation via YAP. This
mechanism might be harnessed by cells in the myriad of physiological
and pathological processes that are regulated by mechanical factors
and ECM characteristics.
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METHODS
Preparation of nanopatterned substrates on glass surfaces. Nanopatterned substrates were prepared as described3,4,7. Briefly, polystyrene(x)-b-poly(2vinylpyridine)(y) diblock copolymers (PolymerSource Inc.) and polystyrene
standard (Alfa Aesar) were dissolved in toluene and stirred for 24 hours at room
temperature. Different compositions were used to generate ordered and disordered
substrates with different spacing (Extended Data Table 2). HAuCL4t)20 (SigmaAldrich) was added to the micellar solutions with a specific loading parameter
defined as L = n[HAuCL4] / n[P2VP]. For disordered structures the micellar gold
solution was mixed with a polystyrene solution in a 1/1 ratio. 10 μl of the solution
were spin-coated (WS-400A-6NPP/Lite, Laurell Technologies Cooperation) onto
round coverglasses of 12 mm diameter, previously cleaned with piranha solution.
Samples were treated with oxygen plasma (TePla 100-E, 0.4 mbar, 150 W, 10 min)
to remove the polymer matrix.
Transfer of nanopatterns to polyacrylamide gels. Nanostructured glass surfaces
were activated with ultraviolet light for 30 min, incubated in 10 mM N,N′-bis(acryloyl)cystamine (Sigma-Aldrich) in ethanol in the dark for 1 hour, and washed
thoroughly with pure ethanol. Next, nanostructured surfaces were dried with
nitrogen. Polyacrylamide gels were prepared as described11. Briefly, glass-bottom
dishes were incubated with a solution of acetic acid, 3-(trimethoxysilyl)propyl
methacrylate (Sigma) and ethanol (1/1/14), and washed three times with 96%
ethanol. A solution containing 0.5% ammonium persulphate, 0.2% tetramethylethylenediamine (Sigma), and 2% fluorescent 200-nm red carboxylated nanobeads (Invitrogen) was mixed with different concentrations of acrylamide and
bis-acrylamide to make gels of different rigidities (see Extended Data Table 3).
10 μl of this solution were then placed in the centre of glass-bottom dishes and
covered with 12-mm nanostructured surfaces. After 20 min of gel polymerization,
hydrogels were soaked in phosphate-buffered saline (PBS) and incubated in the
oven for 72 hours at 37 °C, allowing them to swell. Hydrogels were then stabilized
at room temperature and the patterned glass surfaces were removed carefully
from the hydrogel. Hydrogels with nanopatterned nanodots were gently washed
with PBS and then incubated with 25 μM cRGD-thiol (cyclo [Arg–Gly–Asp]–dPhe–Lys(2-aminohexanoic acid–mercaptopropionic acid), PCS-31062-PI,
Peptides International) at room temperature for 4 hours. Afterwards, cRGDconjugated nanopatterned hydrogels were washed five times (for at least 10 min
each time) to remove unbound peptides before cell seeding. For GFOGER
experiments, after removing the glass surfaces, gels were incubated with 1 mM of
the hetero-bifunctional linker 11-mercaptoundecanoyl N-hydroxysuccinimide
ester (MU-NHS) (Prochimia) for 3 hours, then with 1 μM of GFOGER peptide
overnight. GFOGER-conjugated nanopatterned hydrogels were washed five times
(for at least 10 min each time) to remove unbound peptides before cell seeding.
Substrate characterization by scanning electron microscopy (SEM).
Nanostuctured surfaces were sputtered with carbon (low-vacuum coater EM
ACE200, Leica) and imaged by SEM (Leo1530, Zeiss) with an in-lens detector
and 5 kV acceleration voltage at working distances between 9 mm and 11 mm.
Polyacrylamide hydrogels with embedded gold nanodots were vitrified, mounted
in a liquid-nitrogen-cooled stage, and transferred to a freeze-fracture system
(EM BAF060, Leica). Samples were heated to −90 °C, kept in vacuum for 45 min
to sublimate the water at the interfaces, and coated with carbon. Samples were
further transferred to the cryo-SEM (Ultra 55 FE-SEM, Zeiss) by an evacuated
liquid-nitrogen-cooled shuttle (BAL-TECH VLC 100). Images were recorded at
low-temperature conditions (T = −130± 5 °C) and low acceleration voltages of
1–1.5 kV because of the low conductivity of the samples, with a working distance
of 3 mm. Resulting electron micrographs were analysed in ImageJ (National
Institutes of Health) by measuring the distances between a gold nanoparticle and
its k-nearest neighbours (k = 6 for ordered nanostructures; 4 < k < 8 for disordered
nanostructures) for at least 300 particles of two or more individual nanostructures
per condition.
Cell culture and reagents. Human breast myoepithelial immortalized cell lines
have been described previously11,34. We cultured them in Hams-F12 (Sigma,
N4888) media supplemented with 10% foetal bovine serum (FBS), 1% penicillin
streptomycin, hydrocortisone (1 μ g ml−1), epidermal growth factor (EGF;
10 ng ml−1) and insulin (5 μg ml−1). Human umbilical vein endothelial cells
(HUVECs) were purchased from Lonza (CC-2517) and cultured in endothelial growth medium-2 (EGM-2; Lonza CC-4176). Mouse embryonic fibroblasts
(MEFs) have been described35, and were cultured in Dulbecco’s modified eagle
medium (DMEM; LifeTechnologies, 41965-039) media supplemented with 10%
FBS and 1% penicillin streptomycin. Mammary epithelial cells (MCF 10A) were
purchased from ATCC and cultured in DMEM-F12 (LifeTechnologies, 21331020) with 5% horse serum, 1% penicillin streptomycin, EGF (20 ng ml−1), hydrocortisone (0.5 μg ml−1), cholera toxin (100 ng ml−1), and insulin (10 μg ml−1).
Myoepithelial cells were authenticated in their laboratory of origin through

expression of the proteins integrin β4, P-cadherin, cytokeratin 17, and desmoglein
3. Other cell lines (used only to verify the generality of our findings) were not
authenticated. For all experiments, cells were gently washed with PBS twice,
trypsinized, and resuspended in media without FBS. After centrifugation, cells
were seeded on hydrogels in media without FBS. To block α5β1 integrins, cells
were incubated with an anti-α5β1 antibody (30 μg ml−1, clone JBS5–MAB1969,
Millipore) for 30 min before seeding. Cell attachment was evaluated 1 hour after
seeding. For blebbistatin experiments, cells were treated with the indicated concentrations of blebbistatin (CalBiochem) for 30 min. For calyculin A experiments,
cells were treated with the indicated concentration (Merck Millipore) for 30 min.
All cells tested negative for mycoplasma contamination.
Traction force measurements. Traction force measurements were carried out
as described10,11. Briefly, cells seeded on gels were placed on an inverted microscope (Nikon Eclipse Ti). Single cells were tracked for 3 hours while we acquired
phase-contrast images of the cells and fluorescence images of the embedded nanobeads using a ×40 objective. Cells were then trypsinized, and an image of bead
position in the relaxed state of the gel was acquired. By comparing bead positions
with and without cells, a map of gel deformations caused by cells was first obtained
using custom particle-imaging-velocimetry software. Then, after assuming that gel
displacements were caused by forces exerted by cells in the cell–gel contact area,
we calculated the corresponding map of cell forces using a previously described
Fourier transform algorithm36. The average forces per unit area exerted by each
cell were then calculated. Force measurements for each cell were taken once per
hour during the measurement, and the average value for all time measurements
was used.
Rearward-flow measurements. To measure the rearward flow of actin filaments,
we transfected cells with LifeAct-GFP using a jetPRIME transfection kit (Polyplus
transfection) one day before measurements. Cells were then plated on gels of
varying rigidity, and imaged every second for 2 min with ×60 oil-immersion
objective (numerical aperture (NA) 1.40) with spinning-disc confocal microscopy
(Andor). For each cell, kymographs were obtained at the cell periphery, and actin
speed was measured from the slope of actin features observed in the kymographs.
In cells plated on 0.5 kPa gels, actin features were so diffuse that no reliable slopes
could be measured in kymographs.
Immunostaining and adhesion quantification. For fluorescence staining of cell–
substrate adhesions, cells were fixed with 4% paraformaldehyde, permeabilized
with 0.1% Triton X-100, and labelled first with primary antibody against either
phosphorylated paxillin (Cell Signaling 2541S, 1/50 dilution) or YAP (clone 63.7
produced in mice; Santa Cruz catalogue no. sc-101199, 1/200 dilution) for 1 hour
at room temperature, and then with anti-rabbit or anti-mouse Alexa-conjugated
secondary antibody (Invitrogen) for 1 hour at room temperature. Fluorescence
images were then acquired with a ×60 oil-immersion objective (NA 1.40) using
a Nikon Eclipse Ti microscope. To quantify adhesion lengths, we identified focal
adhesions manually and measured their length. To provide an alternative quantification unbiased by the identification of specific structures, we also quantified
the average intensity of phosphorylated-paxillin staining in regions at the cell
edge containing both adhesions and surrounding areas, as described11. Then, we
subtracted the background intensity value calculated from neighbouring cell areas
lacking adhesions. The measured trends as a function of both rigidity and ligand
density were the same in both quantifications. The degree of nuclear localization of
YAP was assessed by calculating the ratio of YAP fluorescence in the nuclear region
to YAP fluorescence in the immediately adjacent cytoplasmic region. Nuclear and
cytoplasmic regions were previously determined by co-staining the nucleus with
Hoechst 33342.
Measurements of gel rigidity. The rigidity (Young’s modulus) of polyacrylamide
gels was measured by atomic force microscopy as described37. Briefly, measurements were made with a custom-built atomic force microscope attached to an
inverted optical microscope (Nikon TE200). Silicon nitride pyramidal tips with an
effective half-angle θ of 20° and a nominal spring constant of k = 0.01–0.03 N m−1
were used (MLCT, Bruker). The actual spring constant was calibrated by thermal
tuning using the simple harmonic oscillator model38. The Young’s modulus was
measured by recording ten force-displacement curves with a peak-to-peak amplitude of 6 μm and a frequency of 1 Hz. Three points near the gel centre were selected
in each gel, separated 5 μm from each other. For each rigidity, six or more gels
produced in two batches were measured. To compute the Young’s modulus (E),
we fitted the Hertz model equation for pyramidal tips to the force-displacement
curves. The equation was fitted for an effective indentation of 1,000 nm for all
rigidities except 150 kPa, where 500 nm was used.
STORM imaging and distance assessment. To perform direct STORM
(dSTORM) imaging, we mounted immunostained cells on gels of different
rigidity on a 24 mm × 24 mm glass coverslip using Vectashield mounting medium
(H-1000). For image acquisitions, the samples were flipped and placed on the

© 2017 Macmillan Publishers Limited, part of Springer Nature. All rights reserved.

RESEARCH LETTER
microscope’s sample holder. This allowed the excitation light to pass through the
optically matched layer of Vectashield and to be focused on the focal adhesions
located at the interface between the cells and the gel substrate. F8811 spheres (Life
Technology) on the gel surface allowed for the correction of mechanical drift
during acquisition, while the mounting medium allowed for the photoswitching of
the fluorophores necessary to perform dSTORM. dSTORM images were acquired
using a Nikon N-STORM 4.0 system configured for total internal reflection
fluorescence (TIRF) imaging. Alexa647-labelled secondary antibodies were imaged
by means of a 647-nm laser (160 mW) while F8811 spheres were imaged using
a 488-nm laser (80 mW). No activation ultraviolet light was used. Fluorescence
was collected using a Nikon ×100, 1.49 NA oil-immersion objective and passed
through a quad-band pass dichroic filter (97335 Nikon). Images were acquired
onto a 128 × 128 pixel region (pixel size 0.16 μm) of a Hamamatsu ORCA–Flash
4.0 camera with an integration time of 5 ms. A total of 50,000 frames was acquired
for the 647 channel. Every one hundred imaging frames, one image of the 488
channel was acquired to perform drift correction. STORM images were analysed
with the STORM module of the NIS element Nikon software, which generates
a list of localizations by Gaussian fitting of blinking dyes in the acquired movie
of conventional microscopic images. To avoid overcounting, the software counts
blinkings detected in consecutive frames as single. For pattern analysis of focal
adhesions, the lists of localizations corresponding to focal-adhesion regions (size
about 2.5 μm) were imported and converted in binary images with a pixel size of
3 nm, using a custom Matlab script. Then, binary images were dilated, and clusters
identified. A threshold radius was set to discard single blinks not belonging to
the cluster. A first analysis of the patterns was then performed with a previously
developed Matlab script39,40 to calculate the pair-correlation functions of cluster
patterns up to distances of 900 nm from the identified clusters. Additionally, the
centroid of each cluster was identified and the distance of the nearest neighbour
was calculated with custom Matlab script.
Statistical analysis. Data reported throughout the manuscript are mean ± s.e.m.
Statistical analyses were done with two-tailed Student’s t-test when two cases were
compared, and with analysis of variance (ANOVA) tests when more cases were
analysed. If data did not meet normality criteria, equivalent non-parametric tests
were used. No statistical methods were used to predetermine sample size.
Implementation of the molecular-clutch model. Base model. The present
implementation of the molecular-clutch model is based on a model that has been
described in detail11, which was in turn based on previous implementations22–24.
Briefly, the model considers a given number of myosin molecules, nm, pulling
on an actin fibre, which in the absence of load contracts at a rearward speed vu.
The substrate is represented by a set of ligands nl (here, cRGD-functionalized
gold nanodots) connected to springs representing substrate elasticity. The actin
fibre binds to ligands dynamically through molecular clutches, which represent
a complex containing an adaptor protein and integrin. Those clutches have
characteristic on and off rates kont and koff. The off rate (in units of s−1) depends
on force as a catch bond, which we modelled according to reported experimental
values for the strength of fibronectin–α5β1 bonds41. kont (in units of μm2 s−1) is
the true on-rate for each ligand, which must be multiplied by the available density
of integrins (dint) to provide an effective on rate kon with units of s−1. The model is
implemented as a Monte Carlo stochastic simulation that starts with all clutches
disengaged and actin flowing freely. As the simulation progresses and clutches
engage, they pull on the substrate, loading force on the clutches and affecting koff. In
addition, force exerted by the substrate on actin slows the myosin motors linearly,
which are assumed to stall and stop completely at a force of nm × Fm, where Fm is
the stall force of an individual motor. To model mechanosensitive adhesion growth
(reinforcement), if individual clutches exceed a given force threshold, Fthreshold,
before disengaging, integrins are recruited. This is implemented by increasing dint
by a factor dadd. In previous work, we identified this mechanosensitive event as the
unfolding of talin10. The simulation is run for 100 s with time steps of 2 ms, and
run 20 times per condition to obtain average results.
Model expansion. To the model described previously and summarized above, we
added two main features to model the effect of substrate spacing and distribution.
First, we simply introduced a maximum value for dint (dint,max) to model the fact
that integrin recruitment has a physical limit. To calculate a parameter that is predictive of adhesion size, in simulations we multiplied dint by the fraction of bound
clutches. To compare this with experimental adhesion lengths, we scaled model
predictions for cells on 100-nm substrates as a function of rigidity to fall between
the maximum and minimum experimental values. All other conditions were scaled
by using the same 100-nm reference to retain the relative differences predicted by
the model. The second and most important new feature was an improvement of
the elastic characterization of the system. In our previous models, the substrate
was modelled simply as a set of ligands connected to each other with a rigid rod,
which was in turn connected to an elastic spring. Whereas this effectively modelled

substrate rigidity, deformation in all ligands was always the same; it did not allow us
to model the elastic coupling between ligands—that is, the fact that a force applied
to a ligand will deform neighbouring ligands to a lesser extent as the distance
increases. To introduce this, we modelled the substrate not as a single spring, but as
a network of springs, where each ligand had a spring connecting it to the substrate
(ksub) and one connecting it to neighbouring ligands (klink) (Fig. 2a). For each
ligand, its force, Fi, and displacement from rest position, xi, were then calculated as:

Fi = k subxi − k link(xi − xi− 1) + klink(xi+ 1 − xi)
At each time step, bound ligands were displaced by the amount of actin movement
during the step (providing a known xi), and unbound ligands were considered
to be under zero load (providing a known Fi). This led to a system with nl linear
equations and nl unknowns, corresponding to the forces of bound ligands and the
positions of unbound ligands. After resolving the system, the total force exerted
by all ligands was calculated. The degree of mechanical coupling between ligands
(modelled by klink) will depend on how forces are transmitted between nanobeads
both through the cell cytoplasm and through the polyacrylamide gels. Those
nanoscale parameters are essentially inaccessible experimentally and thus klink
values were merely adjusted to fit the data. Importantly, however, this approach
correctly reproduced the fact that local forces will induce decreasing deformations as distance increases. To take into account the fact that the overall rigidity
of the system depends on both ksub and klink, we used these values to calculate an
effective network constant, knet, corresponding to the spring constant obtained
when pulling on one ligand connected to the entire network. We calculated knet
as an iterative process as:

ki = k sub + ((klink)−1 + (k sub)−1)−1 for i = 2
ki = k sub + ((klink)−1 + (k i− 1)−1)−1 for 3 ≤ i ≤ nl /2–1
k net = k sub + 2((k link)−1 + (k n l / 2 − 1)−1)−1 for i = nl /2
The factor 2 in the last expression corresponds to considering the ligands both to
the right and to the left of the one being pulled. Although this calculation corresponds to the ligand at the centre of the system, we note that, with the parameters
used, knet quickly converged and was largely independent of either nl or ligand
position within the system. This knet was then used to calculate an equivalent
substrate Young’s modulus by assuming a characteristic adhesion radius, r0,
as described11,42. The same characteristic radius was used to convert the onedimensional model output of force into tractions (force per unit area).
Model parameters and prediction. All model parameters and their origins are
described in Extended Data Table 1. The same base set of parameters was used to
model all conditions, and the different conditions were modelled by modifying
only the relevant parameters in the relevant direction. Specifically, the effect of
increased ligand spacing was modelled by decreasing the number of clutches, nl,
and the coupling between ligands, klink. More precisely, both ksub and klink scaled
with rigidity, and to model ligand spacing we altered their ratio (klink/ksub). The
effect of disorder was modelled by introducing a different value of klink to each
clutch, rather than a constant value. Following the long-tailed distribution of
distances observed in Extended Data Fig. 4, we chose the values of klink to be
randomly distributed according to a Poisson distribution, with a peak corresponding
to the value used in the ordered simulations. Of note, using a Gaussian rather than
a Poisson distribution led to the same relative trends. Regarding model predictions, those concerning adhesion formation and the effect of ligand distribution
are discussed in the main text. However, an interesting point to add is that of
the two parameters modified in the simulations (nl and klink/ksub), nl is the one
responsible for shifting the optimal rigidity for adhesion formation, confirming
previous analyses22,23. By contrast, klink/ksub serves to modulate the height of the
peak. Predictions regarding rigidity and force/actin flow have been discussed
extensively10,11,24. Briefly, in the absence of adhesion reinforcement and recruitment, the molecular-clutch model predicts a biphasic force–rigidity relationship,
in which forces first increase and then decrease with rigidity. The introduction of
force-dependent reinforcement triggers adhesion growth and force increase above
a rigidity threshold, reverting the downward force trend predicted at high rigidities.
Depending on the specific threshold, reinforcement can eliminate the high-rigidity
downward trend completely if the threshold is low (leading to a monotonically
increasing force–rigidity curve), or only partially. In this case, the force–rigidity
curve first increases, then plateaus or even decreases slightly, and then increases
again because of reinforcement. We see both cases here: in ordered configurations
(Fig. 2), we see the plateau; in disordered configurations (Fig. 3), the threshold is
shifted to lower rigidities and we see a monotonic curve.
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Data availability and code availability. The data that support the findings of this
study, and the Matlab code used to generate the computational model, are available
from the corresponding author on reasonable request.
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Extended Data Figure 1 | Nanopattern swelling on gels. a, Scanning
electron micrograph of a quasi-hexagonal 100-nm ordered pattern on a
glass surface (from one of two independent experiments). b, Scanning
electron micrograph of a quasi-hexagonal 100-nm ordered pattern on a
polyacrylamide gel. c, Corresponding histograms showing the distribution
of distances between nanodots and their first-order neighbours on glass

and polyacrylamide substrates of rigidity 30 kPa (300 particles; two
independent experiments). d, Corresponding quantification of mean
distance between nanodots on polyacrylamide gels as a function of rigidity
(n = 300 particles per condition; two independent experiments). Scale bar,
200 nm.
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Extended Data Figure 2 | Cell binding to nanopatterned substrates is
specific to α5β1 integrins, cRGD, and nanodots. a, Images showing
breast myoepithelial cells plated on 30 kPa substrates with ligand spacing
of 50 nm, under conditions that either allow integrin-mediated cell
binding (cRGD + nanodots; top left) or do not (the remaining three

images). RGE is a peptide with low affinity for α5β1 integrin; abα5β1 is
an antibody that blocks α5β1 integrin. b, Corresponding quantification
of the percentage spread of cells (n = 30/30/30/22 fields of view; three
independent experiments). Scale bar, 100 μm; ***, P < 0.001. Error bars,
mean ± s.e.m.
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Extended Data Figure 3 | Further characterization of cell response
to rigidity and nanodot spacing. a, Quantification of the fluorescence
intensity of staining for phosphorylated paxillin (phospho-paxillin) at the
cell edge (two different regions per cell; n = 10/10/11, 10/10/11, 10/11/11,
10/10/11, 10/10/11, 10/10/11, 10/10/11, 10/10/11 cells on 50/100/200-nmspaced substrates and increasing rigidity; two independent experiments).
The effect of both ligand spacing and rigidity was significant (P < 0.05;
two-way ANOVA). Rather than measuring focal adhesions, this
complementary measurement integrates phospho-paxillin recruitment in
both adhesions and surrounding areas. The same trends were observed in
Fig. 1e. b, Cell-spreading area (n = 13/13/11, 11/16/11, 11/19/11, 16/13/11,
13/16/11, 13/14/11, 13/13/11 cells on 50/100/200-nm-spaced substrates

as rigidity increases; two independent experiments). Although nanodot
spacing did affect cell spreading, we note that, on the 50-nm- and 100-nmspaced substrates, the rigidities inducing adhesion formation and collapse
are not associated with changes in cell spreading. c, Examples of cells
transfected with GFP−paxillin, seeded on 30 kPa and 150 kPa substrates,
with nanodots spaced 50 nm and 100 nm apart. The right-hand images of
each pair correspond to rectangles marked in red in the left-hand image.
d, Corresponding quantification of focal-adhesion length (ten adhesions
per cell; n = 11/11, 10/10 cells for 50/100-nm-spaced substrates as rigidity
increases; two independent experiments) **, P < 0.005; ***, P < 0.001,
two-way ANOVA. Scale bar, 20 μm. Error bars, mean ± s.e.m.
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Extended Data Figure 4 | Effect of rigidity and nanodot spacing
on different cell types and ligands. a, Staining of phospho-paxillincontaining adhesions in myoepithelial cells, seeded on polyacrylamide
substrates of different rigidities or on glass, with either 50-nm- or 100-nmspaced nanodots coated with the collagen-mimicking GFOGER peptide.
Right-hand images are magnifications of the red rectangular regions in
the left-hand images. b, Corresponding quantification of focal-adhesion
length (mean of at least three adhesions per cell for n = 15 cells per

condition; two independent experiments). c–h, As for panels a and b, but
for different cell types (HUVECs, MEFs or MCF 10As) seeded on cRGDcoated nanodots. At least three focal adhesions were analysed per cell. For
50/100-nm-spaced substrates and increasing rigidity, n = 16/16, 16/15,
15/16, 15/15 cells (HUVECs), n = 15/15, 16/15, 15/15, 14/14 cells (MEFs),
and n = 15/15, 15/15, 15/15, 10/10 cells (MCF 10As); two independent
experiments. Scale bars, 20 μm. Error bars, mean ± s.e.m.
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Extended Data Figure 5 | Adhesion collapse is not associated with
changes in nanodot spacing between paxillin clusters. a, STORM
super-resolution images of phospho-paxillin stainings in cells seeded on
100-nm-spaced patterns on 30 kPa or 150 kPa gels. Left, overview images
of different focal adhesions; scale bar, 5 μm. Right, magnified images; scale
bar, 300 nm. White circles show examples of phospho-paxillin clusters.
Two independent experiments. b, Pair-correlation functions (g(r)) of

phospho-paxillin clusters as a function of distance in different adhesions
(marked with different colours). In all cases, a first peak is observed at
around 100 nm, indicating the periodicity of the cluster pattern.
c, Histogram showing the distances between neighbouring phosphopaxillin clusters (n = 409 and 197 clusters for 30 kPa and 150 kPa
substrates respectively; two independent experiments). No significant
differences were observed.
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Extended Data Figure 6 | Spatial distribution of ordered and disordered
nanopatterns. a, b, Scanning electron micrographs of ordered and
disordered nanopatterns on glass for average nanodot spacings of 50 nm (a)
and 100 nm (b). Two independent experiments. c, d, Histograms showing

the distribution of interparticle distances for ordered and disordered
patterns with spacings of 50 nm (c) and 100 nm (d) (n = 300 particles
for all the conditions measured in two independent experiments).
Scale bar, 100 nm.
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Extended Data Table 1 | Model parameters

Where indicated, data are from refs 10, 24, 41, 43–45.
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Extended Data Table 2 | Preparation details on micellar nanolithography

In disordered structures, * and † refer to micellar and polystyrene solutions, respectively.
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Extended Data Table 3 | Polyacrylamide gel rigidities measured by atomic force microscopy
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In the last years a broad number of studies have addressed how cells sense and respond to
matrix rigidity and ECM ligand density and distribution. However, the precise mechanisms
involved either in rigidity sensing or both rigidity and ligand sensing remain elusive.
To unveil that, we experimentally dissected the molecular clutch hypothesis. That
hypothesis was the most attractive explanation for cell sensing of both matrix rigidity
or/and ligand density of the ECM because as previously discussed (Chapter 1, section 3.1)
the other proposed mechanisms only took into account one of these physical aspects or
were unaffected by one of them.
First, the clutch hypothesis considered associations between adhesion plaques proteins
which was well recognized to occur in ECM-integrin mediated adhesions, as well as the
number of clutches involved for these associations, which is regulated for instance by ECM
density. Second, it also reflected the effects of substrate rigidity and third, it also considered
cellular intrinsic properties such as myosin contractility or actin flow velocity providing a
simple but reasonably comprehensive picture for ECM sensing.
In the first work of this thesis we proposed that integrin binding affinities could modulate
cell force generation and focal adhesion formation in response to matrix rigidity.
To prove that, we analyzed how breast myoepithelial cells behave in response to rigidity.
We used myoepithelial cells expressing a5β1 (Ctrl and healthy cells) and a5β1 and αvβ6
(Beta6 and malignant-like cells). It was already reported that tumorigenic scenarios have
altered integrin expression such as αvβ3, a6β4 or αvβ6 among others [80]. We found that
Ctrl cells showed an optimal peak of force at the rigidity which mimicked a healthy breast
tissue (1kPa) and a decrease in the malignant tissue-like rigidity, after that rigidity force
generation was recovered. Conversely Beta6 cells showed a monotonic increase in cell
forces.
Until this study, all the studies reported in the literature had shown a continuous growth in
cell forces as rigidity increased except one [128]. The mentioned study was a combination
of experimental and theoretical modelling based on a molecular clutch model. The
developed model took into account a dynamic number of clutches which bind and unbind
the ECM by binding and unbinding rates. These clutches were linked to a flowing actin
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filament which was contracted by means of the force exerted by a number of myosin
motors. When clutches remained engaged, it allowed cell force transmission to the
extracellular matrix. This model considered associations between proteins through binding
and unbinding rates which may account in our experimental conditions for different
integrin affinities. We first confirmed that α5β1 and αvβ6 showed different affinities for
fibronectin either using surface plasmon resonance or magnetic tweezers experiments.
Additionally, it also considered the number of involved proteins, which were modelled as
the number of clutches. However, the model did not define the specific molecular bond
responsible for the molecular clutch. Nonetheless, a recent study had shown that integrins
flowed in the same direction of the actin flow but at different velocities [78]. Indeed, that
suggested that the molecular clutch where the engagement and disengagement occur could
be the link between the ECM protein and integrins. To confirm that, we co-transfected cells
with actin and α5- integrins. We found that integrins flowed in the same direction as actin
flow but at lower speeds. The lower velocities could be due to integrin conformational
changes after unbinding fibronectin, which would inactivate or reduce integrin affinity to
adaptor proteins. That would result in integrin detachment from adaptors proteins and
therefore actin because they do not bind directly.
However, only taking these considerations was not enough because force generation in Ctrl
cells did not show a biphasic relationship instead, it showed three different regimes. We
observed that the third regime of force recovering was accompanied by a growth in the
focal adhesion size which was associated to a reinforcement of the focal adhesion, and it
was not considered within the model. We modelled that as a force-sensitive
mechanotransduction event by defining a force threshold. When any clutch surpassed the
force threshold, more integrins were recruited into the system allowing a force cell recovery
and focal adhesion growth, leading to the third regime of increased forces.
Just by changing the binding affinities of the different integrins our model recapitulated cell
force generation, speed of the actin flow and integrin recruitment for both Ctrl cells and
Beta6 cells, confirming the molecular clutch hypothesis.
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But still, how was this mechanotransduction event regulated? What molecule or molecules
were involved on this force threshold? To unveil that question we focused on the adaptor
protein talin which led to the second work of this thesis.
Talin had been previously shown to be a mechanosensitive protein. Good evidence is that
upon force application, talin is unfolded exposing cryptic sites for vinculin binding which
promotes strengthening of the focal adhesion [87]. Additional single molecule studies
showed that vinculin binding to talin prevents talin unfolding [88, 89]. Therefore, could
talin regulate this mechanotransduction event in response to rigidity?
As a main finding, we found that talin unfolding was required for a mechanotransduction
event which resulted in focal adhesion growth and efficient cell force generation at high
rigidities. We explained these results via a molecular clutch in which we modelled talin
unfolding and refolding upon force.
First, we seeded mouse embryonic fibroblast on hydrogels of varied rigidity. In the
presence of talin, cellular forces showed a monotonic increase. Conversely, when talin was
depleted we obtained the classical biphasic relationship of cell forces as rigidity increases
predicted by the molecular clutch model. Additionally, unlike wild-type cells, talin depleted
cells did not form focal adhesions at high rigidities indicating the lack of a
mechanotransduction event. Thus, we proved that talin was indispensable for focal
adhesion formation and efficient cell force generation above a rigidity threshold. Moreover,
we analyzed the localization of the mechanosensitive transcriptional regulator YAP which
had been extensively reported to translocate to the nucleus after a mechanotransduction
event [18, 191]. Indeed, we observed a clear correlation between YAP nuclear localization
in the wild-type MEF above the rigidity threshold where focal adhesion formed, whereas a
cytosolic localization on knocked down talin MEF along all rigidities.
We then measured and compared unbinding times of fibronectin-integrins bonds with talin
unfolding upon force. That comparison brought in that below a force threshold integrins
unbind faster than talin unfolding occur. Conversely, above this threshold unfolding of talin
occurred before integrins disengage, therefore mediating a mechanotransduction event. We
then expanded our previous molecular clutch to consider talin unfolding and refolding.
Basically, the unbinding and unfolding times were determined. If the unfolding time was
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shorter than unbinding time, vinculin binds to talin preventing refolding. If vinculin binds,
more talin-integrin clutches were added resulting in focal adhesion reinforcement.
With that new incorporation into the model, we explained force and actin flow
measurements in both wild-type and knocked down talin cells. We showed that above a
force threshold, talin unfolding mediated a mechanotransduction event. Because increasing
substrate rigidities also increase the force transmitted to the clutch before it disengages, the
force threshold for talin unfolding was also associated with a corresponding rigidity
threshold, triggering focal adhesion growth and nuclear YAP.
To further confirm that talin unfolding mediated this mechanotransduction event, we use
Talin-mutants which only bound either integrins or actin, all experiments led us to conclude
that full length talin was required for focal adhesion formation and growth, cell force
generation and nuclear localization of YAP. Additionally, we developed a mutant talin
with increased mechanical stability, therefore unfolding at higher forces. As expected, that
resulted in moving the rigidity threshold for talin unfolding at higher rigidities.
Interestingly, we used a dominant-negative vinculin mutant which impaired vinculin
function and does not bind to talin. We did observe the same results as talin depleted-cells,
concluding

that vinculin

is

required

to

bind

unfolded

talin

and

induce

a

mechanotransduction event as previously described.
Finally, we then conducted a series of experiments perturbing myosin contractility, integrin
function, and ligand density, which were in good agreement with model predictions
validating that all these parameters affect talin unfolding and therefore talin-mediated
mechanotransduction events.
While the previous works addressed how cells respond to substrate rigidity and ligand
density, the usage of hydrogels coated with ECM ligand via NHS crosslinker made difficult
to decouple the effects of each feature. These is due to several reasons, first as rigidity
increases, the compaction of the hydrogel increases leading to changes in ligand density
and second and more difficult to control, even if the ligand density is the same and
homogeneous, are all the ECM molecules equally exposed for cellular binding?
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To overcome that and be able to decouple both features, we developed a new setup by
combining polyacrylamide hydrogels with block copolymer nanolithography. Block
copolymer nanolithography copolymer allows the creation of an array of nanodots of 810nm with different distributions and nanometric separation between them. These arrays
were produced on glass surfaces and transferred to the hydrogels. The nanodots on the
surface of the hydrogel were coated with a bio-mimetic ECM molecule. Due to the small
size of the nanodot only one integrin bound to one of them, therefore controlling the
distance between bound integrins.
As previously discussed, experiments on stiff nanopatterned substrates (glass) had shown
that bound integrins closer than 60-70nm favored focal adhesion formation, whereas when
they were far apart focal adhesion did not form, leading to believe that could exist an
adaptor protein which crosslinks integrins such as α-actinin or talin acting as a “molecular
ruler”. However, if this molecular ruler existed it was not proven and if so, how this
mechanism of ligand sensing was regulated by rigidity remained unknown.
In the third work of this thesis and using the mentioned setup, we found that force loading
instead of a distance measuring mechanism explains focal adhesion formation and collapse
in response ligand density and substrate rigidity.
First, we seeded breast myoepithelial cells on substrates with controlled rigidity and ligand
density. At very high rigidities (150kPa) we showed that focal adhesion length decreases as
ligand spacing increases. Interestingly, at intermediate rigidities we found the opposite
effect showing that focal adhesions were more prone to grow as spacing increased,
therefore showing an increase in focal adhesion length at intermediate rigidities and
collapse at high rigidities. Additionally, increasing the spacing between nanodots moved
the threshold for focal adhesion formation, growth and collapse to lower rigidities. It is
worth to mention that few studies had shown the impact of YAP localization in response to
ligand cell sensing. Interestingly, we found YAP nuclear localization correlated with focal
adhesion formation and growth, and more cytosolic presence was found when focal
adhesions collapsed. That could be in agreement with [192, 193], where increasing or
reducing the strength of the integrin-RGD ligand promoted or reduced nuclear localization
of YAP due to stimulation or reduction of cell tractions, respectively. These results were
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obtained on substrates of 50, 100 and 200nm ordered distributed nanodots, therefore
surpassing the distance threshold proposed in previous studies. On top of that, experiments
carried out on glass surfaces with our cells showed a potential molecular ruler between 30
and 50nm. That was inconsistent with the molecular ruler hypothesis, therefore we asked if
focal adhesion formation, growth and collapsed could be explained via a force mechanism.
We then expanded our previous molecular clutch model first by introducing the separation
between ligands, which we modelled as a mechanical link between ligands. As ligands
were closer the coupling increases. Second, by defining that a maximum integrin density
can be added into the system due to a mechanotransduction event. That accounts for the
fact that the focal adhesion can grow up to some size.
With these two new ingredients, the elementary prediction of the model relied on the idea
that decreasing ligand density (and thereby increasing the separation between ligands) leads
to an increase in force loading in individual clutches because the total force exerted by
myosin is distributed among fewer clutches. That resulted in surpassing more often the
mechanotransduction force threshold defined in the model, giving a more rapid growth of
focal adhesions. If this is the case, the maximum integrin density was reached before, and
the collapse occurred at lower rigidities due to excessive force loading. Indeed, our model
recapitulated well our experimental results of focal adhesion formation, growth and
collapsed in response to rigidity. We further confirmed the molecular clutch model by
examining cell force generation and the speed of the actin flow, which negatively correlated
as predicted by the molecular clutch hypothesis.
We further conducted experiment on disordered patterns, while keeping the same ligand
density and mean interparticle distance. That pattern distribution allowed us to have ligands
more isolated than the quasi-hexagonal pattern. The model prediction indicated that isolated
clutches would be submitted to higher force triggering the mechanotransduction event at
lower rigidities and therefore the focal adhesion collapse. We confirmed that prediction
experimentally both in 50 and 100nm substrates.
Finally, we validated that the collapse of the adhesion was due to an excessive force
loading. To do that, we perturbed myosin contractility. Decreasing or increasing myosin
motor functions reduced or increased the overall force exerted by the myosin motors,
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respectively. Reducing the overall force in collapsed focal adhesions, decreased force
loading in individual clutches resulting in a recovery of focal adhesion length. Conversely,
increasing force loading in the condition of largest adhesions promoted higher force loading
leading to a collapse of the focal adhesions.

Altogether these works show the impact of matrix rigidity, ligand density and ligand
distribution in cell response. It shows the importance of how differential integrin expression
can modulate cell force generation and focal adhesion formation in response to rigidity. In
addition, it establishes direct evidence for a rigidity threshold for efficient cell force
generation and focal adhesion growth, which is mediated by talin unfolding, and can be
tuned by factors such as myosin contractility, integrin function and the ligand density of the
extracellular matrix proteins. In addition, using a very controlled setup allowed us to
decouple substrate and ligand density effects. We demonstrated that cells respond to both
stimuli regulating focal adhesion formation and collapse via force loading of the ECMintegrin link instead of previously proposed mechanisms. We explained all these results by
using different versions of molecular clutch models, which we expanded to introduce the
relevant features of our experimental conditions. While these findings contribute to a better
understanding of cell sensing, it still can be more deeply analyzed in different scenarios
which resemble more physiological environments, such as 3D environments or viscoelastic
substrates. From a molecular perspective, the precise role and mechanosensing potential of
several ECM molecules, integrins and adaptor proteins remains to be explored.

147

Chapter 5: Conclusions

148

1. Cells expressing α5β1 (Myo Ctrl) showed a force regime containing three phases as
rigidity increased. Conversely cells expressing α5β1 and αvβ6 (Myo β6) showed a
monotonic increase of force with rigidity. (aim 1.1)
2. Measurement of binding and unbinding rates of integrins to fibronectin showed a higher
binding and unbinding rate for αvβ6 integrin compared to α5β1 integrin. (aim 1.2)
3. A theoretical clutch model which considered the different integrin populations, their
binding dynamics to fibronectin, and the strengthening and growth of integrin-ECM
adhesions, captured the experimental observations. (aim 1.3)
4. Talin wild-type cells showed a monotonic increase in cell tractions as rigidity increased.
Talin-depleted cells showed a biphasic relationship, with a reduction in cell forces as
rigidity increased above a certain threshold (aim 2.1)
5. It was found that talin unfolds above a force and rigidity threshold, which coincided with
an increase in cellular forces, focal adhesion growth, and nuclear YAP localization. (aim
2.1)
6. An expanded molecular clutch model which considered both integrin binding kinetics
and talin unfolding and refolding captured the experimental observations. (2.2)
7. A technique to control substrate rigidity and ligand density and distribution was
developed. (aim 3.1)
8. Using this technique, we found that at lower rigidities focal adhesions do not form. At
intermediate rigidities focal adhesions increase in length and at high rigidities focal
adhesions collapse. (aim 3.2)
9. As spacing between ligands increased, the rigidity threshold for focal adhesion formation
and collapse moved to lower rigidities. Therefore, an optimal range for focal adhesion
growth was found, which depended on ligand spacing. (aim 3.2)
10. The mechanosensitive transcriptional regulator YAP exhibited sensitivity to ligand
spacing, showing nuclear localization when focal adhesion grew and more cytosolic
presence when no focal adhesions were present. (aim 3.2)
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11. A molecular clutch model considering the spacing between ligands was developed. (aim
3.4)
12. Measurements of cell tractions and speed of the actin flow confirmed the molecular
clutch hypothesis, allowing to rule out previous mechanisms of cell ligand sensing. (aim
3.3)
13. Changing the distribution of the ligands while keeping the same mean spacing
drastically increased focal adhesion size and moved the collapse threshold to lower
rigidities. (3.1 and 3.2)
14. Focal adhesion collapse was due to excessive force loading in molecular clutches (aim
3.2)
15. Increasing or decreasing contractility moved the threshold for adhesion collapse to
lower or higher rigidities, respectively. (aim 3.2)
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1. Protocol for hydrogel preparation and NHS functionalization
The protocol presented herein includes the steps for creating polyacrylamide gels with
varied rigidity and the subsequent functionalization with NHS for protein conjugation. This
protocol is based on, Lakins, J.N., A.R. Chin, and V.M. Weaver, Exploring the link
between human embryonic stem cell organization and fate using tension-calibrated
extracellular matrix functionalized polyacrylamide gels. Methods Mol Biol, 2012. 916: p.
317-50. Compared to the previous protocol used in the laboratory, this method does not
incorporate the acrylic acid NHS through the entire hydrogel. Instead, the acrylic acid NHS
is incorporated on the surface of the gel by means of crosslinking it with bis-acrylamide
under exposure of UV light.
This protocol presents several advantages compared to the previous one and other
crosslinkers such as Sulfo-Sanpah. First, changing the amount of the used reagents for
ligand functionalization does not modify the rigidity of the hydrogel properties. Second,
this protocol provides a higher protein adsorption. Third, the used reagents for ligand
functionalization can be easily tuned to reduce or increase the protein conjugation which
may be needed in some applications.
1.1 Hydrogel preparation
a. Add the PBS 1x (no need of being sterile) corresponding to get a final volume of
500µl (including acrylamide, bis-acrylamide, beads, APS and TEMED)
b. Add acrylamide (40%) and bis-acrylamide (2%) according to the recipes.
Afterwards, vortex the solution.
c. Make a short spin (few seconds is enough). This is done because the amount of APS
and TEMED are calculated with respect of the final volume. (drops in the lid of the
tube can introduce variability)
d. Degas the tube solution and the APS tube between 5-10 min. Oxygen prevents
and/or affects polymerization, being less effective. After degassing, do not vortex
anymore.
e. Add the corresponding amount of 200nm beads (Invitrogen). The amount will
change depending on the used magnification in your experiments. (40x – 10µl, 60x
– 16µl) (Note 3)
f. Add 2.5µl of 10% APS (A3678, Sigma). Aliquots are at -20oC freezer and can be
reused.
g. Add 0.25µl of TEMED (T9281, Sigma). Pipette up and down 2-3 times to
homogenize the mix. (Note 4)

152

h. Place 10µl drop on the surface where the gel will be attached. This volume is for
12mm coverslip and will change depending the coverslip area. Gels are typically
70-100µm.
i. Let the gel polymerize 1 hour.
j. After polymerization is complete, remove coverslip for subsequent
functionalization. Keep the gels with liquid, do not let them to dry. (Note 5)
1.2 Ligand functionalization
a.
b.
c.
d.
e.
f.

g.
h.
i.
j.
k.
l.
m.
n.
o.

Wash twice with PBS to remove impurities.
Prepare a new tube by adding 50µl of Hepes 0.5M.
Add 430µl of MilliQ water.
Add 5µl of Bis-acrylamide at 0.2%. (Bis-acrylamide 2% should be diluted in
milliQ, 1:10)
Add 5µl of Irgacure 2959 (Note 6)
* Optional: Add 3µl of di(Trimethylolpropane) tetra-acrylate (Note 7) at 0.2%
(Dissolved in pure ethanol) See: Przybyla, L., et al., Monitoring developmental
force distributions in reconstituted embryonic epithelia. Methods, 2016. 94: p. 10113
Aspirate PBS of the gels.
Add 10µl of Acrylic-acid NHS in the mix (A8060, Sigma). Stock is at 10mg/ml in
DMSO at -20oC. (Note 8)
Pipette up and down 2-3 times and placed a drop of 70ul on the surface of a 12mm
gel.
Expose under UV lamp (XX-15, UVP) 365nm wavelength for 5min.
Wash once with Hepes 0.25M PH 6.0 (5 min) (Note 9)
Wash twice with PBS 1x (5 min) (Note 10)
Incubate overnight the ECM protein at 4oC, use as a default a concentration of
10ug/ml. (Note 11)
Prior to cell seeding wash the gels 3x in the shaker (5 min each washed)
Sterilize hydrogels under UV lamp or hood.

Note 1: There is an alternative formulation for the activation which consists of 20 µl of 3(Trimethoxysilyl) propyl methacrylate, 200µl of acetic acid, 1780µl of milliQ water and
ethanol 96% until a final volume of 10ml.
Note 2: When using microscope slides (for immunostainings), let the activation mix at least
1-2 hours. It can be noticed that the activation did not work well because the
polyacrylamide drops spreads.
Note 3: Changing the volume of beads, should be compensated with PBS to have always
the 500ul volume. It has been shown that the number of beads influences the rigidity of the
gels because they interact with the polyacrylamide mesh. However, slight changes are not
significant.
Note 4: TEMED has a color appearance clear to faint yellow. When it becomes yellow it
losses efficacy.
153

Note 5: At this point, gels can be kept at 4oC for a few days (1 week approximately). I do
suggest preparing the gels the same day of functionalization.
Note 6: There are a lot of types of Irgacure, they show different properties which can
influence the functionalization. In the laboratory, we use 2959 diluted at 5% in 70%
ethanol. Aliquots are stored at -20oC wrapped up with parafilm.
Note 7: Di(Trimethylolpropane) tetra-acrylate increases the protein adsorption on the gel.
And the protein coating is more homogenous, preventing clumps of the protein. This
reagent is suitable when high amount of protein is needed.
Note 8: Do not vortex Acrylic-acid NHS for dissolving. Do not filter after dissolving. At 20oC can last for few months.
Note 9: To avoid NHS hydrolyzation PH of the Hepes should be close to 6.
Note 10: These washes are to raise the PH, normally leading to a more efficient conjugation
of the protein.
Note 11: The acrylic-acid NHS crosslinker have been used to conjugate Matrigel, collagen,
vitronectin, fibronectin, and laminin. This protocol is very versatile and depending on the
cell line you may need to increase the amount of acrylic-acid NHS (increases potential
binding sites for protein conjugation), UV exposure time (increases potential binding sites
for protein conjugation) or/and protein concentration.
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2. Protocol for hydrogel decorated with nanodots
The protocol presented herein includes the steps for creating polyacrylamide gels with
different rigidities and controlled ligand density and distribution. Compared to substrates
functionalized with crosslinkers such as NHS or Sulfo-Sanpah, these substrates allow to
precisely control the amount of the conjugated protein just by changing the distance
between nanodots. Additionally, it ensures the exposure of the binding sites for cellular
attachment, which may be buried and not accessible for cells when using crosslinkers.
1.1 Conjugated Au-dots for co-polymerization with the hydrogel
a. Place coverglasses with Au-dots 20 min under UV lamp (XX-15, UVP). (Note 1)
b. Prepare a solution of pure ethanol and bis-acryloyl at 10mM – 2.6mg/ml (44132,
Alfa Aesar). Bis-acryloyl should be at room temperature for dissolving properly.
Incubate Au-dots nanopattern glasses overnight at room temperature avoiding light
exposure.
c. Wash with pure ethanol at least 5 times, one of them overnight.
d. Dry coverglasses and place them on a clean surface.
1.2 Activate glasses for hydrogel attachment.
a. Prepare a solution with 3-(Trimethoxysilyl) propyl methacrylate (M6514, Sigma),
acetic acid (A6283, Sigma), and 96% ethanol with ratios of 1:1:14. (freshly
prepared). (Note 2)
b. Place it on the glass where the gel will be attached. You just need to cover the glass
surface; no big drop is needed)
c. Wait for at least 10 min. (Note 3)
d. Rinse 3x with ethanol 96%.
e. Let it dry 5-10 min in the workbench.
1.3 Protocol for nanopatterned hydrogels.
a. Add the PBS 1x (no need of being sterile) corresponding to get a final volume of
500µl (including acrylamide, bis-acrylamide, beads, APS and TEMED)
b. Add acrylamide (40%) and bis-acrylamide (2%) according to the recipes.
Afterwards, vortex the solution.
c. Make a short spin (few seconds is enough). This is done because the amount of APS
and TEMED are calculated in respect the final volume. (drops in the lid of the
Eppendorf can introduce variability)
d. Degas the tube solution and the APS tube between 5-10 min. Oxygen prevents
and/or affects polymerization, being less effective. After degassing, do not vortex
anymore.

155

e. Add the corresponding amount of 200nm beads (Invitrogen). The amount will
change depending on the used magnification in your experiments. (40x – 10µl, 60x
– 16µl) (Note 4)
f. Add 2.5µl of 10% APS (A3678, Sigma). Aliquots are at -20 oC freezer and can be
reused.
g. Add 1µl of TEMED (T9281, Sigma). Pipette up and down 2-3 times to homogenize
the mix. (Note 5)
h. Place 10µl drop on the surface where the gel will be attached. This volume is for
12mm coverslip and will change depending the coverslip area. Gels are typically
70-100µm. Put the coverglass with Au-dots nanopatterns on it. (Coverslip should be
put the other way around, where the nanodots are.)
i. Let the gel polymerize 20min.
j. Fill the wells with PBS 1x. (1.5ml for 12 well-plate, 2.5 for 6 well-plate).
Following, let the gels in the oven at 37 oC for 72h (Note 6)
k. Take out the gels from the oven and put them 1 hour in the fridge at 4oC.
l. Take out the gels from the fridge and let them to stabilize at room temperature in the
bench. (30-60min) (Note 7)
m. Remove the coverslip.
n. Wash the gels 3 times with PBS.
o. Prepare a 25µM solution of cRGD (PCS-31062-PI, Peptides international) for
conjugation with the Au-dots. (Avoid repeating freezing and thawing, stock is at
1mM). Put a drop of 50ul per gel and incubate for 4 hours at room temperature.
(Note 8)
p. Prior to cell seeding, gently wash the substrates at least 3 times.
q. Sterilize hydrogels under UV lamp or hood.

Note 1: This is done to remove impurities in the Au-dots nanopattern. The coverglasses
have a number written in it (it can be seen against the light). The Au-dots are in the part
where the number can be read it, you should place them in that position.
Note 2: There is an alternative formulation for the activation which consists of 20 µl of 3(Trimethoxysilyl) propyl methacrylate, 200µl of acetic acid, 1780µl of milliQ water and
ethanol 96% until a final volume of 10ml.
Note 3: When using microscope slides (for immunostainings), let the activation mix at least
1-2 hours. It can be noticed that the activation did not work well because the
polyacrylamide drops spreads.
Note 4: Changing the volume of beads, should be compensated with PBS to have always
the 500ul volume. It has been shown that the number of beads influences the rigidity of the
gels because they interact with the polyacrylamide mesh. However, slight changes are not
significant.
Note 5: TEMED has a color appearance clear to faint yellow. When it becomes yellow it
losses efficacy. Additionally, compared to the current protocols in the laboratory, more
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TEMED is added because increases the pore size of the gel. This increases the swelling of
the hydrogel which helps to transfer the Au-dots nanopattern into the gel. With this volume,
hydrogels polymerize very fast.
Note 6: It is preferably to use an oven rather than incubator where there are no cells to
avoid contamination, gels can be sterilized although.
Note 7: Nanodots are already detached from the glass after the 72h of oven; however
gel contracts at room temperature. Doing this contraction process before removing
coverslip, constraints the gel in the upper side, ensuring that the nanodots will be in
surface. If the coverslip is removed before contraction, the nanodots can be buried into
gel.

the
the
the
the

Note 8: The actual name of the peptide is [Arg-Gly-Asp-D-Phe-Lys (AhxMercaptopropionic Acid)], consists of a linker of “Ahx-Mercaptopropionic Acid” which is
around 2.6nm and the domain Arg-Gly-Asp-D-Phe-Lys for cell attachement.
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3. Protocol for hydrogels on gold surfaces
This protocol was created for attaching hydrogels on a gold surface. It was developed to use
in a collaborative work with the group of “Nanoscale bioelectrical characterization”.
1.1 Attaching hydrogels on gold surfaces
1. Prepare a solution of pure ethanol and bis-acryloyl at 10mM – 2.6mg/ml (44132,
Alfa Aesar). Bis-acryloyl should be at room temperature for dissolving properly.
Incubate gold surfaces overnight at room temperature and avoiding light exposure.
2. Rinse at least 5 times with pure ethanol.
1.2 Protocol for hydrogel preparation
a. Add the MilliQ (no need of being sterile) corresponding to get a final volume of
500µl (including acrylamide, bis-acrylamide, beads, APS and TEMED)
b. Add acrylamide (40%) and bis-acrylamide (2%) according to the recipes.
Afterwards, vortex the solution.
c. Make a short spin (few seconds is enough). This is done because the amount of APS
and TEMED are calculated with respect of the final volume. (drops in the lid of the
tube can introduce variability)
d. Degas the tube solution and the APS tube between 5-10 min. Oxygen prevents
and/or affects polymerization, being less effective. After degassing, do not vortex
anymore.
e. Add 100µl of Au-nanoparticles.
f. Add 2.5µl of 10% APS (A3678, Sigma). Aliquots are at -20oC freezer and can be
reused.
g. Add 0.25µl of TEMED (T9281, Sigma). Pipette up and down 2-3 times to
homogenize the mix. (Note 1)
h. Place 5µl drop on the surface where the gel will be attached. This volume is for
10mm coverslip and will change depending the coverslip area.
i. Let the gel polymerize 1 hour. (Note 2)
j. After polymerization is complete, remove coverslip for subsequent
functionalization. Use always milliQ water.
k. Keep the gels with liquid; do not let them to dry.
Note 1: TEMED has a color appearance clear to faint yellow. When it becomes yellow it
losses efficacy. Additionally, compared to the current protocols in the laboratory, more
TEMED is added because increases the pore size of the gel. This increases the swelling of
the hydrogel which helps to transfer the Au-dots nanopattern into the gel. With this volume,
hydrogels polymerize very fast.
Note 2: Polymerize the gel upside down. This is for getting as much as Au-particles near
the surface of the gel.
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Note 3: PBS crystalizes, which is not appropriate for the measurements conducted with this
sample that is why MilliQ is used along the entire process.
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